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An aggregation-induced conformation
locking strategy facilitates the activation of
lipase biocatalyst

Anlian Huang1, Zhi-Wei Li 1,2, Lihong Guo1, Ningyi Zhong1, Linjing Tong1,
Yanbin Xu3, Xiaomin Ma4, Fang Zhu1, Guosheng Chen 1,2 ,
Siming Huang 3 & Gangfeng Ouyang 1,2

Lipase represents one of the most important industrial biocatalysts, with a
global market value of $590.5 million by 2020. However, their catalytic effi-
ciency is often hindered by a closed “lid” conformation. Here, we present an
aggregation-induced conformation locking strategy that enables the facile
synthesis of highly activated lipase hybrid biocatalysts. Lipase is self-activated
into an open-lid conformation via solvent-mediated aggregation, followed by
conformational locking within a two-dimensional metal-organic framework
(MOF). The resultingMOF biocatalyst provides high accessibility to the locked
lipase aggregates through its long-range ordered pore channels, achieving a
hydrolytic efficiency 5.30 times greater than that of native lipase. To thebest of
our knowledge, this represents a record-high activation efficiency for ester
hydrolysis among the reported lipase-based hybrid biocatalysts to date. We
also demonstrate its feasibility to catalytically accelerate transesterification
and esterification reactions, showing up to as 6.64 times higher yield than
native lipase and impressive recyclability.

Biocatalysis represents a green and sustainable synthetic technology
that facilitates the catalytic conversion of high-value chemical
products1. Lipase is a class of hydrolases enabling the catalytical clea-
vage of ester bonds under environment-friendly condition2, with a
global market worth $590.5 million by 20203. Due to the merits of low
cost and thermal stability, lipase holds enormous potential in impor-
tant industrial fields including food processing, environmental reme-
diation, organic synthesis, and the production of biofuels and
pharmaceuticals, etc. 4–6. The thermal stability of lipase is superior to
other fragile enzymes, largely owing to their unique “lid” conforma-
tion, in which the active center, composed of a Ser-His-Asp catalytic
triad, is embeddedwithin a hydrophobic pocket covered by amovable
α-helical “lid”7–9. This lid, to a certain degree, shields the catalytic

center against environmental stressors, but also restricts access to the
active site, leading to reduced catalytic activity10. Addressing the trade-
off between stability and activity in lipase catalysis is thus of critical
importance.

Leveraging nanocarriers to immobilize lipase is an ideal means to
circumvent this predicament11–13, when taking these into account: (1)
nanocarriers can set an “armor” to stabilize the global conformation of
an enzyme14,15; (2) the interfacial interactions between enzyme and
nanomaterials offer the possibility to modulate the lid into a fit-for-
purpose conformation16,17. For example, Ge et al. immobilized lipase on
the surface of graphene and showcased the feasibility to modulate
lipase’s conformation bymeans of themolecular interactions between
lipase and graphene16. Nevertheless, surface-immobilized lipases are
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prone to leaching, and their catalytic stability is often compromised as
large portions of the enzyme remain exposed to the external envir-
onment. To address this, the researchers, including our group, have
pursued the engineering of nanopores based on reticular chemistry,
allowing the entrapment, rather than, the surface immobilization of an
enzyme17,18. When lipase is confined in such a nanopore, the specific
host-guest interactions, also known as interfacial activation, can
mediate the trapped lipase into a lid-opening conformation19,20.
Despite the promise of this nanopore strategy, several challenges
remain: (1) the geometry and chemistry of the nanopores must be
precisely tailored to accommodate the bulky lipase, complicating the
synthetic steps, and (2) the orientation of the lipase within the nano-
pore is unpredictable, making interfacial activation a trial-and-error
process, which can result in suboptimal efficiency.

Given the structural dynamics of an enzyme, an alternative strat-
egy involves the activation of the enzyme conformation prior to
immobilization, facilitating the directional design of functional bio-
catalysts. For instance, Rathod et al. demonstrated that lipase con-
formation couldbe regulated by ultrasound treatment.When followed
by encapsulation in a microporous metal-organic framework (zeolite
imidazole framework, ZIF-8), the resulting lipase biocatalyst exhibited
155% of the activity of the native enzyme21. Similarly, ultrasound pre-
activation has been used to synthesize metalloenzymes within ZIF-8,
showing considerable activity enhancement compared to counter-
parts without ultrasound activation22. Despite these advancements,
enzyme activation highly relies on the precise optimization of ultra-
sound parameters, including intensity, work/pause cycles, and dura-
tion. In addition, the ZIF-8 nanocarriers has narrow pore aperture
(3.4 Å)23, limiting the mass transfer and therefore compromising the
efficacy of this approach.

In this contribution, we describe an aggregation-induced con-
formation locking (ACL) strategy based on a two-dimensional (2D)
metal-organic framework (MOF), enabling the facile synthesis of highly
activated lipase biocatalyst (Fig. 1). We discover that the lipase can be
converted into a self-activated, lid-opening conformation by aggre-
gation in polar organic solvents. A 2D-MOF with long-range ordered
pore channels (ca. 1.90 nmwidth) is developed to encapsulate the self-
activated lipase aggregates in situ, achieving the rapid locking of the
catalytically favorable conformation inside the quasi-mesoporous 2D-
MOF. This ACL method well circumvents the limitations of compli-
cated pore design and unpredictable activation behavior that existed
in theprevious nanoporemethods. In addition, the long-rangeordered
pore channels in this 2D-MOF can bridge the gap between inside lipase
aggregates and outside catalytic substrates, conferring the lipase
hybrid biocatalyst high reactivity, which is 5.30 times higher than
native lipase. This hybrid biocatalyst is utilized to catalytically accel-
erate the important industrial reactions involving transesterification
and esterification, presenting much higher performances than native
lipase in terms of catalytic rate, yield, and recyclability.

Results
The self-activation of lipase by aggregation
Lipase from Thermomyces lanuginosus (Lipase TL) is a commercially
available enzyme extensively utilized in industries such as food pro-
cessing, environmental remediation, organic synthesis, and the pro-
duction of biofuels and pharmaceuticals, owing to its cost-
effectiveness4,6,24. In addition, the unequivocable “lid”-covered cataly-
tic center has been well resolved by single crystal X-ray diffraction25.
This not only contributes to its high thermal stability but also facilitates
a better understanding of the relationship between lid conformation
and catalytic activity. Therefore, Lipase TL was selected as the model
enzyme in this study.

In this ACL strategy, it entails the pre-activation of Lipase TL prior
to the conformational locking by a 2D-MOF. It is well acceptable that
polar organic solvents can disturb the hydration layer of a protein,

leading to protein aggregates. This organic solvent-induced aggrega-
tion behavior, in general, will cause the unfavorable conformation and
decrease an enzyme’s activity26,27. In the case of lipase of which the
catalytic center is covered by a flexible hydrophobic lid chain10, we
envision that the intermolecular interactions by aggregation may
move the hydrophobic lid in Lipase TL, resulting in an activated, rather
than, devitalized conformation. With this in mind, we monitored the
aggregation behavior and activity change of Lipase TL incubated in
water solution with varied polar organic solvents including dimethyl
sulfoxide (DMSO), N,N-dimethylformamide (DMF), methanol, n-pro-
panol, and isopropanol. All organic solvent contents in water solution
were covered from 2.44 to 80% (v/v). The theoretical dipole moments
of these organic solvent molecules were calculated28 and summarized
in Supplementary Table 1, with the polarity order of DMSO>DMF >
methanol > isopropanol > n-propanol. The apparent phenomena of
Lipase TL ultrasonically dispersed in different solutions were recorded
in Supplementary Figs. 1–5, and the turbidity of the solution was syn-
chronously monitored to examine the aggregation behavior (Fig. 2a).
For highly polar DMSO and DMF, Lipase TL could be completely dis-
solved (Supplementary Figs. 1, 2), also well evidenced by the high
transmittance in Fig. 2a. This was caused by the high solvation of
surface polar amino acid of Lipase TL. However, in the low polar
organic solvents of methanol, n-propanol, and isopropanol, the
aggregation of Lipase TL gradually occurred when increasing the
organic solvent contents, attributing to the hydration shell dis-
turbance of Lipase TL by these organic solvents29,30. Of note, when
further utilizing lower polar organic solvents such as toluene and
cyclohexane (Supplementary Table 1), the stratification of the mixture
solution appeared, in which Lipase TL completely dissolved in the
water phase (Supplementary Fig. 6).

Using p-Nitrophenyl butyrate (p-NPB) as the substrate, we found
that the hydrolytic activity of LipaseTL significantly decreased in DMF-
and DMSO-involved solutions, and Lipase TL completely lost its
activity in thehighDMF/DMSOcontent of 80% (v/v) (Fig. 2b).However,
in high content of n-propanol and isopropanol solutions where Lipase
TL aggregates arose, the self-activated biocatalysis behaviors were
observed. Particularly, the hydrolytic activities of Lipase TL aggregate
in 80% (v/v) n-propanol and isopropanol solutions were 8.27 times and
5.51 times higher than the native Lipase TL. Considering that the cat-
alytic assay was conducted in a 50mM buffer solution, dynamic light
scattering (DLS) analysis was performed to confirm that the Lipase TL
remained aggregated under these conditions (Supplementary Fig. 7).
At the same time, we verified that the organic solvents themselves
could not impact the activity test (Supplementary Fig. 8), indicating
that the biocatalytic activation was a consequence of Lipase TL
aggregation. Of specific note, although the Lipase TL aggregation also
appeared in high content of methanol solution (Fig. 2a and Supple-
mentary Fig. 3), no self-activation phenomenon was found (Fig. 2b).
This may be caused by the fact that methanol with relatively high
polarity will change the global conformation of an enzyme through
destroying the intramolecular hydrogen-bond networks31.

Further insight into the molecular interaction was surveyed by
Fourier transform infrared spectroscopy (FT-IR). The amide I band at
1600–1700 cm−1 of an enzyme, mainly ascribing to the C=O stretching
vibration of the amido bonds, is sensitive to the conformation
change32,33. It was found that, in all aggregated Lipase TL samples, the
C=O stretching vibrations were shifted to high wavenumber (Supple-
mentary Fig. 9). This could be interpreted by the structural restriction
of peptide chains after molecular aggregation, which necessitated a
higher radiation energy to induce the bond vibration. To ascertain that
the self-activation was associated with the lid-opening conformation
after aggregation, we carried out the fluorescence experiments. The
fluorescent tryptophan-89 (Trp89) is located on the lid chain of
lipase34, responsible for 60% of the emission fluorescence of a lipase
molecule (Fig. 2d)35. We found that the emission wavelengths were
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red-shifted in the Lipase TL samples well dispersed in DMF and DMSO
solutions (Fig. 2c), suggesting a strong solvation of lid region through
polar interactions36,37. This solvation effect would decrease the acces-
sibility of buried active center of Lipase TL, leading to an activity
reduction as we observed in Fig. 2b. As a comparison, the opposite
blue shifts of emission wavelengths were observed in all aggregated
samples (Fig. 2c), indicating that the lid chain has undergone a dif-
ferent conformation change in the aggregated form38.

To get a glimpse of the conformation change in aggregated Lipase
TL, we performed the molecular dynamics (MD) simulation experi-
ment (The detailed simulation setup was provided in the Supplemen-
tary Information). In the presence of n-propanol solvent, the strong
electrostatic and van der Waals intermolecular interactions of Lipase
TL and between Lipase TL and n-propanol resulted in the formation of
Lipase TL aggregates (Supplementary Figs. 10, 11 and Supplementary
Tables 2, 3). As depicted in Fig. 2d, the intermolecular hydrogen-bond
interactions in the simulated aggregates led to the structural dis-
turbance of the lid chain (highlighted in orange, and the n-propanol
molecules were omitted for clarity), rendering the buried Trp89

fluorophore exposed. This was well supported by the fluorescence
shift in Fig. 2c. Figure 2e presented the structural changes of the lid
chain covered on the “Ser-His-Asp” catalytic triad. It found that the lid
chain was changed from a closed conformation to an open one, with
the pocket enlarged from 3.62 to 7.13 Å, indicating that the accessi-
bility of the catalytic triad was greatly enhanced in the aggregated
LipaseTL. These simulations andexperimental data demonstrated that
the Lipase TL could be activated readily by an organic solvent-induced
aggregation strategy.

Developing in situ 2D-MOF approach for enzyme encapsulation
3D microporous zeolite imidazole frameworks (ZIF-839, ZIF-9040, MAF-
741, and MAF-642, etc.), to date, are mainstream MOF biocatalysts sui-
table for in situ enzyme encapsulation. However, the locked enzyme
usually suffers from compromised activity because of the narrow
micropores that inhibit mass transfer. From a structural view,
the 2D-MOFs with straight and large pore channels are an ideal
platform for encapsulating enzymes and consequently locking its
conformation, as their structural advantages of pore channels for mass

Fig. 1 | The principle for lipase activation. The schematic representation of lipase activation based on nanopore interfacial activation approach (previous works17,19) and
the proposed aggregation-induced conformation locking strategy (this work).
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transfer. Metal-2,3,6,7,10,11-Triphenylenehexol coordination polymers
(M-HHTP,M representsmetal ions) are classes of 2D-MOFs family43, and
their synthesis procedures mainly comprise solvothermal method44,
spray layer-by-layer liquid-phase epitaxial method45, and phase trans-
formation method46, etc. which are either enzyme-unfriendly or
involved complicated steps. Herein, we developed a mild and con-
venient synthesismethod forM-HHTP coordination polymers (M=Zn2+

and Cu2+ ions, detailed procedures seen in Supporting Information),
enabling the rapid encapsulation and locking of enzymes in a mild
pathway (Fig. 3a). Upon adding an HHTP-dissolved ethanol aqueous
solution into a metal salts aqueous solution at pH=10, numerous pre-
cipitates were produced instantaneously. Note that the ethanol con-
centration used in the reaction system (12.5% (v/v)) had a minimal
impact on the Lipase TL conformation and activity (Supplementary

Fig. 2 | Self-activation of lipase by aggregation in organic solvents. The trans-
mittance (a) and the relatively catalytic activity (b) of Lipase TL in different content
of organic solvents. p-Nitrophenyl butyrate (p-NPB) was used as the ester substrate
for the activity assay. Error bars = standard deviation (SD); Data were presented as
mean values ± SD (n = 3; n presents the sample size used to derive statistics). Source
data are provided as a Source Data file. c Fluorescence spectra of 80% (v/v) organic
solvents-induced Lipase TL aggregate dispersed in buffer solution (1mg/mL).
Excitation at 280nm. d The simulated Lipase TL aggregate in n-propanol solution.

For clarity, the n-propanol molecules were omitted. In the Lipase TL molecule, the
peptide chain of the lidwas highlighted in orange, while the tryptophanfluorescent
was highlighted in yellow. The original Lipase TL structure is available in the Protein
Data Bank under the accession number PDB 1DT3. e The snapshot of the lid domain
structures of the native Lipase TL and the aggregated Lipase TL based on MD
simulation. In the Ser-His-Asp catalytic triad, the red, gray, andblue represented the
O, C, and N atoms, respectively.
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Fig. 12). Additionally, the concentrations of Zn2+/Cu2+ and HHTP ligand
used exhibited limited effects on the catalytic activity of Lipase TL
(Supplementary Fig. 13). The optimal pH for the reaction system was
found to be 10 (Supplementary Fig. 14) for the following reasons: (1) a
weak alkaline environment is required for the deprotonation of the
HHTP ligand, which facilitates the formation of Zn–O coordination

bonds during nucleation; (2) a strongly alkaline environment accel-
erates the reaction, promoting the formation of a dynamically favorable
amorphous phase, which, in turn, reduces crystallinity. The powder
X-ray diffraction (PXRD) (Fig. 3b and Supplementary Fig. 15) and scan-
ning electronmicroscopy (SEM) (Supplementary Fig. 16) suggested that
the highly crystalline and rod-like Zn-HHTP and Cu-HHTP were formed,
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and the PXRD patterns were well in line with the simulatedmodels with
slipped AA packing47,48 (Supplementary Fig. 17). In addition, the low-
dose cryo-EM clearly identified the abundant (110) and (002) lattice
planes throughout these two samples, implying that the long-range
ordered pore channels (ca. 1.90 nm width) were formed by layer-by-
layer packing (Supplementary Figs. 18, 19).

The feasibility and advantage of these M-HHTP crystalline poly-
mers for in situ Lipase TL encapsulation were then verified. The Lipase
TL loading efficiency was examined by a standard Bradford assay, in
which the Lipase TL concentrations in the supernatant before and after
encapsulation were quantified. Almost 100% Lipase TL was encapsu-
lated within these twoM-HHTP (Supplementary Table 4), with a Lipase
TL loading of 30.77wt% and 28.57wt% in resulting Lipase TL@Zn-
HHTP and Lipase TL@Cu-HHTP (Supplementary Table 4), surpassing
the reported approaches using the nanocarriers involving other MOFs
and covalent organic frameworks (COFs), etc. (Supplementary
Table 5). At the same time, the Lipase TL fluorescence labelingmethod
also evidenced this high loading efficiency (Supplementary Fig. 20). In
this experiment, the Lipase TL was labeled by a red fluorescence dye
(rhodamine isothiocyanate B, Rhb) prior to the M-HHTP encapsula-
tion, and the fluorescence in the supernatant disappeared after
encapsulation, suggesting the complete encapsulation of lipase inside
M-HHTP. Structural insights from confocal laser scanning microscope
(CLSM) imaging revealed that red fluorescence overlapped with the
Zn-HHTPorCu-HHTPcrystals, in contrast to the control sample, where
LipaseTLwas adsorbedonto the as-synthesizedMOFparticles (termed
as Lipase TL-on-Zn-HHTP or Lipase TL-on-Cu-HHTP), thereby con-
firming the successful encapsulation of Lipase TL (Supplementary
Figs. 21–24). Additionally, X-ray energy dispersive spectroscopy (EDS)
mapping showed that theN and S elements, attributed to the LipaseTL
molecules, were uniformly distributed within the M-HHTP samples,
further supporting the incorporation of Lipase TL (Supplementary
Figs. 25, 26). The structural examinationby PXRDandSEMshowed that
the crystalline phase andmorphology of Lipase TL@M-HHTPwere not
changed after Lipase TL encapsulation (Fig. 3b and Supplementary
Figs. 15, 27). N2 adsorption/desorption isotherms showed that both the
Brunauer–Emmett–Teller (BET) surface area and nonlocal density
functional theory (NLDFT) pore size distribution ofM-HHTPdecreased
after Lipase TL entrapment (Supplementary Fig. 28). This suggested
that the Lipase TL was indeed confined inside the M-HHTP, leading to
the reduction in N2 adsorption and pore volume. Further insight into
the cryo-EM images certified that the straight pore channels were well
retained after Lipase TL encapsulation (Fig. 3c and Supplementary
Fig. 29), with a honeycomb-like pore window of 1.9 nm width (Fig. 3c),
which favored the mass transfer for enzymatic reaction under con-
finement (vide infra).

We next demonstrated the biocatalytic advantages of this
M-HHTP approach. At the same time, the Lipase TL-encapsulated ZIF-8
(Lipase TL@ZIF-8), a more widely explored lipase-MOF biocatalyst42,
was also synthesized as a control (Supplementary Figs. 30, 31 and
Supplementary Table 4). Owing to the larger pore channels set up in
M-HHTP (Fig. 3d), Lipase TL@M-HHTP presented 2.29 to 2.83-fold
catalytic rates for the hydrolysis of p-NPB compared to LipaseTL@ZIF-
8 under the same amount of Lipase TL (Fig. 3e and Supplementary
Fig. 32). To further elucidate that the activity promotion was not an
accidental phenomenon only observed in Lipase TL catalysis, we also
encapsulated other enzymes including glucose oxidase (GOx), horse-
radish peroxidase (HRP) and Cutinase into M-HHTP and ZIF-8,
respectively (Supplementary Figs. 33–35), and their catalytic perfor-
mances were compared under the same conditions. The MOF mate-
rials themselves presented negligible catalytic activity (Supplementary
Fig. 36). All the catalytic substrates including glucose
(10.06 × 6.63 × 6.14 Å, for GOx), 2,2’-azinobis-(3-ethylbenzthiazoline-6-
sulfonate (ABTS, 19.36 × 10.19 × 5.26Å, for HRP), and p-NPB
(11.53 × 7.69 × 6.68 Å, for Cutinase) could freely pass through the

straight channel of M-HHTP (Supplementary Fig. 37). Yet, they were
too large to pass through the crystallographic pore window of ZIF-8
(ca. 3.4 Å aperture, Fig. 3d). As a result, the catalytic activities of all
Enzyme@ZIF-8 were significantly inhibited compared to the native
enzymes (Fig. 3e and Supplementary Fig. 32). Of note, the Enzyme@-
ZIF-8 biocatalyst presented partial activity, rather than being com-
pletely inactive, because (1) the defect pores were usually formed in
this ZIF-8 biohybrid material49, which offered the possibility for the
entrance of large-sized substrates; and (2) partial enzymes were likely
located on the surface domain of ZIF-850, which were accessible by the
large-sized substrates in the solution phase. As a comparison, owing to
the large and straight pore channels set up inM-HHTP, all the catalytic
activities of Enzyme@M-HHTP were increased compared to those of
Enzyme@ZIF-8. Particularly, Enzyme@Zn-HHTP still held the best
catalytic power, all of which were close to the activity of native
enzymes. This was plausibly benefited by the higher biocompatibility
of Zn2+ compared to Cu2+ 51. Furthermore, the crystallinity of the Zn-
HHTP biocatalysts was well preserved across a pH range of 3 to 11,
indicating their excellent chemical stability (Supplementary Fig. 38).
These findings demonstrated that this 2D-MOF approach rendered the
encapsulated enzyme highly accessible, laying a foundation for acti-
vating lipase through locking their aggregated conformation.

Locking the self-activated lipase aggregates in 2D Zn-HHTP
Having demonstrated the structural advantages of 2D Zn-HHTP for
enzyme encapsulation, we next attempted to lock the aggregated
conformation of Lipase TL (Lipase TL aggregates denoted as LA
thereinafter) in this 2D-MOF through in situ encapsulation (Fig. 4a).
After mixing LA, formed in an 80% (v/v) organic solvent solution,
with a Zn2+ aqueous solution at pH 10, numerous precipitates were
generated upon the rapid addition of the HHTP solution (termed as
LA-n-prop@Zn-HHTP and LA-isoprop@Zn-HHTP). Dynamic light
scattering (DLS) measurements confirmed that LA remained aggre-
gated in the Zn2+ aqueous solution (Supplementary Fig. 39). The
aggregated Lipase TL conformation in both Zn2+ and ligand solutions
was further confirmed by fluorescence and FT-IR spectra (Supple-
mentary Fig. 40). The PXRD and SEM imaging attested the high
crystallinity of both the LA-n-prop@Zn-HHTP and LA-isoprop@Zn-
HHTP (Supplementary Fig. 41), and the appearance of amide I band in
the FT-IR spectra indicated the successful encapsulation of lipase
molecules (Supplementary Fig. 42).

To validate that the locked Lipase TL was in an aggregated con-
formation, a small-angle X-ray scattering (SAXS) experiment was
implemented (Supplementary Fig. 43a and Supplementary Table 6).
The SAXS spectrum of the locked Lipase TL was acquired by a nor-
malization subtraction approach52 (Supplementary Fig. 43b). The pair
distance distribution function (PDDF) analysis described that the
radius of gyration (Rg) of locked aggregated Lipase TL was approxi-
mately69.4 Å (i.e. 13.9 nmdiameter, Fig. 4b),whichwas slightly smaller
than the hydrated particle size (21.67 nm) of Lipase TL aggregate
before encapsulation, which was examined by DLS (Supplementary
Fig. 39). This discrepancy can be attributed to the hydration layer,
which contributes to the larger particle size observed in the DLS
measurement. Considering that an individual Lipase TLmolecule is ca.
38 Å × 44Å × 53Å with a Rg of ca. 20 Å, the much larger Rg value sug-
gested the aggregated conformation of Lipase TL locked inside
Zn-HHTP.

The biocatalytic performances of the LA@Zn-HHTP were then
evaluated. LA-n-prop@Zn-HHTP and LA-isoprop@Zn-HHTP presented
4.64 times and 3.86 times higher catalytic rates than the native Lipase
TL (Supplementary Fig. 44). We further investigated the catalytic rates
as a function of substrate concentrations and fitted the data with
Michaelis–Menten model to acquire the kinetic parameters (Fig. 4c),
wherein p-NPB was selected as the ester substrate and its hydrolytic
product of p-nitrophenol was quantified by a standard curve
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(Supplementary Fig. 45). Themaximal catalytic rates (Vm) of both LA-n-
prop@Zn-HHTP, and LA-isoprop@Zn-HHTP were significantly
improved compared to native Lipase TL. While the Michaelis constant
(Km), which reflects the substrate-binding ability of the active site, was
found to be reduced in both LA-n-prop@Zn-HHTP and LA-iso-
prop@Zn-HHTP (Supplementary Table 7). The lower Km value sug-
gested a higher substrate-binding capacity, and this furthermanifested
that the Lipase TL aggregates locked inside Zn-HHTP still presented a
lid-opening conformation. Additionally, the catalytic efficiencies,
estimated by the kcat /Km value, were found to be 5.30 times and 3.63
times higher in LA-n-prop@Zn-HHTP and LA-isoprop@Zn-HHTP than
that in native Lipase TL, with LA-n-prop@Zn-HHTP hold the highest
catalytic efficiency. Note that LA-n-prop@Zn-HHTP presented the
highest activation efficiency in terms of catalytic rate enhancement
for ester hydrolysis (compared to native Lipase TL) among the
reported lipase hybrid biocatalyst (Fig. 4d and Supplementary
Table 8). Importantly, the activated catalytic ability based on this

2D-MOF-locking approach could be well maintained in water solution
after 1 month (Fig. 4e). Particularly, the activity of native Lipase TL
dropped to 73%, while LA-n-prop@Zn-HHTP and LA-isoprop@Zn-
HHTP still retained the activities of 247%, 260% as native Lipase TL,
respectively. We also demonstrated that this aggregation-induced
conformation-locking approach is adaptable to activate other lipase
species, including Lipase from Pseudomonas cepacia (Lipase PS) and
Lipase from Candida rugosa (Lipase CRL) (details provided in Sup-
plementary Figs. 46–48). It was worth noting that a similar aggregate
locking procedure using ZIF-8 could not result in an activation of
Lipase TL catalysis (Supplementary Figs. 49, 50), ascribed to the nar-
row pore structure of ZIF-8 inhibiting the mass transfer (Fig. 3d).

To further validate that the activated biocatalysis was indeed
originated from the locking of aggregated conformation by Zn-
HHTP, a series of control experiments were then conducted. Firstly,
we encapsulated the water-dispersive Lipase TL into Zn-HHTP in situ
and incubated this Lipase TL@Zn-HHTP materials in different

Fig. 4 | Catalytic activity enhancement by conformation locking using 2D Zn-
HHTP. a Schematic diagram of the conformation locking of self-activated
Lipase TL aggregates using the M-HHTP encapsulation method.
b Representative PDDFs for LA-n-prop in LA-n-prop@Zn-HHTP. The q-range is
shown from 0.03 to 0.10 Å−1. Reg. constant is 2.4e10. Inset presents the esti-
mated particle size of MOF-locked LA-n-prop. c The p-NBP concentration-
dependent catalytic rates of Lipase TL, LA-n-prop @Zn-HHTP and LA-iso-
prop@Zn-HHTP, respectively. Error bars = standard deviation (SD); Data were
presented as mean values ± SD (n = 3; n presents the sample size used to derive
statistics). Comparison of the activation efficiency in terms of catalytic rate

enhancement for ester hydrolysis between LA-n-prop@Zn-HHTP and other
reported lipase hybrid biocatalysts. e The stability test. f Schematic diagram of
loading discrete Lipase TL into the NU-1003 pore. In NU-1003, the light blue,
light pink, and rose red presented C atom, O atom, and Zr atom, respectively.
Error bars = standard deviation (SD); Data were presented as mean values ± SD
(n = 3; n presents the sample size used to derive statistics). g The catalytic
activity of the as-synthesized Lipase TL-NU-1003 sample and the samples after
incubating in organic solvents for 1 h. Error bars = standard deviation (SD); Data
were presented as mean values ± SD (n = 3; n presents the sample size used to
derive statistics). Source data are provided as a Source Data file.

Article https://doi.org/10.1038/s41467-025-59824-w

Nature Communications |         (2025) 16:4660 7

www.nature.com/naturecommunications


organic solvents, the molecule sizes of which were smaller than the
pore channels of Zn-HHTP (Supplementary Fig. 51a). We found that
the post treatment step by organic solvents could not induce an
activity enhancement, excluding the potential interference by
organic solvents (Supplementary Fig. 51b). Secondly, we prepared a
NU-1003 MOF53, the pore channel (ca. 4.4 nm) of which allowed the
accommodation of individual Lipase TL molecules but not of Lipase
TL aggregates (Fig. 4f). Lipase TL was loaded into the pore channels
of as-synthesized NU-1003 through an infiltration method, with a
loading estimated to be 308.4mg Lipase TL per 1 g NU-1003 (Sup-
plementary Figs. 52–55 and Supplementary Table 4). The Lipase
TL@NU-1003 biocatalyst only retained ca. 40% activity of pristine
Lipase TL and incubating it with organic solvents such as n-propanol
or isopropanol also could not lead to a distinct activity change
(Fig. 4g and Supplementary Fig. 56). These control experiment
excluded the possibility that the catalytic activation was originated
from the post treatment of organic solvent. Collectively, it could be
concluded that the biocatalytic activation in LA@Zn-HHTP was
attributed to the locking of the aggregated conformation of
Lipase TL.

We evaluated the structural stability of the LA-n-prop@Zn-HHTP
biocatalyst under conditions relevant to industrial applications,
including aqueous solutions with pH values ranging from 3 to 11, as
well as various common organic solvents (methanol, acetonitrile, n-
propanol, isopropanol, DMF, acetone, tetrahydrofuran (THF), and 1,4-
dioxane). The results demonstrated that the MOF biocatalyst retained
its structural integrity after 30min of incubation in these aqueous
solutions or organic solvents, as confirmed by PXRD analyses (Sup-
plementary Figs. 57, 58). Furthermore, following exposure to these
challenging conditions, the LA-n-prop@Zn-HHTP biocatalyst exhib-
ited significantly higher catalytic activity compared tonative LipaseTL,
by a factor of 2.25- to 4.99-fold (Supplementary Fig. 59). Additionally,
while aggregated Lipase TL is generally more sensitive to heat due to
the exposure of its catalytic center, our MOF-locking strategy effec-
tively protected the aggregated Lipase TL from thermal inactivation
(Supplementary Fig. 60).

High-value ester synthesis by activated transesterification and
esterification reaction
Aromatic esters and alkyl esters are important industrial chemicals,
which are extensively used in diesel fuel, agrochemical, and
pharmaceutical54,55. Transesterification represents one of the most
important industrial reactions for high-value ester synthesis56. We next
examined the feasibility of LA@Zn-HHTP as the heterogeneous cata-
lyst for catalytically accelerating transesterification reactions. As a
proof-of-concept, benzyl alcohol was chosen as the alcohol while vinyl
acetate was selected as the acyl donor for transesterification (Fig. 5a).
In this experiment, 1.6mg of native Lipase TL or a certain amount of
LA-n-prop@Zn-HHTP with 1.6mg Lipase TL loading was dispersed in
1,4-dioxane solution involving 200mM benzyl alcohol and 1M vinyl
acetate, respectively. The product of benzyl acetate wasmonitored by
1H nuclear magnetic resonance spectra (NMR). The double peak at
δ = 4.69 ppm was assigned to the proton adjacent to the hydroxyl
group of the reactant of benzyl alcohol (Supplementary Fig. 61), while
the single peak at δ = 5.11 ppm belonged to the proton adjacent to the
hydroxyl group of the product of benzyl acetate. Therefore, quanti-
fying the signal changes of these twoNMRpeaks allowedus to evaluate
the kinetics of the transesterification reaction. The time-dependent
consumption of benzyl alcohol and generation of benzyl acetate were
described in Fig. 5b, c, and the obtained transesterification kinetics
were depicted in Fig. 5d. LA-n-prop@Zn-HHTP showed a higher cata-
lytic rate for transesterification and reached over 80% yield after 8 h.
While the yield was only 28% using native Lipase TL as a catalyst at the
same time, suggesting a ca. 2.56 times higher yield using LA-n-
prop@Zn-HHTP heterogeneous catalyst (Supplementary Fig. 62). Of

note, such accelerated transesterification was also observed in other
reactions using a series of benzyl alcohol derivatives including
4-ethylbenzyl alcohol, 4-isopropylbenzyl alcohol, 4-tert-butylbenzyl
alcohol, 4-fluorobenzyl alcohol, and 4-chlorobenzyl alcohol as the
reactants,with a 2.21 to6.64 times enhancementon catalytic yield after
8 h (Fig. 5e and Supplementary Fig. 63).

Enzymatic esterification was another essential strategy for the
large-scale synthesis of esters in the chemical industry57. We also
investigated the esterification performance using our LA-n-
prop@Zn-HHTP heterogeneous catalyst, wherein oleic acid and the
aliphatic alcohol with varied chain lengths (n = 5, 10, 18, n repre-
sented the C atom numbers of the aliphatic chain) were chosen as the
reactants (Fig. 6a). The catalytic conversion was evaluated by mon-
itoring ester formation via 1H NMR spectroscopy58. Taking the
esterification reaction between oleic acid and n-decanol (n = 10) as a
representative example, the triplet peak observed at δ = 2.37 ppm
was assigned to the protons adjacent to the carboxyl group of oleic
acid (Supplementary Fig. 64). Upon ester formation, this peak shifted
up-field to δ = 2.31 ppm, corresponding to the generation of decyl
oleate (Fig. 6b and Supplementary Fig. 65). Time-dependent inte-
gration of these two peak areas allowed us to estimate the conver-
sion and it revealed a high ester yield of 94.15% after 24 h using the
LA-n-prop@Zn-HHTP heterogeneous catalyst (Fig. 6c), surpassing
most of the reported lipase biocatalyst (Supplementary Table 9).
While the ester yield was only 23.42% using the native Lipase TL
catalyst. Additionally, this heterogeneous biocatalysis conferred
the esterification reaction with desirable recyclability, and 85.00 %
yield was retained after five cycles (Fig. 6d and Supplemen-
tary Fig. 66).

To further clarify the generalizability of our LA-n-prop@Zn-HHTP
heterogeneous catalyst for promoting esterification, the aliphatic
alcohol substrate was extended from n-decanol to shorter chain ali-
phatic alcohol of pentanol (n = 5) and to longer chain aliphatic alcohol
of oleanol (n = 18). The ester yieldswere90.30 and90.02%byusing LA-
n-prop@Zn-HHTP heterogeneous catalyst after 24h, while the native
Lipase TL only presented 21.76 and 17.29% yield for pentanol and
oleanol, respectively (Fig. 6e).

To further assess the scalability of the esterification reaction, we
conducted a tenfold scale-up byproportionally adjusting the substrate
and biocatalyst amounts while maintaining a reaction time of 24 h.
Following purification by column chromatography (petroleum ether/
ethyl acetate, 40:1, Rf = 0.6) and structural validation by 1H NMR and
13CNMR (Supplementary Figs. 67–69), the yields of pentyl oleate, decyl
oleate, and oleyl oleate were determined to be 0.99, 1.15, and 1.40g,
respectively, corresponding to high conversion of 93.40, 90.68, and
87.57%. Additionally, we demonstrated the feasibility of gram-scale
synthesis of the LA-n-prop@Zn-HHTP biocatalyst (see Supplementary
Fig. 70 for details). These findings well demonstrated the practicability
of LA-n-prop@Zn-HHTP heterogeneous catalyst for accelerating
esterification.

Discussion
In summary, we report an aggregation-induced conformation lock-
ing strategy based on a 2D-MOF to synthesize highly activated and
structurally stable lipase hybrid biocatalysts. This confirmation
locking strategy is straightforward and essentially different from the
unpredictable methods based on nanopore interfacial activation.
The locking principle herein can well preserve a catalytically favor-
able conformation of lipase inside a robust 2D-MOF, which possesses
long-range ordered pore channels that facilitate themass transfer for
confined biocatalysis. As a result, the 2D MOF-locked Lipase TL
aggregate presents much higher catalytic power than the native
Lipase TL, representing the highest activation efficiency for ester
hydrolysis among the reported hybrid biocatalysts. The feasibility of
this robust MOF biocatalyst for high-value esters synthesis based on
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transesterification and esterification reactions is also canvassed, and
its catalytic performance significantly outperforms the native Lipase
TL in terms of catalytic rate, yield, and recyclability. We anticipate
that this aggregation-induced conformation locking strategy can
offer a facile and straightforward technique to access highly acti-
vated lipase hybrid catalysis, holding numerous potential in lipase-
associated industrial scenarios.

Methods
Synthesis of M-HHTP
The ligand solution of HHTP with a concentration of 10mM was
prepared by dissolving HHTP in a mixture solvent of water/ethanol
(3/1, v/v). In a 2mLglass vial,NaOH (8μL, 0.008mmol)was added in an
aqueous solution of Zn(NO3)2 or CuCl2 (0.8mL, 0.016mmol) to adjust
the pH to 10. Subsequently, 0.8mL of prepared HHTP solution was
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are provided as a Source Data file.
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added to generate a black suspension. The mixture was stood for 12 h
at room temperature. Finally, the precipitates were collected by cen-
trifugation, washed twice with deionized water and once with ethanol,
and dried under vacuum overnight.

Synthesis of enzyme@M-HHTP
The ligand solution of HHTP with a concentration of 10mM was pre-
pared by dissolving HHTP in amixture solvent of water/ethanol (3/1, v/
v). In a 2mL glass vial, NaOH (8μL, 0.008mmol) was added in an
aqueous solution of Zn(NO3)2 or CuCl2 (0.8mL, 0.016mmol) to adjust

the pH to 10. Then, 0.8mg enzyme (Lipase TL, GOx, HRP, Cutinase,
Lipase PS, or Lipase CRL) was added, followed by adding 0.8mL of the
prepared HHTP solution. The mixture was stood for 12 h at room
temperature. Finally, the precipitateswere collected by centrifugation,
washed twice with deionized water and once with ethanol, and dried
under vacuum overnight.

Synthesis of LA@Zn-HHTP
The ligand solution of HHTP with a concentration of 10mM was
prepared by dissolving HHTP in a mixture solvent of water/ethanol
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(3/1, v/v). In a 2mL glass vial, NaOH (8μL, 0.008mmol) was added to an
aqueous solution of Zn(NO3)2 (0.8mL, 0.016mmol) to adjust the pH to
10. Then, 0.08mL of Lipase solution pre-dissolved in different contents
of organic solvent at a concentration of 10mg/ml was added, followed
by adding 0.8mL of the prepared HHTP solution immediately. The
mixturewas stood for 12 h at room temperature. Finally, the precipitates
were collected by centrifugation, washed twice with deionized water
and once with ethanol, and dried under vacuum overnight.

Catalytic transesterification reaction
In a typical transesterification reaction42, 0.5mL of stock solution of
benzyl alcohol/benzyl alcohol derivatives (200mM) and vinyl acetate
(1000mM) in 1,4-dioxane were added to a 1,4-dioxane suspension of
Lipase TL or LA-n-prop@Zn-HHTP (1.6mg in 0.5mL 1,4-dioxane) in a
3mL glass bottle. The glass bottle was sealed and shaken at 250 rpm at
room temperature. Subsequently, the liquid supernatant was sampled
at different time intervals (10, 20, 30, 60, 120, 240, 480, and 720min).
About 20μL of the collected supernatant was added to 500μL of
deuterated chloroform. The products at different time intervals were
monitored by 1H NMR, and the conversion of the transesterification
reaction was estimated via integral analysis by 1H NMR. This transes-
terification was repeated three times, and the catalytic yield data were
represented as an average.

Catalytic esterification reaction
The esterification reaction was carried out according to a reported
method59. In a flask containing the lipase or lipase@MOFs bioca-
talysts (Lipase TL dosage was kept at 0.1% w/v) was added, the oleic
acid (100 μL) and the respective alcohol (1 equivalent) in 1.6 mL of
n-Hexane. The suspension was placed at 37 °C under 200 rpm stir-
ring. Subsequently, 100 μL of the liquid supernatant was sampled at
different time intervals (2, 5, 8, 10, and 24 h). About 20 μL of
the collected supernatant was added to 500 μL of deuterated
chloroform. The products at different time intervals were mon-
itored by 1H NMR, which were also qualitatively analyzed by gas
chromatography-mass spectrometry (details seen in Supplemen-
tary Methods Section and Supplementary Figs. 71, 72)59. The yield
was calculated based on the integral analysis of the characteristic
proton signals of the ester products and the original oleic acid in
1H NMR.

Reporting summary
Further information on research design is available in the Nature
Portfolio Reporting Summary linked to this article.

Data availability
All data generated in this study are provided in the Supplementary
Information. Source data are provided with this paper. The Lipase TL
structure used herein is available in the PDB database under accession
code 1DT3. Source data are provided with this paper.
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