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Microbial aerotrophy enables continuous
primary production in diverse cave
ecosystems

Sean K. Bay 1,2,3 , Gaofeng Ni 4,11, Rachael Lappan 1,4,11,
Pok Man Leung 1,4,11, Wei Wen Wong5,11, S. I. Ry Holland 1,4,
Nadeesha Athukorala4, Kalinka Sand Knudsen6, Ziqi Fan 4, Melina Kerou 7,
Surbhi Jain4, Oliver Schmidt 4,8, Vera Eate5, David A. Clarke 1,
Thanavit Jirapanjawat4, Alexander Tveit8, Tim Featonby9, Susan White9,
Nicholas White10, Melodie A. McGeoch 1,2, Caitlin M. Singleton 6,
Perran L. M. Cook 5, Steven L. Chown 1,2 & Chris Greening 1,4

Aerated caves receive minimal light energy, yet host diverse microbial com-
munities and the strategies allowing them to meet energy and carbon needs
remain unclear. We determined the processes and mediators of primary pro-
duction in aerated limestone and basalt caves through paired metagenomic
and biogeochemical profiling. Four caves were sampled, including sediments
and biofilms, yielding 94 metagenomes. Based on 1458 metagenome-
assembled genomes, over half of microbial cells encode enzymes to use
atmospheric trace gases as energy and carbon sources. The most abundant
microbes are chemosynthetic primary producers, notably the gammaproteo-
bacterial methanotrophic order Ca. Methylocavales and two uncultivated
actinobacterial genera predicted to grow on atmospheric hydrogen, carbon
dioxide, and carbon monoxide. Biogeochemical and isotopic measurements
confirmed that these gases are rapidly consumed at rates likely sustaining a
substantial fraction of the community and potentially driving primary pro-
duction. Conventional chemolithoautotrophs, using ammonium and sulfide,
are also enriched and active. Altogether, these results indicate that caves are
unique in microbial biodiversity and the biogeochemical processes sustaining
them. Consumption of atmospheric trace gases likely has a dual role in caves,
providing energy for microbial survival and potentially supporting chemo-
synthetic growth, thereby introducingorganic carbon. This process, defined as
‘aerotrophy’, operates alongside organic and inorganic inputs.

Terrestrial caves provide unique habitats for life, given that they are
dark, humid, thermally insulated, and relatively isolated systems1,2. The
sediments andmineral surfaces of caves harbour abundant anddiverse
microbiota. The nine dominant bacterial phyla from surface soils are
also the most abundant microbes in caves, with most assumed to be

aerobes dependent on organic carbon (i.e. organoheterotrophs)3–6.
However, a long-standing question is how these microbes obtain suf-
ficient carbon and energy to live in these environments with minimal
photosynthesis7. Some caves receive extensive external inputs of
organic matter (allochthonous sources), for example, due to seasonal
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flooding, groundwater percolation, or animal sources (e.g. bat
guano8). However, these inputs are spatially and temporally variable9,
and there is extensive evidence that most caves are highly nutrient-
limited ecosystems10. It’s also well-recognised that chemosynthetic
microbes produce organic matter (autochthonous sources) by har-
nessing the inorganic energy sources from reduced sulphur, nitrogen,
and iron compounds present in drip water and mineral surfaces6,11–13.
Given that these inorganic compounds generally occur in trace
amounts, chemosynthetic processes are thought to play a minor role
in cave microbial ecosystems, except in globally rare, deep
geothermally-heated caves usually isolated from the surface13–18.

A potential alternative sourceof energy and carbon in typical cave
ecosystems is the atmosphere itself. We have recently discovered that
atmospheric molecular hydrogen (H2) and carbon monoxide (CO) are
critical energy sources supporting the biodiversity of soils and waters
worldwide, and enable complex ecosystems to form in oligotrophic
environments such as Antarctic soils19–23. Bacteria use high-affinity
hydrogenases and CO dehydrogenases to liberate electrons from
these gases for aerobic respiration and carbon fixation via the
Calvin–Benson–Bassham (CBB) cycle24. Aerobic methanotrophs,
which use atmospheric methane (CH4) as a dual energy and carbon
source25–27, have also been identified in various cave systems and
mediate CH4 oxidation rates comparable to those of surface soils28–37.
Considering these findings, we sought to disentangle the relative roles
of atmospheric, rock-derived, and solar energy sources in supporting
primary production and energy conservation in cave ecosystems. To
do so, we integrated genome-resolved metagenomic profiling, in situ
and ex situ biogeochemical and isotopic measurements, and thermo-
dynamic modelling of sediment and biofilm microbial communities
collected along transects from four aerated limestone and basalt caves
sampled within Australia. Our results reveal that aerated caves host
abundant communities of methane and hydrogen oxidisers, which
continuously oxidise atmospheric trace gases to assimilate carbon and
fix CO2. We predict that this process enables continuous growth,
suggesting that aerated caves are potentially major systems sustained
by aerotrophic primary production.

Results and discussion
Most cave microbes encode enzymes to harvest atmospheric
energy sources
We studied four aerated caves in southeastern Australia, two lime-
stone caves and two basalt lava tubes (Fig. 1a). In each cave, we
sampled along a transect extending from the entrance to twilight,
transition and deep zones. We collected a total of 94 environmental
samples, including sediments, biofilm, and mineral samples, which
were analysed usingmetagenomics aswell as gas and isotopic studies
to determine microbial composition, capabilities, and metabolic
activity. The samples from the four caves (Fig. 1a, Supplementary
Data 1) spanned a broad range of organic carbon (0.2–31.3%), pH
(3.6–8.7), and moisture levels (10.8–55.8%). This suggests much
spatial variability in their allochthonous supply of organic carbon and
other resources, in support of previous studies7. Based on shotgun
metagenomic profiling, microbial communities varied between cave
sediments and biofilms, between rock types, and with cave depth
(Fig. 1b–e; Supplementary Data 3a–c). Microbial abundance (av.
6.7 × 109 16S rRNA gene copies per gram of dry sediment) and rich-
ness (av. 450 taxa per sample; Chao1 based onmetagenomic reads of
16S rRNA genes of sediment) decreased by 3.3-fold and 2-fold,
respectively, between the cave entrance and interior sediments
(Supplementary Data 2 and 3b). In line with most other sampled
caves5, Actinobacteriota, Proteobacteria, Acidobacteriota, Chloro-
flexota and Gemmatimonadota were the most common phyla, along
with Thermoproteota (predominantly Nitrosophaerales) (Fig. 1b;
Supplementary Data 3c). Metagenomic assembly and binning yielded
1458 dereplicated high- and medium-quality metagenome-

assembled genomes (MAGs) spanning 35 different phyla, including
one unclassified (Supplementary Data 4c).

The energy and carbonacquisition strategies of the cavemicrobes
are inferred by searching for 52 conservedmarker genes encoding the
potential of key energy and carbon acquisition processes in the MAGs
and short reads (Fig. 2a; Supplementary Data 4a–c). These analyses
suggested that most cave bacteria mediate aerobic respiration using
both organic compounds and trace gases as substrates (Fig. 2a, b). 44%
of MAGs, accounting for 54% of mapped metagenomic reads (Sup-
plementary Data 4c), encode enzymes to consume one or more
atmospheric trace gases, namely form I CO dehydrogenases for CO
oxidation (25.4% genomes/74.3% community based on short reads;
Supplementary Fig. 1), group 1 and 2 [NiFe]-hydrogenases for H2 oxi-
dation (25.8%/43%; Supplementary Fig. 2), and particulate methane
monooxygenases for CH4 oxidation (2.9%/5.5%; Supplementary Fig. 3).
These findings suggest that most microbial cells in caves encode
enzymes that could enable trace gasoxidation. A smaller proportion of
cave microbes can also use rock-derived energy sources such as sul-
phide (13.9%/18%), thiosulfate (6.7%/7%), ammonia (4.1%/3.5%; Sup-
plementary Fig. 4), nitrite (1.2%/3.7%; Supplementary Fig. 5), and
ferrous iron (2.7%/2.2%).

As expected, photosynthesis genes were abundant in sediments
and biofilms at the entrance of each cave (29%) but declined by an
average of 73-fold in the cave interior. Conversely, there were marked
increases in cave interior compared to entrance communities for the
genes enabling the oxidation of CH4 (7.3-fold), ammonium (1.5-fold),
nitrite (2.3-fold), sulphide (1.4-fold), H2 (2-fold, average group 1h & 1l
[NiFe]-hydrogenases) and CO (1.1-fold). Concordant patterns were
observed for carbon fixation genes, with the photosynthetic cyano-
bacterial Type IB RuBisCO decreasing 39-fold, and the chemosyn-
thetic, predominantly actinobacterial Type IE RuBisCO increasing
2-fold in cave interiors compared to entrances (Supplementary
Data 4b, c; Fig. 2a, b; Supplementary Fig. 6). Some carbon fixation also
likely occurs through primarily 4-hydroxybutyrate cycle (3.6%/2.2%),
reductive tricarboxylic acid cycle (1.6%/2%), and 3-hydroxypropionate
cycle (0.9%/0.7%). Altogether, these findings indicate a shift from
photosynthetic to chemosynthetic primary production in cave eco-
systems, driven both by atmospheric and rock-derived substrates. A
driver analysis, using both random forest and linear models, revealed
that key soil physicochemical components significantly influence the
abundance of different community members. Trace gas oxidisers
encoding genes for CH4, H2 andCO responded variably between basalt
and limestone caves to a wide range of factors, primarily to electrical
conductivity (EC), pH and total organic carbon (TOC). The response of
ammonia, nitrite, sulphide, and iron oxidisers was more conserved to
limestone caves, suggesting pH, TOC and soil water content (SWC) as
dominant drivers of their abundance (Supplementary Fig 11a, d; Sup-
plementary Data 7d).

To ensure these insights were representative of caves worldwide,
we further analysed twelve previously published metagenomes
representative of diverse global cave ecosystems (Fig. 2a, Supple-
mentary Data 4a). Oxidation of ambient trace gases and, to a lesser
extent, rock-derived inorganic compounds are widespread strategies
in sediments and rocks of cave interiors. For example, in rock meta-
genomes fromMonte Cristo Cave (Brazil) and in white microbial mats
in Kipuka Kanohina Cave (Hawaii), almost all microbes encode high-
affinity hydrogenases38. The three exceptions are photosynthetic bio-
films collected from an illuminated entrance and sinkhole, as well as a
cave lake likely to receive considerable organic inputs (Supplementary
Data 4b).

Previously uncharacterised microbes drive cave energy acqui-
sition and primary production
We used genome-resolved metagenomics and phylogenetic analyses
to resolve which microbes mediate these processes (Supplementary
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Fig. 1 | Cave microbial community composition and diversity patterns. aMaps
showing geographic and lithology setting of the caves studied103. Detailed cave
morphology,major environment features, study sites and scale are shown, redrawn
from material provided by the Victorian Speleological Association Inc. b Stacked
barchart showing phylum-level community structure at the sample level, vertical-
coloured bars show the environmental diversity captured according to sample
types. c Boxplot of 16S rRNA gene copy number wet weight for bulk sediments and
brown biofilms, with biological replicates (n = 44) grouped by site and host rock.

d Boxplot of observed and estimated richness with biological replicates (n = 94)
grouped by site and host rock. eNon-metricmultidimensional scaling (NMDS) plot
of beta diversity (Bray-Curtis), visualising differences in community structure
according to host rock. Ellipses represent 95% concentration regions for each
group, which summarise the dispersion of samples in NMDS space. Boxplots dis-
play themedian (centre line), interquartile range (IQR; box) andwhiskers extending
to values within 1.5 × IQR of the box.
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Data 4c; Supplementary Figs. 1–6). Most hydrogenases, CO dehy-
drogenases, and RuBisCOs were co-encoded by the most abundant
Actinobacteriota lineages residing in the caves (primarily classes
Actinomycetia, Thermoleophilia, Acidimicrobiia, and Ca. Aridivitia)21

(Fig. 3a), suggesting that they may be important primary producers in
these ecosystems, although we cannot exclude the possibility of
transient and dynamic heterotrophic and mixotrophic strategies.
Multiple phyla nevertheless encoded each of these enzymes (14
hydrogenase-, 11 CO dehydrogenase-, and 10 RuBisCO-encoding
phyla), highlighting that trace gas oxidation and chemosynthesis are
ubiquitous traits (Supplementary Data 4c). These enzymes were also
encoded by various uncultivated lineages, for example with CO
dehydrogenases being encoded by high-quality genomes from the
candidate bacterial phyla CSP1-3 and KSB1, as well as two enigmatic
orders (RBG-16-68-12, UBA184) of Thermoplasmata archaea inhabiting
diverse cave samples (Supplementary Fig. 1). Corroborated by the
short-read analysis (Fig. 2a, Supplementary Data 4b), almost all of
these belong to high-affinity clades of hydrogenases (groups 1h, 1l and

2a [NiFe]-hydrogenases21,39,40) (Fig. 2a), suggesting they adapted to
atmospheric rather than elevated levels of these gases. Of the 30most
abundant microbes based on genome read mapping (Supplementary
Data 4), 21 were capable of trace gas oxidation, including four puta-
tive methanotrophs (all affiliated with the USCγ/JACCXJ01 clade),
whereas none mediated photosynthesis, nitrification, sulphide oxida-
tion, or iron oxidation. The top ten most abundant microbes (com-
prising 20% of all mapped reads) were all from uncultivated genera
from Pseudonocardiaceae and Egibacteraceae (both within class
Actinomycetia), each of which co-encode RuBisCO with either CO
dehydrogenase and/or uptake hydrogenases. Thus, caves appear to
select for highly productive actinobacterial primary producers that
grow on atmospheric energy and carbon sources. These Actino-
bacteriota are the most abundant lineages in the cave biofilms,
whereas the methanotrophs are the single most abundant species in
the cave sediments.

We comprehensively analysed the energy and carbon acquisition
pathways of the three most abundant predicted hydrogenotrophs

Fig. 2 |Metabolic potential of cavemicrobes for energy and carbonacquisition.
a Heatmap showing the metabolic potential of the community as average gene
copies per organisms for major energy and carbon acquisition pathways across
limestone and volcanic caves in Australia in comparison to global samples. b Dot
plot showing the metabolic potential at the genome-resolved level (MAGs). Each

dot in the blue shading represents encoded metabolic function and the shading
represents average genome completeness at the phylum level. Orange lollipop
charts show thepercentage ofMAGs encoding eachgene andpurple lollipop charts
show the relative abundance maximum for each phylum.
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in the caves (Fig. 3b), namely the candidate genera herein
named Hydrogenomurus, Hydrogenocavus and Hydrogenolapis (all
etymological information in Supplementary Note 2; formerly Pseu-
donocardiaceae GCA-003244245, Egibacteraceae JACCXR01, and
Actinomycetia JACCUZ01). These lineages were selectively enriched in
distinct habitats, with Hydrogenomurus prevalent across basalt caves
and constituting over half ofmultiple biofilm communities (up to 73%),
Hydrogenocavusdominant in limestone biofilms andmoonmilks (up to
54%), and Hydrogenolapis abundant in both biofilms and sediments
within limestone caves (Fig. 3a; Supplementary Data 4c). All three taxa
encode high-affinity group 1h [NiFe]-hydrogenases and CO dehy-
drogenases, consistent with the use of trace gases as an energy source.
In addition, these MAGs encode a complete TCA cycle and a full suite
of aerobic respiratory complexes (I-V), indicating they can conserve
energy through both lithotrophic and organotrophic aerobic respira-
tion. Both Hydrogenomurus and Hydrogenocavus also encode Type IE
RuBisCO and a complete CBB cycle, indicating they are facultative

chemolithoautotrophs; the lack of enzymes for oxidation of rock-
derived inorganic compounds strongly suggests reductants necessary
for carbon fixation are provided by H2 and CO. Their autotrophic
capacity likely underlines their dominance along nutrient-limited cave
mineral surfaces. Conversely, Hydrogenolapis appears to be solely
reliant on organic carbon sources, potentially including peptides and
mono- and disaccharides, based on the presence of various ABC
transporters. Energy provided by atmospheric trace gases likely
enables thesemicrobes to allocatemore organic carbon for anabolism
than catabolism41. All taxa encode the pentose phosphate and
Embden–Meyerhof–Parnas pathways for organic carbon catabolism,
although only Hydrogenomurus MAGs encode all genes necessary for
complete glycolysis.

Methanotrophs are themost enrichedmetabolic specialists in the
cave interior, based on both genomic read mapping (Fig. 3a; Supple-
mentaryData 4b, c) andmarker gene profiles (Fig. 2a, b). Given this, we
performed an in-depth analysis to resolve the evolutionary history and

Fig. 3 | Abundance and capabilities of the most abundant functional groups
in caves. a Differential abundance of key taxa (MAGs n = 271), at genus and family
level, between cave entrance, interior sediment, and interior biofilm samples. Box
plots show the relative abundance, based on read mapping, of MAGs of hydro-
genotrophs (teal), methanotrophs (red), nitrifiers (blue), sulphur oxidisers (yellow)
and phototrophs (green). Pairs are denoted with asterisks showing significance.
Taxonomic classification is shown at the family level and at its preceding rank if
unclassified, and brackets show phylum-level affiliation. Kruskal–Wallis tests were
performed per family (two-sided) with Bonferroni correction across families. For
significant results, Dunn’s post-hoc tests were applied with Bonferroni correction
across pairwise comparisons. */ **/ ***/ **** corresponding to adjusted p-values ≤
0.05, ≤0.01, ≤0.001, and ≤0.0001, respectively. Exact p-values are provided in the
source data. Boxplots display the median (centre line), interquartile range (box)

and whiskers extending to values within 1.5 × IQR of the box. b Metabolic recon-
struction of the three dominant hydrogenotrophic taxa, the candidate genera
Hydrogenomurus, Hydrogenocavus and Hydrogenolapis. All encode genes con-
sistent with trace atmospheric gas oxidation, including a group 1h [NiFe] hydro-
genase and COdehydrogenase. However, only two of the three taxa encode a Type
IE RuBisCo consistent with carbon fixation via the Calvin–Benson–Bassham cycle.
Hydrogenolapis are predicted to utilise organic carbon sources. c Metabolic
reconstruction of the three dominantmethanotrophicMAGs,Methylocella (USCα),
Methyloligotrophales (USCγ), andMethylocavales. All encode particulate methane
monooxygenase and a methanol dehydrogenase. Carbon fixation inMethylocella
MAGs can occur via the tetrahydrofolate pathway and serine cycle, but remains
unresolved in the Gammaproteobacterial MAGs, which lack key genes in the serine
and RuMP pathways, and Calvin-Benson-Bassham cycle.
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functional capabilities of putative cave methanotrophs encoding par-
ticulate methane monooxygenases (PmoABC), as elaborated in Sup-
plementary Note 1. A genome tree revealed that these bacteria span
the alphaproteobacterial genus Methylocella (encompassing Methylo-
capsa within the GTDB framework), the gammaproteobacterial order
Methylococcales, and two candidate gammaproteobacterial orders
herein named Methyloligotrophales and Methylocavales (formerly
JACCXJ01 and CAJXQU01; etymology in Supplementary Note 2). These
methanotrophs were progressively enriched from entrance and cave
sediments to biofilms, with a single Methyloligotrophales MAG
encompassing 10.8% of microbes in a complex limestone sediment
(Fig. 3a; Supplementary Data 4c), suggesting CH4 is a primary growth
substrate of cave communities. While Methylocella and Methyloligo-
trophales encompass the USCα and USCγ lineages of atmospheric
methanotrophs25,26,42,43, Methylocavales is not known to be methano-
trophic and is represented by just one previously reported genome
that lacks pmo genes. Consistent with being novel methanotrophs, the
cave-exclusive Methylocavales bacteria each encode complete pmo-
CAB operons and their PmoA protein formed a novel sister clade with
Methyloligotrophales (Supplementary Fig. 3a-b). They also encode a
complete set of genes to oxidise methanol (lanthanide-dependent
methanol dehydrogenases), formaldehyde (tetrahydromethanopterin
pathway), and formate (formate dehydrogenase) to carbon dioxide for
energy conservation (Fig. 3c, Supplementary Fig. 3c). However, in
common with other atmospheric gammaproteobacterial methano-
trophs, including theMethyloligotrophalesMAGsanalysed, the carbon
assimilation pathways used remain incompletely resolved (Supple-
mentary Note 1).

Though the capacity for oxidation of rock-derived inorganic
substrates was less widespread, numerous chemolithoautotrophs
were nevertheless highly enriched in cave sediments and biofilms.
Most notable are nitrifiers, including ammonia-oxidising archaea and
bacteria, as well as nitrite-oxidising and comammox Nitrospirales
(Fig. 2a, b; Supplementary Data 4b, c). Members of three archaeal
families, Nitrososphaeraceae, Nitrosopumilaceae (e.g. acidophilic
Nitrosotalea dominant in basalt caves), and novel clade Nitrosomir-
aceae (e.g. Ca. Nitrosomirus44 abundant in limestone caves) vastly
outnumber ammonia-oxidising bacteria (Nitrosospira) (Fig. 3a); most
encode high-affinity Amt1 ammonia transporters, carbon sequestering
ABC-type bicarbonate transporters, and carbonic anhydrase con-
sistent with their oligotrophic lifestyle45. Remarkably, urease, cyanase,
and glycine cleavage system genes were also present in most MAGs,
suggesting these archaea also sequester ammonia from organic sub-
strates such as urea, cyanate, and glycine. Comammox Nitrospirales
(genus Palsa-1315), known for their high-affinity for ammonia46, were
also widely distributed (Supplementary Data 4b, c). These cave nitri-
fiers use distinct pathways to fix CO2, spanning the 4-hydroxybutyrate
cycle (Nitrososphaerales), the reductive tricarboxylic acid cycle
(Nitrospirales), and the CBB cycle (Nitrosospira). Altogether, these
findings indicate that caves select for oligotrophic chemolithoauto-
trophs and that nitrifiers are likely important primary producers given
their autotrophic lifestyle and enrichment. Apart from nitrification,
some nine phyla were capable of sulphide oxidation, including
numerous Proteobacteria and Actinobacteriota MAGs. We also
reconstructed genomes of iron-oxidising Acidobacteriota and Pro-
teobacteria (Fig. 2a, b).

Trace gas oxidation occurs together with nitrification and sul-
phide oxidation
To substantiate these findings, we performed in situ and ex situ profiling
of the processes of trace gas oxidation, nitrification, and sulphide oxi-
dation in each cave. In situ measurements of sediment-to-atmosphere
fluxes revealed ambient average concentrations in limestone/basalt
cave entrances of CH4 (1.5/0.65 ppmv) H2 (0.71/0.34ppmv), and CO
(0.06/0.03ppmv), respectively (Fig. 4a; Supplementary Fig. 7). It is likely

that these gases are predominantly atmospherically derived, given their
concentrations are at or below global average concentrations of these
gases in the lower troposphere47–49, though it can’t be ruled out that they
are also produced through geogenic and biological processes and
maintained at such concentrations throughmicrobial consumption. On
average, ambient air concentrations of all three gases decreased 4-fold
from the cave entrances to the interiors of the limestone caves, sug-
gesting microbial consumption (Fig. 4a; Supplementary Fig. 7).
Equivalent trends were not observed in the basalt caves, though this is
potentially due to their relatively consistent tunnel-like architecture
(Fig. 1a) facilitating rapid equilibration with outside air, as opposed to
decreased gas consumption. Though air exchange rates were not
measured, based on in situ gas fluxes, consumption was observed
across all four caves. On average, in situ CH4 fluxes increased from
1.1 nmolm−2 s−1 at the entrance to 3 nmolm−2 s−1 inside (mean of transient
and equilibrium flux estimates), consistent with localised methano-
trophic activity within caves (Fig. 4b; Supplementary Fig. 7, Supple-
mentary Data 5a). In contrast, H2 fluxes were highest at the entrance and
modestly declined inside the caves, averaging around 7.5 nmolm−2 s−1

(Fig. 4b; Supplementary Fig. 7, Supplementary Data 5a).
Given the limitations in conducting flux measurements only in

areas with sufficient sediment depth for flux chambers, we employed
microcosm incubations with bulk sediments and biofilms extracted
from cave walls to validate these observations. In these incubations,
H2, CO2 and CH4 were supplied at slightly elevated levels (10 ppmv
each) in otherwise ambient headspaces, in order to calculate robust
first-order rate constants and atmospheric consumption rates (see
“Materials and Methods”). These trace gases were consumed by the
microbial communities in all samples, including biofilms and sedi-
ments, though at variable rates; most samples consumed these gases
to below atmospheric concentrations, reaching observed ambient
in situ ranges and/or falling below average global mixing ratios (100%,
93%, and 43% of samples for H2, CO, and CH4, respectively) (Supple-
mentaryFigs. 8 and9, SupplementaryData 5b). H2was consumedmost
quickly on average, followed by CO and CH4. CH4 oxidation
rates closely matched in situ patterns, especially in limestone caves,
with a 16.5-fold increase in cell-specific CH4 oxidation rates
(6.89 × 10−13 – 1.13 × 10−11 nmol cell−1 s−1) occurring from entrance to
deep zones (Fig. 4c; Supplementary Figs. 8 and 9, Supplementary
Data 5b), in line with metagenomic observations of increased metha-
notrophic abundance (Fig. 2a). A driver analysis for cell-specific reac-
tion rates revealed a significant influence of soil physicochemistry,
with pH, TOC, and SWCandEC asdrivers of activity forH2, COandCH4

oxidisers in limestone caves, whereas CO oxidisers responded more
strongly to the concentration of these compounds in basalt caves
(Supplementary Fig. 11b, e; Supplementary Data 7d).

We also tested whether rock-derived inorganic substrates,
namely ammonium and sulphide, were also used as energy sources
given the metagenomic observations (Fig. 2a). The cave sediments
contained varying concentrations of ammonium (1.35–40.2mg/kg),
sulphur (7.3–2468mg/kg), and iron (6.96–2003mg/kg) (Supple-
mentary Data 1). Microcosm incubations showed ammonium was
oxidised at variable rates across the samples and increased from the
entrance to the interior of the cave (Fig. 4e; Supplementary Fig. 10;
Supplementary Data 6). Nitrite and nitrate also accumulated in
these incubations, consistent with stepwise nitrification processes
occurring within the cave environments. Sulphide oxidation was
also evident from the accumulation of the end-product sulphate
(Fig. 4e; Supplementary Fig. 10; Supplementary Data 6). It should be
noted that our in situ and ex situ biogeochemistry results are based
on a single sampling expedition per cave, yet there can be much
seasonal variability in cave hydrology and substrate availability,
including trace gases; more extensive seasonal sampling would be
required to understand temporal variability in biogeochemical
activities.
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Trace gas oxidation drives community-wide carbon and energy
provision
Thermodynamic calculations based on bulk oxidation rates of H2, CO
and CH4 revealed that trace gas oxidation rates inside the cave yielded
an average power output of 1.6 × 10−15, 6.2 × 10−16 and 4.7 × 10−13W per
H2, CO and CH4-oxidising cell, respectively. Power per cell outputs
were similar between rock types and cave depths for H2 and CO, but
were higher in basalt compared to limestone, and between surface and
subsurface for CH4 (Fig. 4d; Supplementary Data 5b). As we did not
simultaneously measure oxygen consumption, we are unable to
determine what proportion of total aerobic respiration is attributable
to trace gas oxidation. These values represent theoretical estimates

averaged across all cells, and it is likely that only a fraction of the
community is metabolically active, meaning the per-cell power for
active trace gas oxidisers may be higher. Nevertheless, the observed
ratesmay theoretically provide sufficient power to support the growth
and survival of localised populations of trace gas oxidisers in these
caves, particularly at the entrance and twilight sites in basalt caves.
Indeed, based on our culture-based studies of four oligotrophic bac-
teria that grow on trace gases alone (e.g. M. gorgona), the CH4 power
output in cave greatly exceeds growth requirements and H2 power
output is at the same magnitude to support growth42,50. Importantly,
these rates are averaged for all cells and samples, while in reality, some
microbes may co-consume these gases, notably the highly abundant

Fig. 4 | In situ, ex situ and cell-level energy yield measurements for trace gases
H2, CO and CH4. a Boxplots showing in situ atmospheric concentrations (ppm),
with independent replicates (n = 81) grouped by gas, site and host rock. Dashed
horizontal lines show average global concentration (2021-2022) for atmospheric H2

(0.53 ppm), CO (0.10ppm) and methane (1.9 ppm). b Boxplots showing in situ
sediment–atmosphere uptake gas fluxes (values indicate net gas consumption)
with biological replicates (n = 12) grouped by gas and site. Flux phases provide
upper (transient) and lower bound (equilibrium) estimates. c Boxplots showing
bulk sediment and biofilm oxidation rates normalised to global average atmo-
spheric gas and cell numbers,with biological replicates (n = 44) groupedbygas, site
and host rock. d Boxplot showing the amount of power per cell derived from the
oxidation of each trace gas, with biological replicates (n = 44) grouped by gas, site

and host rock. Coloured bars depict the range of literature values of energy yield
per cell by atmospheric methane oxidising isolates M. aurea KYG, M. gorgona
MG08, M. palsarum NE2 and M. rosea SV97 (orange42), maintenance energy
requirements or endogenous metabolic rates of different pure cultures (green104,
yellow105, jade106) and hydrogen oxidisers in deep marine sediments (pink107).
e Boxplot showing rates of nitrogen and sulphur compound metabolism, with
positive values indicating accumulation and negative values showing uptake with
biological replicates (n = 17) grouped by site. Nitrification is expected to result in
ammonium (NH4

+) consumption and nitrite (NO2
−), nitrate (NO3

−), whereas sul-
phide oxidation is expected to cause sulphate (SO4

2−) production. Boxplots display
themedian (centre line), interquartile range (box) andwhiskers extending to values
within 1.5 × IQR of the box.
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Hydrogenocavus and Hydrogenomurus. Altogether, our data indicate
that atmospheric trace gas consumption can theoretically support
localised activity, including growth of the methanotrophs and the
survival of the hydrogenotrophs, with some bacteria potentially cap-
able of chemolithoautotrophic growth using H2 and/or CO. We note
that cultivation of these microorganisms will be a necessary next step
to validate their capacity to grow on atmospheric gases.

To probe the major pathways forming organic matter in caves,
we quantified the fractionation signature of biomass 13C/12C in cave
sediments and biofilms (Fig. 5a). Two autotrophically-grown hydro-
genotrophs and three methanotrophs (including atmospheric CH4

oxidiser M. gorgona) were also analysed for their carbon fractiona-
tion as a comparison. The organic fractions in the cave samples
exhibited a depletion of 13C (δ13Corganic) from −21.7 to 40.7‰, con-
sistent with biomass derived from CBB cycle, but distinct from other
carbon fixation pathways51,52 (Fig. 5a). It is likely that organic carbon
from external plant-derived inputs (allochthonous inputs) is trans-
ported into cave interiors. However, despite δ¹³Corganic values over-
lapping those of C₃-plant detritus (a shared CBB signature), multiple

lines of evidence suggest cave-dwelling primary producers are also
major sources of organic matter (autochthonous inputs). First,
δ13Corganic was progressively more negative from sediments in lime-
stone caves to biofilms in basalt caves, in line with the increasing
trends of bacterial rbcL and pmoA gene abundance (Figs. 2a and 5b).
Second, random forest analysis reveals rbcL abundance is the best
carbon assimilation gene predictor for δ13Corganic (Fig. 5b), and also
the most negatively correlated with δ13Corganic among all metabolic
marker genes (Spearman’s rho = −0.56, p = 2.0 × 10−6), also suggesting
autochthonous inputs from the CBB cycle. Moreover, the δ13Corganic

signatures are similar to those of the tested hydrogenotrophs
(Fig. 5a) and, as elaborated below, we directly detected considerable
hydrogenotrophic CO2 fixation through ex situ assays. CH4 assim-
ilation, which yields biomass strongly depleted in 13C, may also con-
tribute to the negative δ13Corganic in some cave samples (Fig. 5a). This
was supported by calculating methane carbon assimilation as a
function of cell-specific methane oxidation rates (Fig. 5c). 13C/12C
signatures were significantly associated with both SWC and TOC
(Supplementary Fig. 11c; Supplementary Data 7d).

Fig. 5 | Major carbon acquisition processes and activities sustaining primary
production in caves. a Boxplot showing depletion of biomass 13C stable isotope
(δ13Corganic) across biological replicates of cave sediments (n = 39), biofilms (n = 50),
and selected autotrophically-grown hydrogenotroph (n = 6) and methanotroph
(n = 9) pure cultures. Coloured bars depict the range of literature values of
δ13Corganic of biomass produced from 4-hydroxybutyrate cycle (4HB cycle; green),
3-hydroxypropionate cycle (3HP cycle; yellow), reductive tricarboxylic acid cycle
(rTCA; jade), and Calvin–Benson–Bassham cycle (CBB cycle; pink). δ13Corganic for
pure cultures and literature values were adjusted based on the use of atmospheric
CO2 (δ

13C: −8.5‰) and CH4 (δ
13C: −47.2‰) as sole carbon sources. b Heatmap

showing the abundance ratio of key carbon assimilationmarker genes (pmoA,mcr,
hbsT, aclB, rbcL) in biofilm against sediment communities (top) and random forest
analysis of these genes as predictors for cave δ13Corganic values (bottom). c Boxplot
showingmethane carbon assimilation rate as a function of bulk sediment oxidation

rates normalised to median assimilation rates commonly observed across soil
ecosystems, with biological replicates (n = 39) grouped by site/type and host rock.
d Boxplots showing 14C-CO2 fixation rates under three conditions: dark carbon
assimilation (basal rate of CO2 incorporation under dark ambient conditions due to
carbon fixation or anaplerotic processes); photosynthetic carbon fixation (CO2

fixed under light ambient conditions); and hydrogenotrophic CO2 fixation (CO2

fixed under dark H2-enriched conditions). For each cave, nine independent biolo-
gical replicates were pooled, and three replicates for the entrance. Each pooled
sample was analysed in technical triplicates (n = 24), yielding two independent
biological duplicates for each host rock and site. Note that the rates do not
represent gross carbon fixation rates due to the presence of unlabelled native
inorganic carbon and internally recycled CO2 within samples. Boxplots display the
median (centre line), interquartile range (box) and whiskers extending to values
within 1.5 × IQR of the box.

Article https://doi.org/10.1038/s41467-025-65209-w

Nature Communications |        (2025) 16:10295 8

www.nature.com/naturecommunications


Finally, we traced radioisotope incorporation of 14C-CO2 into
biomass to ascertain the relative contributions of dark, hydro-
genotrophic, and photosynthetic CO2 fixation pathways, including as a
source of the δ13Corganic signatures. Whereas photosynthesis was
strongly stimulated at the entrance of basalt caves, it was negligible
elsewhere. Hydrogenotrophic CO2 fixation was observed in cave
interiors, with two-fold and five-fold more carbon fixed in limestone
and basalt caves respectively compared to dark conditions (Fig. 5d;
Supplementary Data 7a). Notably, basalt biofilm and sediment
microbes mediated higher hydrogenotrophic CO2 fixation activities
(5.7 × 10−13 nmol 14C cell−1 min−1) compared to average rates by lime-
stone sediment microbes (5.3 × 10−14 nmol 14C cell−1 min−1). This sup-
ports ourmetagenomic inferences thatH2 is the predominant driver of
CO2 fixation and may contribute to the observed δ13Corganic signatures
in caves. Gross carbon fixation rates are probably orders of magnitude
higher than measured 14CO2-fixation rates, as unlabelled native inor-
ganic carbon, CO2 from the ambient air headspace, and internally
recycled CO2 within samples invariably competed with the trace levels
of added 14CO2 (400 ppm), especially in carbonate-rich limestone
samples (1.7–29% carbon; Supplementary Data 1). Therefore, these
rates are a conservative estimate to only reflect the potential for
hydrogenotrophic CO2 fixation under elevated H2 conditions, and
should not be interpreted as ambient net CO2 fixation rates. Metha-
notrophs also contribute to carbon acquisition frommethane, as they
are estimated to assimilate −3.5 × 10−7 to −1.1 × 10−12 nmol C cell−1 min−1

based on their ex situ cell-specific oxidation rates, and a theoretical
40% methane-carbon conversion efficiency53–55, which is further sup-
ported by their activities based on the in situ flux analysis (Fig. 5c;
Supplementary Data 7b). We acknowledge that methanotrophic CO2

fixation via the CBB cycle, as well as other dark and anaplerotic pro-
cesses not accounted for in this study, may contribute to CO2 fixation
in caves. These experiments demonstrate that microbial energy and
carbon acquisition from atmospheric substrates occur continuously,
with chemosynthetic primary productivity being sustained across a
range of cave surfaces.

Aerotrophy as a key process in cave ecosystems
Here, we provide extensive metagenomic and biogeochemical evi-
dence for the consumption of atmosphere-derived trace gases in cave
sediments and biofilms. This consumption may support a potentially
large fraction of the microbial community. Primary production
appears to be driven by highly abundant and active methanotrophs
oxidising atmospheric methane. Previously undescribed lineages of
actinobacterial lithoautotrophs are predicted to oxidise hydrogen to
fix CO2. Together, these organisms continuously use the gases
methane, hydrogen, carbon dioxide and carbon monoxide present in
cave atmospheres. Cave ecosystems differ from polar desert soils, the
other major type of ecosystem shown to be atmospherically powered
19–21, in that trace gases appear to drive continual growth rather than
long-term survival in these nutrient-deprived environments. This is
reflected by the abundant primary producers in cave sediments and
biofilms, the rapid fluxes and activities of trace gas oxidisers, and the
theoretical considerations based on thermodynamic and biogeo-
chemical modelling. Given the relatively stable environment, humid
conditions, and aeration of most caves, it is predicted that aerotrophs
will continually cycle gases such as hydrogen, methane, and carbon
dioxide, whether of atmospheric origin or geogenic origin (including
at atmospheric concentrations), allowing continuous primary pro-
duction. On this basis, we propose defining the term “aerotrophy” as
“the process of growth through the use of atmospheric trace gases, as
energy and carbon sources” (derived from Greek, by combining the
prefix “aero” meaning “air” and the suffix “trophic”, derived from
“trophē”, meaning “nourishment”), with caves as major systems often
driven by ‘aerotrophic microorganisms’.

Aerotrophy nevertheless co-occurs with other energy and carbon
acquisition processes in cave systems. There is likely much spatio-
temporal variation in the relative contributions of atmospheric, inor-
ganic, organic, and even solar energy sources within and between
caves. We provide metagenomic and biogeochemical evidence that
other chemosynthetic processes, including nitrification and sulphide
oxidation, are also important in diverse caves and are likely to be
dominant where rock-derived substrates are locally elevated. More-
over, while the atmosphere is most likely the primary source of trace
gases in the caves sampled, some caves ormicroenvironments therein
will have elevated inputs through geological processes (e.g. serpenti-
nisation, radiolysis) and biological production (e.g. fermentation,
nitrogen fixation, methanogenesis) that could supplement primary
production30,37,56. Our analyses also do not differentiate the relative
contribution of aerotrophy and other chemosynthetic carbon fixation
(autochthonous inputs) and external organic matter (allochthonous
inputs) to the organic carbon levels observed in the sampled caves.
External inputs are likely to be substantial in certain sections of the
caves, in line with the high moisture and carbon content of certain
samples, and will also vary in response to seasonal hydrological
dynamics. These inputs are predicted to primarily enter the cave via
sinking streams and surface water that gradually seeps through soil
and rock layers9. While sinking streams can provide substantial con-
centrations of organic carbon comparable with surface streams, water
percolation tends to spread smaller amounts of organic carbon over a
wider area. Depending on the geomorphology of each cave, these
modes of carbon and nutrient inputs likely interact to create the varied
local conditions we observed. Given the genome collection suggests
most of the bacteria in these caves can use both trace gases and
organic carbon to meet their resource needs, it is likely most will take
advantage of external carbon whenever available across space and
time, but continually sustain themselves on trace gases otherwise.
Indeed, given that atmospheric trace gases are such rich and
dependable energy sources, they are continuously used by the most
abundant microbes in these ecosystems. Exceptions likely include
those caves that have more extensive solar or guano inputs, are dis-
connected from the atmosphere, or are otherwise largely anoxic15.
Altogether, our analyses suggest that atmospheric trace gases support
a basal level of primary production and energy conservation, which in
turn sustains the substantial biodiversity found in various cave
ecosystems.

Methods
Site description and sampling
Samples were collected from four caves in Victoria Australia, belong-
ing to two major lithologies, sedimentary limestone and igneous vol-
canic rock: 3M-3—Shades of death (S 37.40591; E 148.21114); 3M-49—
Scrubby creek (S 37.44000; E 148.17000); 3H-11—Harman 1 (S 37.9075;
E 141.9769); and 3H-9—Tunnel cave (S 38.05706; E 141.92000). Two
limestone caves (M3 / M49) were sampled in April 2021, and two vol-
canic caves (H-11 / H-9) were sampled inNovember 2021. Samples were
collected using sterile techniques along a distance transect traversing
four sites consisting of the cave entrance at the surface (Entrance) and
cave interior (Twilight, Transition and Deep), with the Deep sites
representing the furthest point from the entrance (Fig. 1a). At each site
(~25m2), three sampling plots (~1m2) were selected at random (Fig. 1a).
At each plot, sediment-atmosphere fluxes were measured, and sam-
ples of sediments and biofilms were collected in triplicate for ex situ
oxidation measurements, physicochemical analysis, and DNA extrac-
tions to perform qPCR and metagenomic sequencing. Additionally,
opportunistic sampling of conspicuously hued biofilms, fungal spores,
moonmilk57 and sediments were collected for metagenomic sequen-
cing. An alternative design was used for Harman 1 cave, given the lack
of bulk sediments on the cave floor and high prevalence of brown
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biofilms meant flux measurements could not be taken. Instead, sam-
pling focused on ambient air measurements and the collection of
sediments from three plots at the Entrance and biofilm from three
plots at theDeep zone and twoplots at the Transition site. All sampling
occurred during daylight hours and dry weather conditions, gas sam-
ples and incubations were processed within 48 h of collection, and
sediment samples for DNA extraction were initially stored at 5 °C for
transport and frozen at −20 °C until DNA extraction. Sampling at
Harman 1 andTunnel cavewereconductedunder ParksVictoria Access
Agreement AA-0000038. Sampling at Scrubby Creek cave and Shades
of Death cave were privately arranged with owners at the Rimstone
Cooperative Ltd.

Sediment physicochemical analysis
For sediment chemistry analysis, sediment samples from each plot
were pooled to formone representative composite sample per site and
sent to the Environmental Analysis Laboratory (EAL), Southern Cross
University. In total, 37 separate soil physicochemical parameters were
selected for analysis, based on commonly reported drivers of soil
microbial composition globally. These included: Phosphorus (mg/kg
P), Nitrate Nitrogen (mg/kg N), Ammonium Nitrogen (mg/kg N), Sul-
phur (mg/kg S), pH, EC (dS/m), Estimated Organic Matter (% OM),
Exchangeable Calcium (mg/kg), Exchangeable Magnesium (mg/kg),
Exchangeable Potassium (mg/kg), Exchangeable Sodium (mg/kg),
Exchangeable Aluminium (mg/kg), Exchangeable Hydrogen (mg/kg),
Effective Cation Exchange Capacity (ECEC) (cmol + /kg), Calcium (%),
Magnesium (%), Potassium (%), Sodium - ESP (%), Aluminium (%),
Hydrogen (%), Calcium/Magnesium Ratio, Zinc (mg/kg), Manganese
(mg/kg), Iron (mg/kg), Copper (mg/kg), Boron (mg/kg), Silicon (mg/kg
Si), Total Carbon (%), Total Nitrogen (%), Carbon/Nitrogen Ratio,
Chloride Estimate (equiv. mg/kg), TOC (%), Moisture content (%),
Gravel (%), Sand (%), Silt (%), Clay (%).

Community DNA extraction
Total community DNA was extracted from a total of 105 samples (94
environmental samples +11 controls) using 0.25 g of sediments and
biofilms. Extractions were performed using the FastDNA Spin Kit for
Soil according to the manufacturer’s instructions with an additional
round of bead beating to improve DNA yields. Samples were eluted in
DNase- and RNase-free UltraPure Water (ThermoFisher). Eleven
sample-free negative controls were also extracted. Nucleic acid purity
and yield were measured using a NanoDrop ND-1000 spectro-
photometer and a Qubit Fluorometer 2.0.

Quantitative PCR
Quantitative polymerase chain reactions (qPCR) were used to estimate
total bacterial and archaeal abundance. The 16S rRNA gene
was amplified using the degenerate primer pair (515 F 5ʹ-
GTGYCAGCMGCCGCGGTAA-3ʹ and 806R 5ʹ-GGACTACNVGGGTWTC
TAAT-3ʹ). A synthetic Escherichia coli 16S rRNA gene sequence in a
pUC-like cloning vector (pMA plasmid; GeneArt, ThermoFisher Sci-
entific) was used as a standard. PCR reactions were set up in each well
of a 96-well plate using LightCycler 480 SYBRGreen IMasterMix. Each
sample was run in triplicate and standards in duplicate on a Quant-
Studio 7 Flex Instrument (Applied Biosystems). The qPCR conditions
were as follows: pre-incubation at 95 °C for 3min and 45 cycles of
denaturation 95 °C for 30 s, annealing at 54 °C for 30 s, and extension
at 72 °C for 24 s. 16S rRNA gene copy numbers were calculated based
on a standard curve constructed by plotting average Ct values of a
serial dilution of the plasmid-borne standard against their copy
numbers.

Metagenome sequencing, assembly, and binning
Metagenomic shotgun libraries were prepared using the Nextera XT
DNA Sample Preparation Kit (Illumina Inc., San Diego, CA, USA) and

subject to paired-end sequencing (2 × 150bp) on an Illumina Nova-
Seq6000 platform at the Australian Centre for Ecogenomics (ACE),
University of Queensland. Raw metagenomic sequences were sub-
jected to quality filtering using the BBDuk function of the BBTools
v38.80 (https://sourceforge.net/projects/bbmap/); contaminating
adaptors (k-mer size of 23 and hamming distance of 1), PhiX sequences
(k-mer size of 31 and hamming distance of 1), and bases from 3’ ends
with a Phred score below 20 were trimmed. After removing resultant
readswith lengths shorter than 50 bp, 93% high-quality readpairswere
retained for downstream analysis. Coassemblies were conducted
according to cave type (limestone vs basalt) and sample nature
(dividing by biofilm, sediment, and moonmilk) were conducted using
quality-controlled reads in megahit (v1.2.9) using kmers of 27, 37, 47,
57, 67, 77, 87, 97, 107, 117 and 127. In addition, assemblies for each
individual samplewere performedusingmetaSPAdes (v3.15.5)with the
same set of kmers58. Contigs from both coassemblies and individual
assemblies with a minimum length of 500 bp were used for binning
with MetaBAT2 (v2.12.1)59, MaxBin2 (v2.2.7)60 and CONCOCT (v1.1.0)61

to reconstructMAGs,which is implemented in the “binning”module of
MetaWRAP (v1.3.2)62. Subsequently, the ‘bin refinement’ modules of
MetaWRAP and DAS tool63 were used in parallel to consolidate the
MAGs from the three binners into one bin set for each assembly. A final
MAG set was obtained by dereplicating MAGs from all assemblies at
99% average nucleotide identity using dRep “dereplicate” (v3.4.2)13,64.
The completeness and contamination of the MAGs were estimated
using CheckM2 (v0.1.3)65 “predict”. Taxonomy of each MAG was
assigned using GTDB-Tk “classify_wf” (v2.3.0)66 against GTDB release
214. CoverM (v0.6.1) “genome” was used to calculate the relative
abundance of each MAGs within each sample

Bacterial and archaeal community profiling
To profile bacterial, archaeal, and eukaryotic community composition
based on the metagenomes, quality-filtered short reads encoding 16S
rRNA genes were retrieved and assigned using PhyloFlash v.3.067. The
function PhyloFlash.pl was given a -taxlevel 6 flag for bacteria/archaea
specifying a taxonomic assignment down to genus level. Retrieved
sequences were then clustered using PhyloFlash.pl into NTUs (nearest
taxonomic units), mapped to the SILVA database (release 138)68, and
filtered to exclude rare hits (min. read count ≥ 10). Alpha and beta
diversity were calculated using R (version 4.1.0 (2021-05-18)—“Camp
Pontanezen”) and the Phyloseqpackage69. First, readswerenormalised
using the coverage-based rarefaction and extrapolation method
implemented in the R package iNEXT70. Coverage was calculated for
each sample using the function phyloseq_coverage, followed by rar-
efaction of all reads, using the function phyloseq_coverage_raref with
default parameters. Observed and estimated richness was calculated
using the estimate_richness function specifying with “observed” and
“chao1” flags. To calculate beta diversity, sample counts were first
transformed to relative abundance and clustered using a Non-metric
Multidimensional Scaling ordination via the ordinate function with
flags “NMDS” and “Bray” function. A stress plot was used to determine
linear (R2 = 0.83) and non-metric (R2 = 0.96) fit between ordination
distance and dissimilarity (Bray-Curtis). The final stress of <0.2 (0.18)
indicated a good representation in reduced dimension.

Metagenomic functional analysis and metabolic reconstruction
To estimate the metabolic capability of the sediment and biofilm
communities, quality-filtered and unassembled short reads were
searched against custom protein databases of representative meta-
bolicmarkers using DIAMONDv.0.9.31 (query cover > 80%)71. Searches
were carried out using all quality-filtered unassembled reads with
lengths over 120 bp. The metabolic markers searched are involved in
oxidative phosphorylation (AtpA), NADH oxidation (NuoF), aerobic
respiration (CoxA, CcoN, CyoA, CydA), formate oxidation (FdhA),
arsenic cycling (ARO, ArsC), selenium cycling (YgfK), sulphur cycling
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(AsrA, FCC, Sqr, DsrA, Sor, SoxB), nitrogen cycling (AmoA, HzsA, NifH,
NarG, NapA, NirS, NirK, NrfA, NosZ, NxrA, NorB), iron cycling (Cyc2,
MtrB, OmcB), reductive dehalogenation (RdhA), phototrophy (PsaA,
PsbA, energy-convertingmicrobial rhodopsin (RHO)),methane cycling
(McrA, MmoX, PmoA), hydrogen cycling (large subunit of NiFe-, FeFe-,
and Fe-hydrogenases), isoprene oxidation (IsoA), CO oxidation (CoxL,
CooS), succinate oxidation (SdhA), fumarate reduction (FrdA), and
carbon fixation (RbcL, AcsB, AclB, Mcr, HbsT, HbsC)72–74. Results were
filtered based on an identity threshold of 50%, except for RHO (40%),
NuoF, group 4 NiFe-hydrogenases, MmoX, FeFe-hydrogenases, CoxL,
AmoA, NxrA, RbcL (all 60%), PsaA (80%), PsbA, IsoA, AtpA, ARO, YgfK
(70%), and HbsT (75%). Read counts for each gene were normalised to
reads per kilobase per million (RPKM) and average gene copy per
organism as previously described 21,27,75. Proteins from eachMAGswere
predicted intrinsically in CheckM65. Best gene hits were filtered to
retainonly those either at least 40 amino acids in length orwith at least
80% query or 80% subject coverage3. For predicted proteins, the same
thresholds were used as above except for AtpA (60%), PsbA (60%),
RdhA (45%), Cyc2 (35%) andRHO (30%)23. Metabolic reconstruction for
the three most dominant hydrogenotrophs and methanotrophs was
performed via annotation of relevantMAGswithDRAM76, based on the
KEGG database. Pathways were identified through the KEGG pathway
database and literature77. NoMAGs encoded a GSH-linked pathway for
formaldehyde oxidation, which is consequently omitted from the
metabolism figure.

Methanotroph phylogenetic and metabolic analysis
GraftM v 0.1478 was used to ascertain gene phylogeny. PmoA and
MmoXpackages79 were used and updatedwith sequences published in
ref. 21,27,80–86. HMM and DIAMOND (hmmsearch+diamond) search
methods were applied, along with a conditional E-value (c-Evalue)
threshold of 1e-1026,78. Multiple sequence alignment of protein
sequences was performed with MAFFT v 7.49087, trimming at mini-
mum 20% representation was performed with TrimAl v.1.4.188. Phylo-
genetic trees of protein sequences were generated with IQ-TREE v.
2.2.0.389 with the ultrafast bootstrap approximation option using 1000
iterations and enabling the ModelFinder option (Best-fit model: LG +
F +R6). The trees were rerooted and grouped in ARB v. 6.0.390.
Visualisation of protein trees was done in iTOL v691. The genome
phylogenetic tree was generated by extracting the multiple sequence
alignment of high-quality MAGs (completion >90% and contamination
<5%) and known methanotrophs generated by GTDB-Tk (v2.1.1)66

against GTDB release 214. The tree was constructed with IQ-TREE v.
2.2.0.389 using model WAG+G and ultrafast bootstrap approximation
option using 1000 iterations. The trees were rerooted and grouped in
ARB v. 6.0.335 and visualised in iTOL v691. Annotation was performed
using DRAM and the KEGG database, and pathways were identified
through the KEGG pathway database and literature77. No MAGs enco-
ded a GSH-linked pathway for formaldehyde oxidation, which is con-
sequently omitted from the metabolism figure.

In situ sediment–atmosphere gas fluxes
In situ sediment-atmosphere fluxes of H2, CO and CH4 were measured
using static flux chambers. The chamber consisted of a poly-
vinylchloride (PVC) pipe of 20 cm height and 15 cm diameter, with a
threaded access cap. The cap was fitted with a gastight O-ring, two
butyl rubber septa (one for air sampling and one for a thermometer),
and an axial fan on the inside to promote internal mixing. At each plot,
a PVC base collar of 10 cm height and 14.8 cm diameter was inserted
~5 cm into the sediment and left to equilibrate for ~15min prior to
sampling to reduce lateral gasfluxes.Once the chamberwasfittedover
the collar, an ambient air measurement was taken at the base of the
collar, the cap was immediately closed, and the axial fan was started,
and the next measurement was taken within 30 s. Additionally, ambi-
ent measurements were taken over a 30-min period. For each

measurement, 25mL of gas was collected using a gas-tight Terumo
syringe fitted with a Luer Lock and Discofix three-way stopcock. Data
quality checks and measurements by gas chromatography were con-
ducted as described below. The temperature of the chamber, ambient
air, and sediment were monitored throughout. Concentrations were
then converted to nmol m−3 at ambient pressure and temperature
using the ideal gas law. Atmospheric flux (Jatm; nmolm2 s−1) was calcu-
lated from the initial ambient conditions (t0) and rate of change at
chamber deployment, using linear regression and an exponential
model for each chamber measurement as previously described27. We
calculated two separate flux phases “transient flux”, which includes the
t0 ambient state, and the equilibrium flux, which excludes t0 to capture
steady-state conditions. This was done to obtain an upper and lower
bound flux range, to better reflect the unique conditions inside each
cave, including shallow sediments, unique microclimate and absence
of soil matrix.

Ex situ bulk oxidation rates
Microcosms were used to determine the capacity of sediment and
biofim microbial communities to oxidise H2, CO and CH4 by gas
chromatography. Overall, 44 biological replicates from four caves
consisting of the Entrance (n = 12), Twilight (n = 9 plots), Transition
(n = 11) and Deep (n = 12) zones were used. 5 g of sediment/brown
biofilm (Harman 1) samples were placed in a 120ml serum vial and
incubated at 20 °C. The ambient air headspace was amended with H2,
CO and CH4 (via a mixed gas cylinder containing 0.1 % v/v H2, CO and
CH4 each in N2, BOC Australia) to give starting mixing ratios of
approximately 10 parts per million (ppmv) for each gas. At each time
interval, 2ml of headspace gas was sampled using a gas-tight syringe
and stored in a sealed 3ml glass exetainer flushed prior with ultra-high
purity N2 (99.999% pure, BOC Australia). A VICI gas chromatograph
instrument with a pulsed discharge helium ionisation detector (model
TGA-6791-W-4U-2, Valco Instruments Company Inc.) and an auto-
sampler was used to measure gas concentrations as previously
described92. The instrument was calibrated against ultra-pure H2, CO
and CH4 standards. Calibration mixed gas (10.20 ppmv of H2,
10.10 ppmv of CH4, 9.95 ppmv of CO in N2, Air Liquide Australia) and
pressurised air (Air Liquide Australia) with known trace gas con-
centrations were used as internal reference standards. Pooled heat-
killed sediments for each triplicate (treated at 121 °C, 15 p.s.i. for
60min) and empty vials (duplicate) were prepared as negative con-
trols. All measurements were quality checked for peak anomalies,
injection failures or leaks and excluded from downstream analysis.
Reflecting the natural variation oxidation rates, measurements were
halted once oxidation approached sub-atmospheric concentrations
for individual samples. First order reaction rate constants were cal-
culated by fitting an exponential model as determined by the lowest
overall RootMeanSquared Errorwhen compared to a linearmodel and
normalised to average global concentrations for each gas.

Cell specific power calculations
The calculation was performed as previously described21,27, involving
the determination of cell-specific power generated by the oxidation
of H2, CO and CH4, measured as Gibbs energy per unit time per
microbial cell. This was accomplished by factoring in the reaction
rate for each gas, theGibbs energy of the reaction, and the number of
microbial cells involved. The Gibbs energy calculations considered
the standard Gibbs energy, the reaction quotient, gas-phase com-
pound activities, and sediment conditions. Measurement of reactant
concentrations and reaction rates was conducted via gas chromato-
graphy. Estimates of microbial cells performing these reactions were
calculated from 16S rRNA gene copy number datasets and abun-
dances inferred frommetagenomics datasets, focusing on trace gas-
oxidising communities. This approach was compared to previous
literature by recalculating the theoretical maximum population of
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trace-gas oxidising bacteria using modelled Gibbs energy and mea-
sured reaction rates.

Ammonium and sulphide oxidation
Oxic slurry experiments were undertaken to determine the oxidation
rates of ammonium and sulphide of the cave sediments. Biotic and
abiotic oxidation rates were distinguished using sterilised (auto-
claved at 120 °C for 1 h) and non-sterilised cave sediments. Slurries
containing 10 g sediment (wet weight) and 200mL substrate amen-
ded ultrapure water (50 µM of either ammonium chloride or sodium
sulphide) were prepared in 250mL Schott bottles. The slurries were
aerated for 5min to ensure oxic conditions. The bottles containing
the slurries were left uncapped but loosely covered with pre-
combusted aluminium foil. The slurries were incubated in the dark
and were mixed from time to time for the duration of the incubation
period (up to 22 days). At each time point, 15mL of samples were
collected and filtered through 0.22 µm pore-sized filters (Sartorius
Minisart syringe filter). Filtered samples were analysed for ammo-
nium, nitrate, nitrite and sulphate concentrations using a Lachat
Quickchem 8000 Flow Injection Analyzer (APHA standard method).
Oxidation rates of ammonium were calculated using linear and non-
linear regression of uptake over time as well as liner regression of
nitrite and nitrate accumulation over time. Similarly, rates of sul-
phide oxidation were calculated from linear regression of sulphate
increase over time.

Measurement of carbon isotope at natural abundance
level (δ13C)
Stable isotope measurements were performed to probe possible
pathways contributing to the formation of organic matter in caves.
Approximately 1 g of sediment was dried at 60 °C for 24h, pulverised
and homogenised with a clean mortar and pestle. The pulverised
sample was further dried at 60 °C overnight. Biofilm samples werefirst
resuspended in sterile ultrapure water, pelleted by centrifugation at
13500 g for 2min, and dried at 60 °C. Samples were weighed into
8mm× 5mmsilver capsules, repeatedly treatedwith 10%hydrochloric
acid (HCl) to remove inorganic carbon, and dried at 60 °C until no
further effervescence was observed. All samples were analysed on an
ANCAGSL2 elemental analyser interfaced to aHydra 20-22 continuous
flow isotope ratio mass spectrometer (CF-IRMS; Sercon Ltd., UK). The
precision of the analysis was ±0.2‰. To ensure the accuracy of the
isotopic values, internal standards (i.e. sucrose, gelatine and bream)
were run concurrently with the samples. These internal standards have
been calibrated against internationally recognised reference materials
(i.e. USGS 40, USGS41 and IAEA C-6). In addition to δ13C, the instru-
mental analysis also yielded information on the percentage of organic
carbon in each sample, with a quantification limit of 0.1mg and a
precision of 0.5 µg for carbon content.

Culture-based natural isotope preparation
To contextualise the δ13C of biomass originating from different carbon
fixation pathways, we referred to the carbon isotopic fractionation
effects observed in pure cultures. Our dataset includes previously
reported literature values for autotrophic pure cultures52,93–96 and new
analyses of two hydrogenotrophs (Cupriavidus necator H16, Hydro-
genophaga pseudoflava 1034) and three methanotrophs (Methylo-
capsa gorgona MG08, Methylococcus capsulatus NCIB 11132,
Methylosinus trichosporiumOB3b). H. pseudoflava and C. necator grew
autotrophically (CBB cycle) on H2 as follows. Pre-culture of both spe-
cies was prepared by cultivating autotrophically on 20%H2 + 5%CO2 in
minimal medium DSMZ 81 with an initial OD600 of 0.03 in gas-tight
120ml serum vials sealed with rubber stoppers and aluminium caps at
30 °C with an agitation speed of 180 rpm. The main cultures were
prepared by inoculating with an initial OD600 of 0.05 under identical
conditions in a 1 L Schott bottle, sealed with rubber stoppers (GL 45

open-top cap) and screw caps (GL 45 cap open-top). M. gorgona, M.
capsulatus, M. trichosporium were grown on CH4 as follows. NCIMB
nitratemineral salts (NMS)medium 131 was used forM. capsulatus and
M. trichosporium while DSMZmedium 921 supplemented with 10ml/L
of 10x NMS salts and lanthanum (a final concentration of 1 µM) was
used for M. gorgona. Exponential M. capsulatus and M. trichosporium
cultures were grown in 1 L Schott bottles under 20% v/v CH4 in air at
37 °C and 30 °C, respectively, with shaking (200 rpm) for 7 days. M.
gorgona cultures were prepared by inoculating 250mL medium with
70mL of an early stationary phase culture in 1 L glass bottles under
30% v/v CH4 in air at 20 °Cwithout shaking. δ13C values of CO2 andCH4

were determined to be −10.6 ± 0.1‰ and −51.9 ± 1.5‰, respectively.
Triplicate cultures were prepared for all strains. Following incubation,
cells at late exponential or stationary phase were subject to cen-
trifugation at 4 °C. Supernatants were discarded, and cell pellets were
resuspended in 1x PBS buffer, followed by another round of cen-
trifugation. Supernatants were discarded again, and the cell pellets
were stored at −80 °C until freeze-drying. Cell pellets were lyophilised
for 48 h and analysed for δ13C, using the same method as for the
sediment and biofilm samples. One outlier was removed with an
anomalously light signature of −67.40‰. The expected δ13C values of
autotrophs reported in the literatures and current measurements
when grownon atmospheric CO2 (δ

13C average −8.5‰)97 and CH4 (δ
13C

average −47.2‰)98 were reported. A random forest model was then
generated assessing the importance of key functional genes (pmoA,
mcr, hbsT, aclB and rbcL) against depletion of biomass 13C stable iso-
tope (δ13Corganic), using the randomForest function in R. Parameters
were as follows: Number of variables randomly sampled as candidates
at each split = 10, number of trees grown= 10,000 and sampling of
cases was conducted with replacement.

14CO₂ fixation assay
A radiolabelled carbon dioxide (14CO2) incubation assay was used to
measure the capacity of cave sediments/biofilms to mediate three
processes: (i) dark CO2 assimilation/fixation, (ii) hydrogenotrophic
CO2 fixation, and (iii) photosynthetic CO2 fixation as previously
reported19,20,22,99. The sample was added with 50% v/w of sterile water
containing 0.0833μmolof NaH14CO3 (equivalent amount as 400ppmv
headspace 14CO2; Perkin Elmer, 56.6mCimmol−1) and the vial was
immediately sealed with PTFE/silicone septum lid (Supelco, Sigma-
Aldrich). The samples were then incubated for 96 h at either 20 °C
under three conditions: (1) dark (covered in aluminium foil), (2) light
(40μmol photons m−2 s−1 under constant illumination), and (3) dark
hydrogenotrophic condition (100ppmv of headspace H2). For each
condition and location, a technical triplicate and aheat-killed sediment
control was prepared. Following incubation, each sample was treated
with 2ml of 1M HCl to remove unfixed CO2 and the content was
transferred to a 20ml scintillation vial. After overnight acidification
treatment, the samplewas addedwith an additional 1ml of 1MHCl and
allowed to dry at 60 °C under a heat lamp. 20ml of liquid scintillation
cocktail (EcoLume™, MP Biomedical) was added to the dried sample
and the signal of fixed 14C was measured on an automated liquid
scintillation counter (Tri-Carb 2810 TR, Perkin Elmer) for 5min. The
instrument was regularly calibrated with 14C standards of known
activity.

Phylogenetic analysis
The evolutionary relationships of maker genes, including methane
oxidation (PmoA), hydrogen oxidation (NiFe), CO oxidation (CoxL),
ammonia oxidation (AmoA), nitrite oxidation (NxrA) and carbon fixa-
tion (RbcL) were visualised by constructing phylogenetic trees of
protein sequences. Briefly, protein sequences retrieved from theMAGs
and metagenomic assembled reads by homology-based searches
against a subset of reference sequences from a custom database100,
and were aligned using MAFFT87 with default parameters, and
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subsequently trimmed using Trimal v1.2rev59 (“-gappyout”)88. The
trimmed multiple sequence alignments were used to infer phyloge-
netic trees with the maximum likelihood method incorporating sub-
stitution model selection and 1000 bootstrap iterations implement in
IQ-TREE2 v1.6.12 (“-alrt 1000 -B 1000 -m TEST”)89. Tree rendering was
performed using the Python package ETE3101 combined with visuali-
sation in iTOL91.

Methane carbon conversion efficiency
Theoretical estimation of carbon assimilation into microbial biomass
was based on measured methane oxidation rates. Three seminal
papers on methane carbon assimilation were used to calculate a con-
stant conversion factor54,55,102. The percentage of methane carbon
assimilation varied between 20 and 62%. By utilising the median for
each range and computing the mean (40%), we determined the
amount of methane carbon assimilated in units of nmol C cell−1 min−1

by multiplying the cell-specific methane oxidation rate by a constant
fraction of 0.4. This measurement provides a quantifiable indicator of
the role of aerobic methanotrophs in the carbon cycle. One drawback
of this approach is that it does not consider variations in assimilation
across different cells and variations in assimilation across different
physicochemical conditions.

Data availability
Themetagenomic data generated in this study have been deposited at
NCBI Sequence Read Archive BioProject: PRJNA1048116: https://www.
ncbi.nlm.nih.gov/bioproject/PRJNA1048116. All individual accession
numbers with hyperlinks are provided in Supplementary Data 4a.
Metagenome assembled genomes have been deposited in GenBank,
with accession numbers and hyperlinks provided in Supplementary
Data 4c. Processed metagenomic data are listed in Supplementary
Data 4a–c. Raw data for all figures has been provided in the Source
Data. Source data are provided with this paper.
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