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Microbially-mediated halogenation and
dehalogenation cycling of organohalides in
the ocean

Na Zhou1,6, Qihao Li1,6, Zhiwei Liang1,6, Ke Yu 2, Chunfang Zhang 3,
Huijuan Wang4, Pengcheng Li5, Zhili He 1 & Shanquan Wang 1

Microbially mediated organohalide cycling in the ocean has profound impli-
cations for global biogeochemical cycles and climate, but the geographic
distribution and diversity of the halogenation-dehalogenation cycling micro-
organisms remain unknown. Here, we constructed an organohalide-cycling
gene database (HaloCycDB) to explore the global atlas of halogenation-
dehalogenation cycling microorganisms and genes from 1473 marine meta-
genomes. Strikingly, 6204 out of 15,252 metagenome-assembled genomes
(MAGs) carry organohalide-cycling genes, ofwhich 84.30% are dehalogenating
populations. Microorganisms of Pseudomonadota with even spatial distribu-
tion dominate both halogenation and dehalogenation potentials in the ocean,
in contrast to lineages of Asgardarchaeota and Thermoproteota solely med-
iating dehalogenation in the Northern hemisphere. Notably, 80.91% of
reductive dehalogenase (RDase) genes and 91.35% of RDase-containing pro-
karyotes represent uncharacterized lineages, substantially expanding known
dehalogenation diversity. Further integration of microbial cultivation, protein
structure prediction, and molecular docking revealed four unique “micro-
organism-RDase-organohalide” patterns for marine dehalogenation and its
coupling with carbon/sulfur cycles, being distinctively different from their
terrestrial patterns. These results advance our understanding of microbial
organohalide cycling by providing insights into the halogenation-
dehalogenation microbiomes in the ocean.

As the Earth’s largest reservoir of dissolved organic carbon, sulfur, and
halogen species, the ocean is a hotspot for microbially-mediated bio-
geochemical element cycling, potentially influencing global foodwebs
and climate1–3. In termsof the organic halogen species, over than 8000
organohalides have been identified to date from natural sources, of
which the majority originate from marine environments4,5. These

organohalides can serve as antibiotics and signaling molecules, pro-
foundly affecting marine community structure and ecological
competition5–7. For example, bromo-furanones produced by marine
red alga change bacterial quorum sensing systems to inhibit biofilm
formation6, and natural methoxylated polybrominated diphenyl
ethers (MeO-PBDEs) disrupt endocrine and immune functions of
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higher trophic organisms through bioaccumulation in marine food
webs8. Moreover, ocean-derived and short-lived organohalides (e.g.,
CH3Br) contribute up to 50% of ozone loss within the Antarctic
springtimeozonehole7, suggesting their pivotal role in affecting global
climate change. Nonetheless, in contrast to the extensively studied
organic carbon and sulfur cycles9,10, investigation on the biogeo-
chemical cycling of organohalides in the ocean is still in its infancy.

The biogeochemical cycling of organohalides is primarily driven
by their biosynthesis (halogenation) and attenuation (dehalogenation)
processes11, mediated by microorganisms that have evolved specia-
lized enzyme systems4,12. For the halogenation process, accumulating
biochemical evidence has revealed four groups of halogenases from
phylogenetically diverse bacteria, algae, and fungi to catalyze this
secondarymetabolismprocess inmarine and terrestrial ecosystems4,13,
i.e., flavin-dependent halogenase (FlaHase), vanadium-dependent
halogenase (VanHase), nonheme iron-dependent halogenase (NHFe-
Hase), and S-adenosyl-L-methionine-dependent halogenase (SAM-
Hase). By contrast, seven groups of dehalogenases, primarily from a
small group of bacterial lineages of terrestrial sources, have been
characterized to catalyze the dehalogenation of organohalides and
mostly in energy-associated primary metabolic ways, including oxi-
dative dehalogenase (OxDase)14, hydrolytic dehalogenase (HyDase)15,
reductive dehalogenase (RDase)16,17, glutathione S-transferase
(GSTDase)18, methyltransferase (MetDase)19, dehydrochlorinase
(DehyDase)20, and halohydrin dehalogenase (HahyDase)21. These
halogenases and dehalogenases, together with their host micro-
organisms and organohalide substrates, can form an extremely com-
plex “microorganism-enzyme-organohalide” network, especially in the
ocean with high salinity, oligotrophy, and extreme habitats22. The
heterogeneity of microbial growth niches in the ocean23 can promote
specialized and diverse “microorganism-enzyme-organohalide” pat-
terns to drive the marine halogenation and dehalogenation cycling of
organohalides. These patterns refer to acclimatization and interac-
tions among niche-specific microorganisms, associated enzymatic
machinery, and localized organohalide pools. Driven by redox poten-
tial and substrate availability, the “microorganism-enzyme-organoha-
lide” patterns could shape the taxonomic and functional
diversification for halogenation and dehalogenation of organohalides
in ocean, which represent yet-to-be-explored microbial resources of
novel organohalide-cycling microorganisms, enzymes, and active
chemical species. Nonetheless, our current understanding of the
halogenases/dehalogenases, as well as involved microorganisms and
organohalides, is mainly based on cultivation and biochemical char-
acterization studies, being largely hindered by the fact that both the
medium-derived cultivation bias24,25 and unculturable microbial dark
matter26,27 leave the majority of marine organohalide-cycling micro-
organisms and their functional genes uncharacterized. Moreover,
previous studies mainly focused on the organohalide formation or
dehalogenation potential of specific terrestrial regions (e.g., paddy
soil28 and polluted urban rivers13) or microbial lineages of specific
dehalogenation populations (e.g., organohalide-respiring bacteria of
Dehalococcoides and Dehalobacter)29, lacking a comprehensive cata-
logue and characterization of organohalide-cycling microorganisms
across the microbial kingdom and global ocean habitats. These lim-
itations greatly impede our comprehension of the microbially-driven
halogenation and dehalogenation cycling of organohalides in
the ocean.

The culture-independent metagenomics offers opportunities to
surmount these limitations30. Large-scale sampling and sequencing
efforts (e.g., the TaraOceans and Global Ocean Sampling expeditions)
have generated a vast expanse of genetic resources to explore novel
taxa and functions31. At the taxonomic level, novel microbial lineages
continually emerge and expand marine biodiversity, including the
recently identified uncultured bacterial phylum Candidatus Eudor-
emicrobiaceae to harbor an exceptionally high abundance of

biosynthetic gene clusters for producing organohalides and other
natural products32. At the functional level, metagenomic analyses have
uncovered previously unrecognized metabolic capabilities of both
known and novel microbial populations, exemplified by the identifi-
cation of photosynthetic genes (e.g., pufLM) in the predatory
Myxococcota33. Therefore, advances in metagenomics hold the
potential to reveal a full picture of microbially-mediated halogenation
and dehalogenation cycling of organohalides in the ocean, which
requires orthology databases to support metagenomic analyses.
Nonetheless, despite their unquestionable merits, currently available
KEGG34 and similar comprehensive databases tend to be biased toward
eukaryotes and the metabolism of model organisms for historical
reasons35, and lack partial enzymatic routes for the microbially-
mediated organohalide cycling, which often results in suboptimal
functional assignment and false-positive outcomes35. Consequently,
exploring organohalide-cycling microbiomes urges the development
of a function-specific database.

To explore the global-scale microbially-mediated halogenation
and dehalogenation cycling of organohalides in the ocean, we devel-
oped an organohalide-cycling gene database (HaloCycDB) to support
organohalide-cycling metagenomic analyses, and analyzed 1473
metagenomes from 506 marine sampling sites to reveal the geo-
graphic distribution of organohalide-cycling microorganisms and
functional genes at the global scale. Also, the microorganisms and
associated functional genes for halogenation and dehalogenation
cycling of organohalides were further catalogued to explore novel
taxonomic and genetic resources. Additionally, the “microorganism-
enzyme-organohalide” patterns for reductive dehalogenation were
analyzed and confirmed with protein structure prediction, molecular
docking, and laboratory cultivation experiments. To the best of our
knowledge, this study provides insight into the halogenation and
dehalogenation cycling of organohalides in the ocean, which provides
a roadmap for exploring marine organohalide-associated
bioresources.

Results
Database development to profile marine organohalide-cycling
potential
To facilitate the metagenome-based estimation of microbially medi-
ated halogenation and dehalogenation potentials and to enable the
robust projection of organohalide cycling in natural environments, an
organohalide-cycling gene database (HaloCycDB) was manually cura-
ted to profile the halogenation-dehalogenation cycling genes (Fig. 1a).
The HaloCycDB comprises a meticulously curated core database
(coreDB) and a full database (fullDB) (Supplementary Fig. 1), contain-
ing sequences of 221 functionally-characterized genes and 187,289
representative homologous genes, respectively, and covering all of the
four halogenation and seven dehalogenation processes (Fig. 1a).
Compared to canonical KEGG, COG and their derivative databases, the
annotation accuracy, coverage and sensitivity of the HaloCycDB were
significantly improved in profiling organohalide-cycling genes
(Fig. 1b), e.g., an accuracy of 99.97%, 79.20% and 70.89%, as well as a
sensitivity of 100%, 58.76% and 42.28%, for the HaloCycDB, KEGG and
COG databases, respectively. To ensure the gene annotation accuracy
in data analyses, both sequence similarity and conserved regions/
motifs (≥50%amino-acid/AA sequence similarity, or≥30%AAsequence
similarity plus conserved regions/motifs) were included as key
screening parameters to prevent false annotation of halogenation and
dehalogenation genes (Supplementary Fig. 1). Notably, with the strict
screening criteria, the total abundance of confirmed halogenation and
dehalogenation genes was decreased by 32.26–99.97% and
50.98–83.72%, respectively, relative to the widely employed less rig-
orous criteria (≥30% AA sequence similarity) (Fig. 1d).

To profile the cross-kingdom microbially-mediated cycling of
organohalides in marine environments, we performed a large-scale
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metagenomic assembly on 1473 marine water and sediment meta-
genomes across the globe (Fig. 1c; Supplementary Fig. 2; Supplemen-
tary Data 1). There were a total of 145,897,437 contigs assembled
from the 1473 metagenomes, which were employed to profile the
halogenation and dehalogenation genes in marine water and
sediment microbiomes by the HaloCycDB (Fig. 1d). In contrast to
Ascomycota as the major eukaryotic player in dehalogenation,
phylogenetically diverse Prokaryotes harbored 98.89% of all
organohalide-cycling genes and were dominant players to mediate
both the halogenation anddehalogenationprocesses of organohalides
in the ocean (Fig. 1d; Supplementary Fig. 3a). These prokaryotes pre-
dominantly employed FlaHase/VanHase halogenases and HyDase/
OxDase/RDase dehalogenases to mediate halogenation and dehalo-
genation, respectively (Fig. 1d; Supplementary Fig. 3a). Based on the
HaloCycDB, we further reconstructed a total of 6204 non-redundant
prokaryotic metagenome-assembled genomes (MAGs) with
organohalide-cycling potential by harboring halogenation or dehalo-
genation genes (completeness ≥50% and contamination ≤10%; Sup-
plementary Fig. 3b and 3c). Interestingly, the 6,204 organohalide-

cycling MAGs accounted for 40.68% of all 15,252 reconstructed MAGs
from global-scale marine metagenomes, of which 84.30% and 15.70%
were identified to be dehalogenation and halogenation populations,
respectively (Supplementary Fig. 3d). These results suggested the
widespread presence and consequent potential critical roles of
organohalide-cycling microorganisms in marine biogeochemical
cycles, which were neglected by previous studies.

Prokaryote-mediated organohalide cycling and their geo-
graphic distribution in the ocean
To examine prokaryote-mediated organohalide cycling in the ocean, the
1473 ocean metagenomes were used to profile their halogenation and
dehalogenation potentials, as well as their three-dimensional spatial
distribution (Fig. 2). Results showed a core group of bacteria dominate
the marine organohalide-cycling metabolisms. For example, Pseudo-
monadota being widespread in marine water and sediment environ-
ments mediated 65.73% and 65.14% potential halogenation and
dehalogenation activities, respectively (Fig. 2a, b; Supplementary
Fig. 4a). In addition, Chloroflexota mediated 5.98% of potential

Fig. 1 | HaloCycDB improves the precision and reliability of organohalide-
cycling gene annotations. a Halogenation and dehalogenation modules in the
HaloCycDB. The modules were numbered with a pound sign (#). b The accuracy
assessment (including sensitivity, false-negative rate, false-positive rate, accuracy
rate, and coverage) for KEGG, eggNOG, COG, arCOG, and HaloCycDB. c 1473
marine microbial community genomes (metagenomes) were collected from 506
globally distributed sites. The map was generated using the R package maps124, in

which the “world” data was derived from the Natural Earth (v2.0) (https://www.
naturalearthdata.com/). d Impact of gene data filtering based on conserved
domains/motifs and/or ≥50% amino-acid sequence identity on distribution of
organohalide-cycling genes and taxa. See Supplementary Fig. 1 for the detailed
strict criteria of gene data filtering. Heatmap illustrates gene abundances based on
RPKM (Reads Per Kilobase per Million mapped reads) values. Source data are
provided as a Source Data file.
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organohalide-cycling activities (Fig. 2a), and shared a similar geographic
distribution pattern in the ocean with the organohalide-cycling Pseu-
domonadota (Fig. 2b; Supplementary Fig. 4b). Notably, Dehalococcoidia
of the Chloroflexota mainly involved in FlaHase- and HyDase-mediated
halogenation and dehalogenation, respectively, and the well character-
ized terrestrial obligate organohalide-respiring bacteria (OHRB) of this
class (i.e., Dehalococcoides and Dehalogenimonas) for RDase-mediated
reductive dehalogenationwere absent in themarinewater and sediment
niches (Fig. 2a). In contrast, Anaerolineae insteadof theDehalococcoidia
weremajor players of the phylumChloroflexota to host RDase genes for
reductive dehalogenation in the ocean29.

There were phylogenetically diverse prokaryotic groups solely
mediating dehalogenation in the ocean (Fig. 2a, b), including the
sediment-inhabiting and HyDase/RDase-harboring archaea of
Lokiarchaeia (Asgardarchaeota) and Bathyarchaeia (Thermoproteota)
classes (Fig. 2a, b). Interestingly, compared to their even distribution
along the longitude (Supplementary Fig. 4d), these HyDase/RDase
gene-harboring Asgardarchaeota and Thermoproteota mainly
(>80.73%) gathered in sediment of the Northern hemisphere (0–90°N)
(Fig. 2b). In contrast to the sediment-inhabiting and HyDase/RDase-
harboring archaea, microorganisms (PCC-6307 order) of Cyano-
bacteriota were the only halogenating prokaryotes without dehalo-
genation capability (Fig. 2a) andmainly colonized at the surface ocean
(Fig. 2b; Supplementary Fig. 4c), particularly the tropical and tempe-
rate regions (45°S–45°N) with appropriate temperature and illumina-
tion conditions for their cell growth (Fig. 2b).

Of the organohalide-cycling gene distribution in the overall mar-
ine cross-sections, FlaHase and HyDase/OxDase/RDase were pre-
dominant halogenation and dehalogenation genes, respectively,
accounting for 9.72% and 64.20%/12.61%/6.32% (totally 92.85%) of all

potential organohalide-cycling activities (Fig. 2c; Supplementary
Data 2). Specifically, in contrast to FlaHase as a dominant halogenase
accounting for 76.20% of all halogenase genes, HyDase, OxDase, and
RDase as major dehalogenases reached 73.59%, 14.45%, and 7.25% of
total dehalogenase genes. The vertical distribution patterns of these
organohalide-cycling genes were in accord with their increasing rela-
tive abundance along with marine water depth, i.e., 8.63%, 14.38%,
17.81% and 21.29% of the total organohalide-cycling genes in micro-
biomes of epipelagic (EPI),mesopelagic (MES), bathypelagic (BAT) and
abyssopelagic (ABY) layers, respectively (Fig. 2c). In contrast, hetero-
geneous distribution patterns of these organohalide-cycling genes
were observed in the cold seep, hydrothermal vent, trench and other
sediment, e.g., 43.04% and 14.31% RDase genes, as well as 10.16% and
39.88% HyDase genes, were present in the cold seep and trench,
respectively (Fig. 2c; Supplementary Data 2). Due to the very different
biomass of microbiomes in the four marine water layers and the four
sedimentary environments, the distribution of these organohalide-
cycling genes varied distinctively from the above-described patterns
when incorporating the biomass abundance (Fig. 2d). Particularly, in
the epipelagic and mesopelagic layers, where micro-biomass abun-
dance accounted for 70.03% of total marine microbial mass36,37, the
HyDase and OxDase genes achieved 41.59% and 36.64% of their total
abundance in the ocean, respectively (Fig. 2d; Supplementary Data 2).
In contrast to the concentration of potential HyDase and OxDase
activities in the surface ocean, 49.28% of total RDase genes were
gathered in sedimentary environments (Fig. 2d; Supplementary
Data 2), which might support the establishment of microbiomes in
oligotrophic sediment by converting recalcitrant organohalides into
comparatively labile organic matter for downstream microbially-
mediated organic metabolisms.

Fig. 2 | Distribution of organohalide-cycling genes and prokaryotes in
the ocean. a Major taxonomic distribution of organohalide-cycling genes in pro-
karyotes. b Vertical distribution of organohalide-cycling microorganisms of Pseu-
domonadota, Chloroflexota, Cyanobacteriota, Asgardarchaeota, and
Thermoproteota at different latitudes. The distribution of halogenation-

dehalogenation cycling genes in different marine niches based on abundance
without biomass correction (c) and with biomass correction (d). The thickness of
the lines in the Sankey diagram (in a, c, d) represents the RPKM values. Sediments
are divided into cold seep (CS), hydrothermal vent (HV), trench (Tre), and other
sediments (OS). Source data are provided as a Source Data file.
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Expanded catalog of organohalide-cycling genes and genomes
from global marine water and sediment microbiomes
To uncover the halogenation/dehalogenation gene diversity, we clus-
tered genes encodingmajor halogenases (FlaHase) and dehalogenases
(HyDase and RDase) in marine water and sediment microbiomes. The
FlaHase, HyDase, and RDase genes were clustered at 90%, 75%, and
90% amino acid identity, respectively, which were commonly used
standards for grouping their functional-like genes38. Based on the
functional gene annotations from the strict criteria of HaloCycDB,
32.73%, 53.01% and 80.91% were identified to be unknown FlaHase,
HyDase and RDase genes, respectively, greatly expanding the current
diversity of halogenation and dehalogenation genes (Fig. 3a; Supple-
mentary Fig. 5). Notably, the ocean-derived FlaHase and HyDase genes
were mainly clustered based on their substrate specificities, and
showed high coverages of their phylogenetic tree lineages: (1) the
ocean-sourced FlaHases evenly covered all major FlaHase groups,
including group-2 (PltA/HrmQ/Mpy16-like), group-3/4 (PrnA/KtzQ/
SpmH-like) and group-5 (BrvH-like) FlaHases to specifically catalyze
halogenation of pyrrole-containing natural products, L-tryptophan
and indole derivatives, respectively (Supplementary Fig. 5a); (2) the
marine HyDases covered all major groups, but were mainly clustered
into the group-6 (62.74%) HyDases that degraded haloalkanes (Sup-
plementary Fig. 5b), which together with predominance of HyDases in
the overall dehalogenation potential suggested the critical role of
halogenated alkanes in sustaining microbiomes by conversion of
persistent organohalides into labile organic matter in oligotrophic
marine environments39. In contrast to the high coverage of ocean-
sourced FlaHases and HyDases, marine RDases formed 6 new clusters
(groups 6–11) that were separated frompreviously reported terrestrial
RDases (groups 1–5; Supplementary Fig. 5c). This observation indi-
cated the different evolutionaryprocesses of the terrestrial andmarine
RDases, which could be partially due to the varied RDase-hosting
organohalide-respiring microorganisms in terrestrial and marine
environments. Moreover, 95.20% of the marine RDases, lacking a
highly conserved twin-arginine motif (Tat) and a small associated
membrane anchor protein (RdhB), were different from the terrestrial
RDases, which mostly possess Tat and RdhB (Fig. 3a), suggesting that
the RDase-based dehalogenation of organohalides proceeds in the
cytoplasm of marine OHRB rather than in the periplasm of terres-
trial OHRB.

To reveal new microbial populations with halogenation/dehalo-
genation potential, we clustered the 4430 non-redundant prokaryotic
MAGs with a quality score (completeness − 5 × contamination) of ≥50
containing halogenation/dehalogenation genes at multiple taxonomic
levels (fromgenus to phylum; Fig. 3b; Supplementary Fig. 6). The 4430
prokaryotic MAGs were assigned to 60 bacterial and 5 archaeal phyla,
with Pseudomonadota (n = 1784), Chloroflexota (n = 422), Actinomy-
cetota (n = 408), Bacteroidota (n = 395) and Planctomycetota
(n = 230) as predominant bacterial phyla, and Asgardarchaeota
(n = 37) and Thermoproteota (n = 29) as dominant archaeal phyla
(Fig. 3b). Notably, at the genus level, 48.73%, 82.01% and 91.35% of
FlaHase-, HyDase- and RDase-hosting prokaryotes, respectively, were
unknown halogenation/dehalogenation populations (functionally
novel organohalide-cycling microorganisms) identified as mediating
organohalide cycling (Fig. 3c). Especially, the largely expanded diver-
sity of RDase-containingmicroorganisms represented a vast yet-to-be-
explored resource in ocean for potential bioremediation applications.
Compared to the HyDase- and RDase-containing dehalogenation pro-
karyotes, FlaHase-based halogenation microorganisms had larger
genome sizes, lower protein-coding density, and a higher proportion
of fast growers (Supplementary Fig. 7), which suggested their dis-
tinctively different niche-colonizing capabilities and ecological roles40.
Interestingly, in contrast to Pseudomonadota as predominant host
microorganisms of FlaHase and HyDase with a comparatively small
size range (<1000 amino acids; Fig. 3a), both RDases and their host

microorganismswerephylogenetically diverse, and themarine RDases
were clustered based on the taxonomy and redox-potential-related
metabolisms of their host microorganisms: (1) obligate anaerobes,
these anaerobic OHRB were capable of sulfate reduction and/or
fermentation, and contained small-size RDases (<500 amino acids)
that accounted for 78.01% of all anaerobic-OHRB RDases; (2) faculta-
tive anaerobes and aerobes, these OHRB were major hosts of the
medium- and large-size RDases accounting for 51.14% and 42.72% of
all facultative-anaerobic and aerobic OHRB RDases, respectively
(Supplementary Data 3).

Structure-based phylogeny of RDases and associated “micro-
organism-enzyme-organohalide” patterns
Due to the high percentages of novel RDases and functionally novel
RDase-hosting microorganisms in ocean, the RDase was selected to
investigate the phylogeny of AlphaFold2-predicted structures of marine
RDases and associated “microorganism-enzyme-organohalide” patterns
(Fig. 4). Notably, marine RDase structures can be clustered into 7 distinct
evolutionary groups (groups 1–7, or Gstr 1–7) with varied preferences of
host microorganisms and associated growth niches, of which phylogeny
is aligned with RDase sequence-based phylogenetic clustering (Gseq), i.e.,
Gstr 1, 2, 3, 4, 5, 6 and 7 mainly derived from Gseq 11, 5, 10, 4, 1/2/3/6, 7/8
and 9, respectively (Fig. 4a; Supplementary Data 4). For example, group-1
and group-2 RDases are preferentially hosted by aerobic and seawater-
originated populations of α/γ-Proteobacteria (Fig. 4b). Moreover, the
group-1 and group-2 RDases exhibit larger channel volumes (Fig. 4c;
ANOVA, p<0.05) and greater accessible vertices (Fig. 4d; ANOVA,
p<0.05) relative to other RDase groups. In contrast, group-3 and group-
4 RDases are mainly employed by anaerobic microorganisms (e.g.,
sulfate-reducing bacteria, SRB) from low-redox sedimentary environ-
ments, including the cold seep (Fig. 4b). The groups 5–7 RDases have a
comparatively more diverse range of host OHRB relative to the groups
1–4 RDases, and consequently present in all marine habitats (Fig. 4b).

Based on a ligand library comprising 66 representative ocean-
sourced organohalides (Supplementary Data 5), the binding energies for
6600 protein-ligand (RDase-organohalide) pairs were calculated to range
from0.59 to−8.51 kcal/mol (Fig. 4e; Supplementary Fig. 8; Supplementary
Data 6). The ocean-sourced RDases generally have high affinity for pre-
valent marine organohalides, including halogenated pyrroles, phenols,
and benzenes (Fig. 4e; Supplementary Fig. 8). Moreover, tetra-
chloroethylene (PCE), as a common dechlorination substrate of diverse
RDases has a mean RDase-PCE binding energy of −3.24 kcal/mol, within
the dechlorination-active range (Fig. 4e). In contrast, the lower binding
affinity of RDases to halomethanes (Fig. 4e) suggests that the dehalo-
genation of halomethanes in the ocean is probably mediated by other
processes rather than RDase-based reductive dehalogenation. Further
exploration of the substrate specificity shows an intriguing observation
that the molecular size of organohalides significantly affects the RDase-
organohalide binding specificity. Specifically, small molecular organoha-
lides (e.g., PCE and halomethane) exhibit RDase-independent binding
energies (Fig. 4e; ANOVA, p>0.05). Conversely, the RDase-organohalide
binding energy of large molecular organohalides (e.g., halogenated pyr-
roles) is RDase-specific (ANOVA, p<0.05), e.g., groups 1, 2, and 5 RDases
exhibit higher affinities for the large molecular organohalides than other
RDase groups (Fig. 4e). To elucidate the underlying mechanism, struc-
tural features of RDases have been examined to show that binding energy
difference may arise from variations in max accessible vertices of these
RDases. Specifically, binding energies of small molecular organohalides
(PCE and halomethanes) showno significant correlationwith proteinmax
accessible vertices (p>0.05), whereas the binding energies of large
molecular organohalides (hexabromo-2,2’-bipyrrole) exhibit a significant
positive correlation with the protein max accessible vertices (p<0.001)
(Fig. 4f). These observations indicate that the binding energy of large
molecules is more easily affected by the enzyme’s channel structure and
active site accessibility relative to small molecules.
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Based on above-mentioned findings, four representative models
are summarized to show the “microorganism-enzyme-organohalide”
patterns for RDase-catalyzing dehalogenation of organohalides in
ocean (Fig. 4g; Supplementary Fig. 9; Supplementary Data 7): Model-I
for reductive dehalogenation and aerobic degradation of organoha-
lides, aerobic bacteria of α/γ-Proteobacteria initially employ group-1
and group-2 RDases to remove halogens from halogenated pyrroles
and similar large molecular organohalides, and then degrade the

dehalogenation products to achieve complete mineralization (Fig. 4g;
Supplementary Fig. 9a); Model-II for facultative dehalogenation and
sulfate reduction, anaerobic SRB originated from cold seeps employ
group-3 or group-4 RDases to dehalogenate organohalides, or utilize
Dsr to mediate sulfate reduction with the sulfate and organohalides as
competitive electron acceptors (Fig. 4g; Supplementary Fig. 9b);
Model-III for reductive dehalogenation and anaerobic degradation of
organohalides, anaerobic SRB initially dechlorinate chlorophenols or

Fig. 3 | Phylogeneticanalysesoforganohalide-cyclinggenesandprokaryotes in
the ocean. a Rooted maximum likelihood phylogenetic trees of FlaHase, HyDase,
and RDase genes identified from marine samples and HaloCycDB. b Rooted max-
imum likelihood phylogenetic tree of organohalide-cycling MAGs. The color of the
internal branches indicates whether the organohalide-cycling MAGs were reported

for the first time (functionally novel; red) or reported previously (known; light
gray). c The percentages of functionally novel organohalide-cycling MAGs at dif-
ferent taxonomic levels. Bootstrap of >70% in the phylogenetic trees are indicated
as gray circles. Source data are provided as a Source Data file.

Article https://doi.org/10.1038/s41467-025-65696-x

Nature Communications |        (2025) 16:10670 6

www.nature.com/naturecommunications


similar organohalides, and then couple degradation of dechlorination
products with sulfate reduction; this process is generally proceeded
under oligotrophic marine water and sediment conditions in shortage
of carbon sources (Fig. 4g; Supplementary Fig. 9c); Model-IV for
dechlorination and fermentation, the deep-sea sediment-colonized
fermenting OHRB initially dehalogenate organohalides and then fer-
ment dehalogenation products to generate acetate and H2, which can
further support growth of methanogens and other microorganisms
(Fig. 4g; Supplementary Fig. 9d). These “microorganism-enzyme-
organohalide” patterns, together with the FlaHase-based halogenation
process, can drive the assembly of a FlaHase-RDase-host microbiome
for the halogenation and dehalogenation of organohalides in the
ocean (Fig. 4h).

Cultivation evidence for the RDase-based “microorganism-
enzyme-organohalide” patterns
To experimentally confirm the above-mentioned OHRB-mediated
metabolic networks in RDase-based dehalogenation microbiomes, 32
marine sediment samples were collected from varied geographic sites
(Supplementary Data 8) to set up dehalogenation cultures with PCE or
tetrachloride as an electron acceptor to support organohalide
respirationofOHRB (Fig. 5a). PCEwas selected as amodel substrate for
its broad reactivity, optimal energy yield, and dual natural-
anthropogenic sources. In contrast to observing no tetrachloride

dechlorination activity after three months of incubation, 12 out of the
32 cultures were shown to dechlorinate PCE to cis-dichloroethene (cis-
DCE) via trichloroethene (TCE), notably, without generation of trans-
DCE thatwas generally present as a PCE/TCEdechlorinationproductof
obligate OHRB, i.e., Dehalococcoides, Dehalogenimonas, and
Dehalobium29 (Fig. 5a). 16S rRNA gene-based high-throughput
sequencing analyses confirmed the presence of facultative OHRB and
the near absence of obligate OHRB (Fig. 5a), further indicating the
different OHRB tomediate reductive dehalogenation of organohalides
in the marine and terrestrial environments.

To identify the OHRB and their metabolic networks in the PCE-
dechlorinating cultures, 34 RDase-hosting MAGs were retrieved from
metagenomic data of these cultures (Fig. 5b). MAGs of Halodesulfovi-
brio, Desulfoluna, Carboxylicivirga and Marinifilum genera were iden-
tified as dominant OHRB in the PCE-dechlorinating cultures based on
16S rRNA gene sequencing analysis (Fig. 5a). In addition, the 34 MAGs
were assigned to 8 bacterial phyla, all of which were facultative OHRB
with metabolisms of dissimilatory sulfate reduction, fermentation,
and/or nitrate reduction (Fig. 5b–d). Particularly, instead of well-
characterized terrestrial sources of obligate OHRB Dehalococcoidia
from the samephylumofChloroflexota, Anaerolineaewas identified as
the facultative OHRB in culture LS2 (Fig. 5d), confirming the RDase-
host Anaerolineae as a major reductive dehalogenation population of
the Chloroflexota in the ocean. In addition, RDases with length over

Fig. 4 | Structure-based phylogenetic tree of marine RDases and associated
“microorganism-enzyme-organohalide” patterns for reductive dehalogena-
tion of organohalides in the ocean. a Structure-based phylogenetic tree of 100
representative marine RDases based on AlphaFold2-predicted structures.
b Distribution of the 7 RDase groups across the different marine water and sedi-
ment habitats. The predicted volume of cavity (c) and max accessible vertex area
(d) of the 7 groups of marine RDases. The number of RDases contained in each
group is shown at the top of the graphs. Central line and whiskers in each box
represent the median and 1.5 times the interquartile range, respectively. Boxes
indicate the interquartile range between 25th and 75th percentiles. Data are shown
as circular symbols, and mean values are shown as squares. The same definition is
applicable to theboxplots shown in (e).eTheRDase-organohalidebinding energies

for halogenated pyrrole, PCE, and halomethane. The number of RDase-
organohalide pairs analyzed for binding energies in each RDase group is shown at
the top of the graphs. Refer to Supplementary Fig. 8 for the RDase-organohalide
binding energies for halogenated alkaloid, benzene, diphenyl ether, and phenol
compounds. f Correlation between the RDase-organohalide binding energy and
max accessible vertex area for PCE, tetrachloride, and hexabromo-2,2’-bipyrrole
(n = 100). Linear regression model with two-sided test was used for the statistical
analysis. The gray area around the smooth line indicates the 95% confidence
interval. g Four model patterns of “microorganism-enzyme-organohalide” for
reductive dehalogenation of organohalides in the ocean. Refer to Supplementary
Fig. 9 for their detailed metabolic potential in the four models. Source data are
provided as a Source Data file.
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1000 amino acids were identified in the facultative anaerobes of Sul-
fitobacter that were capable of aerobic respiration and nitrate reduc-
tion (Fig. 5b). Based on theMAGs-inferredmetabolic potentials, similar
“microorganism-enzyme-organohalide” models of the facultative
OHRB-mediated RDase-based dehalogenation were observed in the
PCE-dechlorinating cultures (Fig. 5b–d; Supplementary Data 9) with
these in global marine environments (Fig. 4g). These facultative OHRB
including fermenting OHRB and sulfate-reducing OHRB formed a
metabolic interaction network with dissimilatory sulfate-reducing
bacteria, methanogenic archaea and other microorganisms (e.g.,
methane-oxidizing archaea in PCE-dechlorinating culture SY4), based
on the carbon/electron sources and organohalides/sulfate as electron
acceptors (Fig. 5e; Supplementary Data 9). Consequently, these

cultivation experiments further corroborated the metagenomics-
derived dehalogenation patterns in the ocean.

Discussion
This study provides the insight into the global-scale microbially
mediatedorganohalide cycling in theocean,whichgreatly expands the
diversity of organohalide-cycling genes and microorganisms. The
microbial-driven cycling of organohalides in marine environments
significantly impacts the global biogeochemical cycles and climate
systems, which may generate far-reaching ecological consequences.
For example, marine microorganisms employ halogenases to synthe-
size a diverse range of recalcitrant organohalides for varied biological
functions (e.g., signal transduction and chemical defense5–7), playing

Fig. 5 | Cultivation evidence of marine RDase-based dehalogenation micro-
organisms and associatedmetabolic interaction network. a PCE dechlorination
and sulfate reduction in marine sediment cultures and presence of known OHRB.
bRDase-hostMAGs retrieved frommetagenomics ofmarine sediment cultures and
characterization of their RDase genes (rdhA). metabolic potentials of LS2-bin13 of
phylumDesulfobacterota (c) and LS2-bin5 of phylumChloroflexota (d). e cold seep

culture-inferred interaction network among fermenting and sulfate-reducing
OHRB (Ferment-OHRB and SR-OHRB) and associated microorganisms. ANME,
anaerobicmethanotrophic archaea. Refer to Supplementary Data 9 for the detailed
annotation of functional genes with the keymetabolic pathways shown in Fig. 5c–e.
Source data are provided as a Source Data file.
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an important role in marine cycling of organohalides and organic
carbon. Subsequently, these recalcitrant organohalides can be con-
verted into labile organic carbon through dehalogease-catalyzed car-
bon-halogen bond cleavage, providing both energy and carbon
sources for marine microbiomes. In oligotrophic oceans, organoha-
lides have comparable concentrations to other organic compounds41,
enabling a variety of marine microorganisms to function as facultative
populations that employ organohalide-cycling activities to comple-
ment other metabolic processes (e.g., fermentation and sulfate
reduction) and to enhance competitiveness17. Take the marine micro-
organism - Desulfoluna as an example, this facultative dehalogenator
can couple bromobenzene-to-phenol conversion with sulfate reduc-
tion, linking organohalide respiration with sulfur cycling17. These
dehalogenators can also act as metabolic hubs and provide carbon
sources and reducing equivalents for methanogens and other micro-
organisms, which is particularly important to sustain marine micro-
biomes in oligotrophic oceans. Notably, scenarios are different for
the organohalide cycling in terrestrial and marine environments.
Terrestrial organohalides either originate from natural sources at
relatively low concentrations compared to abundant organic matter
in surrounding environments or exist as anthropogenic pollutants
in high concentrations13. Therefore, organohalide-cycling micro-
organisms may play a minor role in organic matter cycling in pristine
terrestrial environments, or evolve into obligate organohalide-cycling
microorganisms under the selective pressure of organohalide
pollution13. Take the obligate organohalide-respiring bacterium
Dehalococcoides as an example, it is generally present in organohalide-
polluted terrestrial environments and almost absent in the ocean42,
which was a nitrogen-fixation microorganism and evolved to solely
use organohalides as electron acceptors for energy metabolism43.
Therefore, the above-mentioned different organohalide-derived
selection pressures in the ocean and in terrestrial environments
could play a central role in governing the community assembly
and associated “microorganism-enzyme-organohalide” patterns in
organohalide-cycling microbiomes.

The global-scale profiling of marine organohalide-cycling micro-
biomes is enabled by developing the HaloCycDB database that
has advantages over KEGG and other databases in terms of accuracy
and sensitivity, highlighting the importance of devising a function-
specific database and integrating sequence similarity and conserved
regions/motifs inhomologous gene screening. The sequence similarity
alone may bring in false organohalide-cycling genes with high
sequence similarity but without key motifs (e.g., hydrogenases share
high sequence similarity with reductive dehalogenases44), and under-
estimate novel organohalide-cycling genes that have low sequence
similarity with current known genes, e.g., novel RDase groups 6–11
in Supplementary Fig. 5c. Therefore, both sequence similarity
and conserved regions/motifs should be included as key screening
parameters in developing functional gene databases, especially in
exploring novel functional genes. In this study, the greatly expanded
diversity of organohalide-cycling genes and microorganisms provides
valuable resources for future biomedical and bioremediation
applications. For example, through synthetic biology approaches, the
novel RDases identified in this study could be further integrated
into engineered strains such as VCOD-1545, broadening their substrate
range and enhancing degradation efficacy. To further explore
these bioresources, following studies are warranted: (1)metagenomics
analyses can only predict the potential of gene functions and
microbial activities, of which validation requiresmulti-omics data (e.g.,
transcriptomics and proteomics)46 and biogeochemical assays; none-
theless, current acquisition of marine meta-transcriptomics
and proteomics data is challenged by sample collection, transporta-
tion and treatment during ocean expeditions47; (2) exploring the pro-
digious resources of novel organohalide-cycling genes and taxa urge
the development of high throughput approaches for varied

biophysiochemical tests, including the high throughput hetero-
geneous expression of organohalide-cycling genes; (3) mechanistic
understanding of the intricate “microorganism-enzyme-organohalide”
patterns for marine organohalide cycling necessitate the employment
of artificial intelligence (AI)-driven data mining, which are largely
depended on the development of biological AI models48. With these
advancements, in-depth understanding and comprehensive explora-
tion of the organohalide cycling in the ocean can be expected in the
near future.

Methods
Development and assessment of organohalide-cycling gene
database HaloCycDB
Anorganohalide-cycling genedatabase (HaloCycDB)wasdeveloped to
support meta-omics analyses, which had both a core database and a
full database. The core database included 221 functionally character-
ized organohalide-cycling genes, as well as host organisms and viruses
(i.e., 194, 26 and 1 from prokaryotes, eukaryotes and virus, respec-
tively), catalyzing reactions and substrates/products (Supplementary
Data 10). Notably, the core database included eukaryotes- and virus-
derived organohalide-cycling genes due to that these genes can
potentially be transferred horizontally from eukaryotes and viruses to
prokaryotes49,50. For the construction of the core database, we first
conducted literature searches on PubMed using two sets of keywords
“halogenase/dehalogenase” and “halo/dehalo + enzyme”. All func-
tionally characterized halogenases and dehalogenases based on culti-
vation, physiochemical experiments, and/ormulti-omics analyseswere
included in the core database, along with the conserved regions,
functional domains, and motifs of these halogenase/dehalogenase-
encoding genes. Moreover, information on the taxonomy of host
organisms and viruses, as well as halogenase/dehalogenase-catalyzing
reactions and substrates/products was collected and included in the
core database. Subsequently, protein sequences of these character-
ized halogenase/dehalogenase genes were extracted from the Swiss-
Prot51 and TrEMBL52 databases, of which the accuracy was manually
checked based on their annotation and conserved-regions with
InterPro53 andPfamfiles using hmmsearch fromHMMER54 (v3.1)with e-
value ≤ 1e-5. For the motif filtering, a custom Python script (motif_-
search_ident.py) was created to perform a one-to-one search of the
motif sequences with the target dehalogenase/halogenase gene
sequences.

The full database contained 187,289 homologous genes with
taxonomic information of their host organisms and viruses. The pre-
full database sequences were mainly obtained from five public data-
bases (i.e., NCBI nr55, COG56, arCOG57, eggNOG58, and KEGG34): (1)
homologous genes containing keywords of “halogenase” and “deha-
logenase”were retrieved and collected from the five public databases;
(2) the five public databases were searched against the core database
using USEARCH59 (v.11) to retrieve organohalide-cycling homologous
genes with a global identity >30%, which could fully capture the dis-
tantly related but functionally similar sequences60–62. To prevent false
positive results, the pre-full database was further filtered with the
conserved regions and motifs of halogenase/dehalogenase genes,
using the same filtering methods as described for the core database
construction. Subsequently, the pre-full databasewas searched against
the NCBI RefSeq databases59,63 of bacteria, archaea, and eukaryotes
using USEARCH (v.11) with an e-value ≤ 1e-6 and identity >30% to
determine the taxonomy of these gene-host organisms and viruses. All
gene sequences from the pre-full database were further clustered by
CD-HIT64 (v4.8.1) at 100% identity with parameters ‘-c 1.0 aS 1.0 -aL 1.0’
to remove completely identical gene sequences and avoid the data-
base sequence redundancy. Finally, the accuracy of the taxonomy
identifier (TaxIds) was checked with TaxonKit63 (v.0.20.0) for the
representative sequences annotated from NCBI Refseq database,
which was further employed to transform and normalize TaxIds to
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seven taxonomic levels (i.e., kingdom/domain, phylum, class, order,
family, genus, and species). These analyses enabled accurate and
standardized host taxonomic identification of all representative
sequences for full database construction.

To evaluate the accuracy of HaloCycDB, an artificial dataset
including 10,000 organohalide-cycling gene sequences and 10,000
non-organohalide-cycling gene sequences (that were highly similar to
the organohalide-cycling gene sequences) was constructed to com-
pare the accuracy, false-negative rate, false-positive rate, sensitivity,
and coverage of HaloCycDB with eggNOG, KEGG, COG, and arCOG.
The dataset was searched against HaloCycDB, KEGG, COG, and arCOG
using USEARCH with an identity >30%, and against the eggNOG data-
base using eggNOG-mapper with an e-value of ≤1e-4 to obtain the
accuracy of these databases for functional annotation. Organohalide-
cycling gene sequences annotated to incorrect genes were identified
as false-positive annotations, and the failed annotated organohalide-
cycling genes were considered as false-negative annotations. The fol-
lowing formulas were used to calculate the accuracy (1), false-negative
rate (2), false-positive rate (3), sensitivity (4), and coverage (5) for
evaluating the accuracy of HaloCycDB:

Accuracy =
Ture Positives + TrueNegatives

True Positives +TrueNegatives + False Positives + FalseNegatives

ð1Þ

False negative rate =
FalseNegatives

TrueNegatives + FalseNegatives
ð2Þ

False positive rate=
FalsePositives

True Positives + False Positives
ð3Þ

Sensitivity =
True Positives

True Positives + FalseNegatives
ð4Þ

Coverage=
Ture Positives toother orthologydatabases

Ture Positives toHaloCycDB
ð5Þ

HaloCycDB and Python scripts for identifying organohalide-
cycling genes and microorganisms were set to be available on
GitHub (https://github.com/metabiolab-wang/HaloCycDB).

Global-scale marine metagenomic datasets collection, assem-
bly, and binning
Metagenomes of the TaraOceans31, BioGEOTRACES65, HawaiianOcean
Time-series66, Bermuda-Atlantic Time-series Study67, and Malaspina68

expeditions were downloaded from the National Center for Bio-
technology Information (NCBI) SequenceReadArchive (SRA) database
(NCBI-SRA). To further complement these ocean expedition metage-
nomic datasets, keywords including “seawater”, “ocean sediment”,
“cold seep sediment”, “hydrothermal vent sediment”, and “trench
sediment” were employed to retrieve relevant literatures from
PubMed (https://pubmed.ncbi.nlm.nih.gov/), and associated metage-
nomicdatawere collected from theNCBI-SRAdatabase. Thewater and
sediment samples were collected from 506 sites of four different
depth-based water layers (epipelagic, mesopelagic, bathypelagic and
abyssopelagic layers with a depth of 0–10,905m) and four typical
sedimentary environments (cold seep, hydrothermal vent, trench, and
other sediment) in the ocean (Supplementary Fig. 2a, b). To catch the
organohalide-cycling potential of cross-kingdom microorganisms, in
contrast to unfiltered sediment, water samples were selected based on
three groups of filtering size, i.e., 0–3μm, prokaryote-rich; 0–20μm,
particle-rich; and unfiltered (Supplementary Fig. 2c; Supplementary
Data 1). These metagenomic datasets-associated sampling and envir-
onmental information, including ecosystem classification, latitude,

longitude, and water depth, were manually curated in the corre-
sponding literature (Supplementary Data 1).

Metagenomic raw reads data were filtered to remove low-quality
bases/reads using trim_galore69 (v0.6.10) with default parameters.
Clean reads from each sample were assembled individually into con-
tigs using MEGAHIT v1.2.9 (k-mer: 21,29,39,59,79,99,119,141)70 with
subsequent quality assessment using QUAST71 (v5.0.2). Contigs were
taxonomically assigned to taxa using both CAT72 (v5.2.3) and Kaiju73

(v1.9.2) to improve the accuracy and breadth of annotations. The
contigs were annotated with CAT by predicting open reading frames
(ORFs) with Prodigal74 (v2.6.3; parameter: -meta) and by comparing
them with DIAMOND blastp75 (v2.1.7) to the non-redundant set of
proteins in GTDB (GTDB taxonomy release_214)76. In addition, the
contigs annotation with Kaiju was performed utilizing the NCBI nr
database that included bacteria, archaea, viruses, fungi, and other
eukaryotic microorganisms for annotating contigs with default
parameters.

For metagenomic binning, MAGs were constructed from the
contigs of over 1000 bp using three different binning methods (i.e.,
--metabat277 --maxbin278 –concoct79) in the metaWRAP80. MAGs were
further refined using the bin_refinement module of metaWRAP. To
obtain optimal genome quality, metagenomic sequencing reads were
furthermapped to eachMAGand then reassembledwithmetaSPAdes81

via the reassemble_bins module of metaWRAP. CheckM82 (v.1.0.12)
with lineage-specific marker sets was used to assess the completeness
and contamination of each MAG. dRep83 (v3.4.3) was used to derepli-
cate high- and medium-quality MAGs (completeness ≥50% and con-
tamination ≤10%) at 95% average nucleotide identity. The dereplicated
MAGs with a quality score (completeness − 5 × contamination) ≥50
were retained for downstream analysis. MAGs were taxonomically
assigned using GTDB-tk v2.1.0 with reference to GTDB taxonomy
release_21484. The phylogenetic tree of MAGs was constructed based
on the multiple sequence alignment of 40 specific marker genes
retrieved from MAGs using fetchMGs85 (v1.1). The phylogenetic tree
was inferred by FastTree86 (v2.1.11) under the model WAG+GAMMA
and visualized in iTOL87 v6. To determine the relative abundance of
MAGs in each sample, clean reads weremapped to dereplicatedMAGs
using (v 0.6.0, https://github.com/wwood/CoverM/) with parameters
‘-genome’ and ‘-m rpkm’ to calculate RPKM values. The ORFs were
predicted from each MAG by Prodigal (v2.6.3; parameter: -meta). The
predicted ORFs were functionally annotated using eggnogmapper58 (v
2.1.12) with an e-value ≤ 1e-5. Metabolic pathways of these MAGs were
predicted using the KEGG server (BlastKOALA)88 and METABOLIC89

(v4.0). The genome size and GC content were calculated using
CheckM82 (v1.0.12). Protein coding density was calculated as the
number of predicted proteins per kilobase of the genome. Based on
codon usage bias, themaximum growth rate of bacteria was predicted
using the R package gRodon90 (v2.3.0). The minimum doubling time
(MDT) was further calculated based on the tight relationship between
codon usage bias and bacterial maximum growth rate using the ‘pre-
dictGrowth’ function in the gRodon package. In case of incomplete
genomes, the functionparameterwas set to ‘partial’. Onlybacteriawith
a predicted MDT< 5 h were considered fast growers in this study.

Annotation, phylogeny, and abundance of organohalide-cycling
genes and host microorganisms
To identify organohalide cycling genes, ORFs of contigs orMAGs were
predicted using Prodigal74 (v2.6.3; parameter: -meta), with which
organohalide-cycling genes were identified based on both protein
sequence similarity and conserved regions/motifs against HaloCycDB.
In brief, protein sequences were searched against HaloCycDB using
DIAMOND blastp75 (v2.1.7) with identity ≥30% and e-value ≤ 1e-4.
Hmmsearch (e-value ≤ 1e-4) from hmmer54 (v3.1) was also applied to
identify homologs of organohalide-cycling genes based on the con-
served regions. Protein sequences being annotated as organohalide-
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cycling genes were further classified into each gene family and filtered
using functionally conserved motifs. The organohalide-cycling genes
without motifs were filtered with criteria of sequence similarity of
≥50% with confirmed organohalide-cycling gene sequences. The taxa
ofmedium-high qualityMAGs (completeness≥50% and contamination
≤10%) and contigs with length over than 5 kb containing organohalide-
cycling genes were considered as organohalide-cycling microorgan-
isms. To determine the relative abundance of organohalide-cycling
genes in contigs, clean reads were mapped to the contigs using Cov-
erM (v 0.6.0, https://github.com/wwood/CoverM/) with parameter
‘-contig’ and cut-off values of 75% identity and 75% alignment coverage
for mapped reads, which generated coverage profiles of each contig
and normalized as RPKM. The RPKM were calculated using the equa-
tion:

RPKM=
numReads × 109

seqLength × totalNumReads
ð6Þ

Where numReads is the number of reads mapped to a sequence;
seqLength is the length of the sequence; totalNumReads is the total
number of mapped reads of a sample. Then, the relative abundance of
organohalide-cycling genes was calculated by dividing RPKM values of
individual genes by the sum of RPKM values of all genes. Phylogenetic
trees of halogenases (FlaHase) and dehalogenases (HyDase andRDase)
were used to construct phylogenetic clades of organohalide-cycling
genes. Briefly, the protein sequences of contigs-retrieved FlaHases,
HyDases, and RDases, together with the corresponding reference
sequences from HaloCycDB, were first clustered at 90%, 75%, and 90%
identity, respectively, using CD-HIT64 (v4.8.1). Then, representative
protein sequences of FlaHase, HyDase, and RDase were further aligned
using MUSCLE91 (v3.8.1) and trimmed using TrimAL92 (v1.4) with
default options. Maximum-likelihood trees of FlaHase, HyDase, and
RDase were constructed using FastTree (v2.1.11)86 under the model
WAG+GAMMA. All phylogenetic trees were visualized using
iTOL (v6)87.

Biomass variations in microbiomes in the four water depth layers
and four sedimentary environments were considered in analyzing the
distribution of organohalide-cycling genes in marine regions/habitats
(Supplementary Data 11), specifically through the following steps: (1)
volume estimation, the total volumes of global seawater and seafloor
sediment were determined as described37,93. The seawater and sedi-
ment volumes of specific regions/habitats were allocated proportion-
ally according to water depth and areal percentage, respectively36,94,95;
(2) total microbial cell abundance estimation, cell concentration data
for different regions were obtained from previous studies96–105; the
regional total microbial cell abundances were calculated by multi-
plying region-specific microbial cell concentrations by their corre-
sponding volumes; then, the estimated regional microbial cell
abundances were refined using the total microbial cell abundance
derived from seawater and seafloor sediments (as calculated in Step 1).
Subsequently, the abundances of organohalide-cycling genes in each
region were proportionally adjusted according to the corrected
microbial cell abundance ratios. Finally, to minimize unequal-
sampling-size derived bias, the total abundance of organohalide
cycling genes in each habitat was normalized by dividing the sample
numbers in corresponding habitats.

Protein structure prediction and molecular docking
Based on the phylogeny of the above-described RDase genes (Sup-
plementary Fig. 5), 100 RDases were selected from all clustered groups
of the marine RDase gene phylogenetic tree to further predict their
protein structures using AlphaFold2106 (v2.3) (Supplementary Data 4).
The AlphaFold2 prediction generated five models for each RDase, and
the top-ranked model (ranked_0) with the highest average pLDDT
score was selected for subsequent analyses. Protein structural

visualizations were generated using PyMOL107 (v2.6). The structural
pair alignment was performed using 3Di and amino acid-based align-
ment, implemented with Foldseek108 (v10.941cd33). A phylogenetic
tree based on the RDase protein structures was constructed using
Foldtree109 (https://github.com/DessimozLab/fold_tree) and visualized
using iTOL87 (v6).

To investigate the distribution of different structure-based RDase
groups in marine habitats, we considered the potential bias caused by
limited sampling of the structure tree. Therefore, we opted to use the
distribution of marine habitats corresponding to sequence-based
RDase groups that aligned with the phylogenetic clustering of the
structure-based RDase groups, as a proxy for the distribution and
information in the structure-based RDase tree, thereby minimizing
bias introduced by the limited sampling of the structure tree.

Molecules in sdf files were retrieved from PubChem110 and further
converted to mol2 files using Open Babel111 (v2.3.1) for molecular
docking. LeDock (v1.0) was used to predict the binding poses of 66
natural organohalides in different RDases (RMSD: 1.0Å; number of
binding poses: 20). The properties of protein clefts/pockets, including
the total volume and accessible vertices of the largest surface cleft,
were analyzedusing the PDBsumserver112 to provide insight into ligand
molecule binding mechanisms113.

Cultivation of marine organohalide-respiring microorganisms
A total of 32 marine sediment samples were collected from 8 ocean
regions and shipped to the laboratory at an ambient temperature
(Supplementary Data 8). Microcosm setup was conducted in an
anaerobic chamber soon after arrival of these samples as
described16,114. Briefly, 90mL of bicarbonate-buffered mineral salt
medium amended with 10mM lactate, 450mM NaCl, and 20mM
Na2SO4 was dispensed into 160mL serum bottles containing around
2 g of sediment samples. The serum bottles were sealed with black
butyl rubber septa and secured with aluminum crimp caps. To main-
tain low redox potential, 0.2mM L-cysteine and 0.2mM Na2S·9H2O
were added as reductants, and 0.02mM resazurin was added as a
redox indicator. Microcosms were spiked with 0.2mM per-
chloroethene (PCE) or tetrachloride as an electron acceptor. All cul-
tures were set up in triplicate and incubated in the dark at 30 °C
without shaking. Duplicate abiotic controls (withoutmicrobial inocula)
and no-organohalide controls (without PCE and tetrachloride injec-
tion) were set up for each experiment.

Analytical methods
Chloroethenes13 and tetrachloride115 were analyzed as described.
Headspace samples of chloroethenes, ethene and tetrachloride were
injected manually with a gastight, luer lock syringe (Hamilton, Reno,
NV, USA) into a gas chromatograph (GC) with a flame ionization
detector (Agilent 7890B, Wilmington, DE, USA) and a Gas-Pro column
(30m×0.32mm; Agilent J&W Scientific, Folsom, CA, USA). Nitrogen,
hydrogen, and air were used as the carrier, fuel, and oxidant gases,
respectively. Sulfide was measured using a UV-Vis spectrophotometer
(UV-2100, Shimadzu, Kyoto, Japan) at a wavelength of 675 nm as
described in the methylene blue method114,116,117.

DNA extraction, sequencing, and analyses
Samples for genomicDNA (gDNA) extractionwere collected fromPCE-
dechlorinating cultures, of which gDNA was extracted using the Fas-
tDNA Spin Kit DNA extraction kit (MP Biomedicals, Carlsbad, CA, USA)
according to the manufacturer’s instructions114. For the 16S rRNA gene
amplicon sequencing, V4-V5 regions of the 16S rRNA genes were
amplified using the primer set 515 F/909 Rwith unique 8-mer barcodes
for multiplex PCR amplicons, and amplicons were purified as descri-
bed previously118. Then, the purified PCR products were pooled and
sequenced using the Illumina NovaSeq 6000 platform (PE250; Illu-
mina; San Diego, CA, USA) by MAGIGENE (Shenzhen, China). Paired-
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end reads (2 × 250 bp) were processed to generate amplicon sequence
variants (ASVs) using the DADA2119 (v1.6) package in R (v4.3.2),
including quality filtering, dereplication, merging, and chimera
removal. Taxonomic classification was conducted using the RDP naive
Bayesian classifier in conjunctionwith the GTDB (r214) download from
the DADA2 website118. To ensure unbiased microbial community ana-
lysis, ASV abundance tables were normalized to a uniform sequencing
depth using the vegan package120 (v.2.6.4). For metagenomic analysis,
DNA library preparation and Illumina HiSeq sequencing services were
provided by BGI (Shenzhen, China). The metagenomic data analyses
followed the same analytical procedures as the above-mentioned
global marine metagenomic data analyses.

Statistical analysis
Statistical analyses were carried out in R v4.2.3. One-way ANOVA with
post hoc LSD test was performed to assess the statistically significant
differences between the compared groups using the R package
agricolae121. The linear regression model in the R package stats122 was
used to analyze the correlation between the RDase-organohalide
binding energy andmax accessible vertex. p values less than0.05 were
considered significant.

Reporting summary
Further information on research design is available in the Nature
Portfolio Reporting Summary linked to this article.

Data availability
Raw sequencing reads of the 16S rRNA gene amplicons and metage-
nomic data generated in this study have been deposited into the Eur-
opeanNucleotideArchive databasewith accession numbers PRJEB88795
(https://www.ebi.ac.uk/ena/browser/view/PRJEB88795) and PRJEB88842
(https://www.ebi.ac.uk/ena/browser/view/PRJEB88842), respectively.
Protein structures of RDases are available at https://doi.org/10.6084/m9.
figshare.30305311. HaloCycDB for identifying organohalide-cycling
genes and microorganisms were set to be available on GitHub (https://
github.com/metabiolab-wang/HaloCycDB). Source data are provided
with this paper.

Code availability
Python scripts and codes related to the identification of genes invol-
ving in organohalide cycling are publicly available at Github (https://
github.com/metabiolab-wang/HaloCycDB) and Zenodo123 (https://doi.
org/10.5281/zenodo.17299792).
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