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Abstract 

Targeting RNA with small molecules offers a strategy to modulate gene expression at 

undruggable targets. Traditional screens favor thermodynamically stable, low-entropy RNA motifs 

with defined conformations, yet these provide limited energetic leverage for functional modulation. 

Many RNAs instead sample dynamic structural ensembles that small molecules can stabilize or 

redirect. Using group I self-splicing introns as a model, we identified the antineoplastic drug 

Mitoxantrone as a competitive inhibitor of RNA self-splicing (IC50 = 4.3 μM) that stabilizes the 

native conformation of the T4 td intron. Structure-activity analysis showed the anthraquinone 

scaffold alone is insufficient, and basic amine side chains are required for RNA structural 

modulation. Transcriptome-wide chemical probing in human cells revealed preferential binding to 

GC-rich structured regions, although only a subset showed structural change. Furthermore, global 

analysis of 5′ UTR ensembles showed reduced structural heterogeneity and increased translation, 

demonstrating functional repartitioning of RNA conformational landscapes.  
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Introduction 

Targeting of RNA with small molecules has emerged, over the past decade, as a promising new 

modality for treating currently undruggable diseases1,2.  

RNA molecules are single-stranded and can fold back on themselves to create complex 

secondary and tertiary structures. Just like proteins, RNA structures can form ligandable 

pockets3,4, which are amenable to targeting with small molecule drugs. Many RNA molecules can 

sample a vast conformational space, populating an ensemble of alternative structures, as 

opposed to proteins, which frequently have well-ordered tertiary structure5–9. While the ability to 

dynamically switch between these alternative structural states is paramount to many of the 

regulatory functions of RNA, the inherent structural flexibility of RNA molecules is typically seen 

as a disadvantage for the identification of small molecule binders. Often, low-entropy RNA 

structural elements10–12, meaning regions of RNA molecules that adopt fewer, well-defined 

conformations, tend to be regarded as better targets and, therefore, to be favored over highly 

structurally-heterogeneous regions1,13. However, the energetic contributions of small molecules 

are often insufficient to induce significant conformational changes in stable RNA structures14. 

Conversely, small molecules can potently modulate the conformational energy landscape for an 

RNA9, for example by selecting and stabilizing specific conformations in the ensemble 

(conformational selection), or by inducing the formation of a (possibly novel) alternative structure 

(induced fit). Such mechanisms have been previously reported in riboswitches15–17, which are 

segments of (typically bacterial) mRNAs capable of dynamically changing their structure upon 

binding of a small molecule ligand, to regulate gene expression18, as well as for recently reported 

inhibitors targeting the SARS-CoV-2 frameshifting element19 (FSE), among others. Notably, the 

mechanism of action of Risdiplam20, the sole FDA-approved mRNA-targeted drug, used for the 

treatment of Spinal Muscular Atrophy (SMA), involves the stabilization of the otherwise unstable 

bulged heteroduplex formed between the 5′ splice site of exon 7 in SMN2 pre-mRNA, as well as 

other 5′ splice sites21, and the RNA component of the U1 snRNP22,23. 

A variety of methods have been adopted to identify small molecule RNA binders, including two-

dimensional combinatorial screening24,25, small molecule microarrays26,27 (SMMs), fluorescence-

based assays28,29, fragment screening via NMR spectroscopy30,31 or RNA chemical probing32, and 

affinity selection mass spectrometry (AS-MS), such as automated ligand identification system33–

35 (ALIS). However, all of these methods are heavily biased towards the identification of binders, 

which often do not elicit any functional response2. Consequently, despite several attempts to 

define physicochemical properties of privileged RNA-binding chemical scaffolds36,34,37–39, the 

identification of functional RNA binders still represents an open challenge.  
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While the aforementioned methods are typically limited to the analysis of individual RNA targets, 

approaches like Chem-CLIP, icCL-seq and PEARL-seq40–45 can enable the transcriptome-wide 

identification of small molecule binding events within cells. These techniques are based on the 

functionalization of small molecules with photocrosslinkable moieties (e.g., diazirines), hence 

enabling their covalent attachment of the candidate small molecule to the interacting RNAs upon 

irradiation with long wavelength UV light. After crosslinking the small molecule is recovered 

together with its RNA partners, typically by exploiting an azide handle that enables its biotinylation 

and recovery via streptavidin beads. Alternatively, a recently proposed approach exploited the 

functionalization of drugs with an acylimidazole moiety, which enabled direct mapping of RNA-

drug interactions via sequencing-based detection of adducts formed between the 2′-hydroxyl of 

ribose and the small molecule46,47. In general, these methods are limited to detecting RNA-small 

molecule binding events, without providing any direct insight into the functional outcomes of these 

interactions. 

Conversely, chemical probing methods offer the unique advantage of simultaneously mapping 

small molecule binding sites48 and the resulting functional consequences on RNA structure32,44,49. 

Additionally, chemical probing does not require modification of the small molecule with a tag that 

has the potential to alter its binding profile. By leveraging the differential reactivity of RNA 

nucleotides to chemical probes in the presence or absence of small molecules, these techniques 

can in principle reveal ligand-induced structural changes at nucleotide resolution across entire 

transcriptomes. This enables not only the identification of RNA regions directly bound by a small 

molecule but also the elucidation of downstream structural changes that may underlie functional 

effects. As such, chemical probing represents a powerful strategy to bridge the gap between 

binding and function, providing critical insight into the mechanism of action of RNA-targeted small 

molecules in a cellular context. Furthermore, recent computational advances50–53 have paved the 

way for the deconvolution of RNA structural ensembles from transcriptome-wide chemical probing 

experiments, possibly enabling, for the first time, the systematic investigation of how small 

molecules can repartition RNA conformational landscapes on a transcriptome scale. 

In this study, by using the T4 td self-splicing group I intron as a model RNA, we first screened a 

small molecule library biased towards compounds with RNA-binding features and identified 

Mitoxantrone54, an FDA-approved antineoplastic anthraquinone drug, as a general inhibitor of 

group I intron self-splicing. Ensemble deconvolution analysis of the T4 td intron suggested that 

Mitoxantrone stabilizes the intron’s structure via conformational selection. By leveraging 

transcriptome-wide chemical probing analysis of human cells treated with Mitoxantrone we 

obtained insights into the binding preferences of this drug, unexpectedly showing that only a 
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discrete subset of the sites bound by Mitoxantrone shows any detectable reactivity change, 

typically reflecting an increased RNA stability. Transcriptome-scale mapping of 5′ UTR structural 

ensembles further revealed extensive changes in ensemble partitioning upon treatment with 

Mitoxantrone, further confirming the ability of Mitoxantrone to repartition RNA conformational 

energy landscapes. 
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Results 

 

Functional screening identifies Mitoxantrone as a general group I intron self-splicing 

inhibitor 

To identify preferential chemical scaffolds that could modulate RNA structure and function, we 

devised a fast high-throughput sequencing-based screening platform, using the T4 td group I self-

splicing intron55,56 as model RNA (Fig. 1a). Group I introns adopt a complex and highly-conserved 

structure57 that mediates their self-splicing in the presence of GTP (or other guanosine 

nucleotides) as cofactor. In this setup, a template DNA containing the intron flanked by two short 

exons is transcribed by the T7 RNA polymerase, in the presence of different compounds. Splicing 

efficiency is then monitored by targeted RT-PCR and sequencing of the spliced and unspliced 

RNA species. To maximize the chances of identifying compounds capable of modulating RNA 

function, which would also be suited for therapeutic use, we biased our library towards FDA-

approved compounds showing close structural similarity to small molecules identified as RNA 

binders by a recent large-scale microarray-based screening39 (Supplementary Data 1). 

Furthermore, we enriched our selection with FDA-approved kinase inhibitors, as compelling 

evidence exists that these compounds constitute preferential RNA binders58–60, resulting in a 

library of 156 small molecules. As a positive control, we included neomycin, a known inhibitor of 

group I intron self-splicing61–64, at two different concentrations (100 μM and 500 μM). DMSO-

treated reactions showed efficient co-transcriptional splicing (median % spliced: 94.4%), while 

neomycin treatment consistently resulted into moderate to strong splicing inhibition (median % 

spliced at 100 μM: 89.3%, P = 2.0 x 10-3; median % spliced at 500 μM: 15.7%, P = 2.9 x 10-4; one-

tailed Wilcoxon rank sum test), hence confirming the ability of our approach to capture small 

molecule-mediated splicing modulations (Fig. 1b). As expected, the vast majority of our library 

showed limited to no inhibition of splicing at 50 μM (median % spliced: 95.0%, P = 0.95; one-

tailed Wilcoxon rank sum test), with a single compound, Mitoxantone54 (MTX), an antineoplastic 

synthetic anthraquinone drug, showing near complete inhibition. To determine the potency of MTX 

as group I self-splicing inhibitor, we exploited the same screening platform to perform an MTX 

titration curve on the T4 td intron, which revealed an IC50 of 4.3 μM (Fig. 1c). To assess whether 

the inhibitory effect of MTX could also be generalized to other group I introns, we performed the 

same analysis on a group I intron located within the 25S rRNA gene of C. albicans65, which 

revealed a similar IC50 (4.4 μM) (Supplementary Fig. 1a). To rule out that the observed MTX 

inhibition might be due to unexpected effects on T7 transcription, we further confirmed its ability 

to inhibit splicing of the T4 td intron in an in vitro splicing assay containing the sole refolded full-
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length RNA and GTP (Supplementary Fig. 1b). We further investigated whether the inhibitory 

mechanism of MTX was non-competitive, as for certain aminoglycoside antibiotics61,62, or 

competitive, as for deoxyguanosine, arginine, streptomycin and other recently discovered 

inhibitors66–70. Competition of an inhibitory concentration of MTX with increasing concentrations 

of GTP showed partial rescue of T4 td intron self-splicing, both co-transcriptionally (Fig. 1d) and 

in an in vitro splicing assay (Supplementary Fig. 1c), hence suggesting that MTX and GTP 

compete for binding to the ωG-binding pocket. However, given the intercalating nature of MTX 

and the incomplete rescue observed even with a 500-fold molar excess of GTP, MTX-mediated 

inhibition may in part reflect allosteric effects due to binding at additional sites. 

Altogether, these results demonstrate that MTX is a potent and general competitive inhibitor of 

group I intron self-splicing. 

 

QSAR analysis of anthraquinone compounds reveals physicochemical features linked to 

Mitoxantrone activity as a splicing inhibitor 

To gain insights into the structure-activity relationships (SAR) driving MTX’s ability to inhibit group 

I intron self-splicing, we evaluated a focused library of both natural and synthetic71–76 

anthraquinone compounds similar to MTX (Supplementary Fig. 2). Compounds were tested at a 

single dose (50 μM) on both T4 td and C. albicans 25S rRNA introns, using our co-transcriptional 

sequencing-based assay (Fig. 2a). The response of the two introns to the tested compounds was 

highly correlated (r = 0.97, Pearson correlation coefficient) (Fig. 2b), indicating a conserved 

mechanism of action for group I splicing inhibition by anthraquinone-based compounds. Thanks 

to their planar, aromatic core, anthraquinones are known to broadly intercalate into both DNA and 

RNA duplexes77–82, possibly affecting base stacking and the integrity of nucleic acid helices. 

MTX’s primary mechanism of action occurs through intercalation83, whereby it inhibits type IIA 

topoisomerases84, and inhibits DNA synthesis and repair, although it has also been shown to bind 

to RNA79,85–87. The six natural anthraquinones in our library (Anthraquinone, Aloe emodin, 

Emodin, Chrysophanol, Physcion and Quinizarin), all differing only slightly in substitution patterns 

on the anthraquinone pharmacophore, showed negligible splicing inhibition (average <2%). This 

suggests that, while intercalation may mediate general nucleic acid binding, it does not by itself 

drive functional inhibition in this context. Quantitative SAR (QSAR) analysis (Fig. 2c, 

Supplementary Fig. 3 and Supplementary Data 2) revealed strong positive correlations between 

the measured average percent inhibition and physicochemical features associated with hydrogen 

bonding, including number of NH and OH groups (r = 0.76, Pearson correlation coefficient), 

hydrogen bond donors (r = 0.72, Pearson correlation coefficient), particularly secondary amines 
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(r = 0.59, Pearson correlation coefficient), hydrogen bond acceptors (r = 0.60, Pearson correlation 

coefficient), and topological polar surface area (TPSA) (r = 0.64, Pearson correlation coefficient). 

These findings point toward hydrogen bonding capacity, rather than intercalation, as a key 

determinant of functional activity. 

Consistently, the most active synthetic anthraquinones in our library, including Pixantrone88, 

KP300, KP311, KP312, KP315, KP105, and KP11073,74, all featured side chains containing basic 

amines that are likely protonated at physiological pH. These groups are well suited to mediate 

electrostatic and hydrogen bond interactions with RNA nucleobases and the phosphodiester 

backbone, in line with a previous NMR study79 showing MTX interacting with a stem-loop in the 

MAPT pre-mRNA via its side chains (Supplementary Fig. 4). In contrast, compounds bearing 

neutral or quaternary ammonium side chains, such as Banoxantrone89, were largely inactive, 

reinforcing the importance of both hydrogen bonding and appropriate charge presentation. 

To directly test the contribution of basic amine side chains, we synthesized four derivatives of 

Quinizarin, a natural anthraquinone showing no detectable activity in our assay (< 1% inhibition), 

with varying substitutions (Supplementary Fig. 5). Of these, only compound 3 (average inhibition: 

~7.7% for T4 td intron, ~13.8% for C. albicans 25S rRNA intron) and compound 4 (average 

inhibition: ~30.5% for T4 td intron, ~64.8% for C. albicans 25S rRNA intron) showed functional 

activity (Fig. 2d). Unlike compound 3, which harbors a secondary amine in the side chain, and 

shares some similarities with KP312 and KP315, compound 4 features an amide in its backbone. 

The higher potency of compound 4 compared to compound 3 may stem from the ability of amides 

to form hydrogen bond interactions with nucleobases and the presence of an additional primary 

amine, similar to side chains found in Pixantrone. In contrast, compound 2, despite carrying a 

quaternary ammonium and a triazole moiety, failed to inhibit splicing, mirroring our observations 

with Banoxantrone. 

Interestingly, several of the more potent compounds, including Pixantrone and compound 4, 

possess multiple basic amines on flexible side chains, raising the possibility that multivalent 

interactions may enhance affinity or specificity for structured RNA elements. Moreover, the 

geometry and spatial orientation of hydrogen bond donors may also be critical, as proper 

alignment with RNA grooves, bulges, or backbone phosphodiesters might be required for 

productive binding in the absence of protein cofactors. 

Comparative analysis between active and inactive compounds further highlighted features that 

appear dispensable for productive binding: (1) hydroxyl groups at positions 5 and 8 of the 

anthraquinone core, absent in Pixantrone and active derivatives; (2) secondary amines at 

positions 1 and 4, which are also missing in compounds 3 and 4; and (3) terminal hydroxyls on 
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MTX’s side chains, which are absent in compound 4, despite its greater potency compared to 

compound 3. Nonetheless, most active compounds retained at least one terminal hydrogen bond 

donor on their side chains, suggesting that this feature likely contributes positively to RNA 

engagement and inhibition. 

Taken together, our data indicate that, while the intercalative core of MTX facilitates RNA binding, 

it is the presence of amine-functionalized, hydrogen-bonding side chains, with suitable geometry, 

flexibility, and protonation state, that differentiates binding mode and is essential for functional 

modulation of RNA splicing.  

 

Mitoxantrone stabilizes the native T4 td group I intron conformation 

We next sought to investigate the structural consequences of MTX binding to the T4 td intron, by 

interrogating its structure by chemical probing with dimethyl sulfate (DMS) coupled with mutational 

profiling analysis (DMS-MaPseq90) upon in vitro refolding, in the presence or absence of an 

inhibitory concentration of MTX. Although MTX has been shown to bind and stabilize non-

canonical DNA secondary structures75,91, a study conducted on group II self-splicing introns 

suggested that MTX can act as a non-competitive inhibitor by disrupting stable RNA folds92, as 

previously observed85. Therefore, for comparison, we also performed DMS-MaPseq analysis on 

the intron probed under denaturing conditions. Receiver Operator Characteristic (ROC) curve 

analysis of bulk DMS signal (Fig. 3a) showed strong agreement between DMS reactivities for both 

control (AUC = 0.84) and MTX treatment (AUC = 0.86) and the known intron’s structure57, which 

was instead lost upon denaturation (AUC = 0.34). ΔDMS analysis of the MTX-treated intron 

versus control showed a generalized decrease in reactivity towards DMS, particularly in base-

paired regions, in the presence of MTX (Supplementary Fig. 6). Furthermore, comparison of the 

distribution of DMS reactivities for paired versus unpaired bases in the T4 td intron reference 

structure showed a sharper separation upon MTX treatment (P = 7.2 x 10-10, one-tailed Wilcoxon 

rank sum test) as compared to control (P = 4.6  x 10-9, one-tailed Wilcoxon rank sum test), with 

unpaired bases having median reactivity 3.2-fold higher than paired bases for the MTX-treated 

intron (paired: 0.23; unpaired: 0.74), as compared to just 1.9-fold for the control (paired: 0.36; 

unpaired: 0.69) (Fig. 3b). Such a difference was also reflected by a higher Gini index for the MTX-

treated intron (0.39) as compared to the control (0.29), hence suggesting that MTX binding to the 

T4 td intron does not broadly disrupt its folding, but rather has a net stabilizing effect.  

We wondered whether the observed stabilization was a consequence of a reduced conformational 

heterogeneity in the T4 td intron’s ensemble. Ensemble deconvolution analysis of DMS-MaPseq 

data using the DRACO algorithm51 (Fig. 3c) revealed the existence of two distinct structural states 
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(A: 63.2 ± 0.95% and B: 36.8 ± 0.95%) within the control ensemble, one of which (B) readily 

disappeared upon MTX treatment. Secondary structure modelling using optimized folding 

parameters (Supplementary Fig. 7) showed that state A adopts a very stable fold (median 

Shannon entropy: 0.002 for both control and MTX-treated intron), corresponding to the known T4 

td structure (mFMI: 0.9) (Supplementary Fig. 8a), while state B exhibits one order of magnitude 

higher disorder (median Shannon entropy: 0.02), particularly affecting helix P3 and part of the 

catalytic core, and likely represents an aggregate of multiple misfolded conformations. Prior 

studies conducted on group I introns showed that these RNAs present rugged conformational 

landscapes in vitro, populated by several long-lived misfolded intermediates93–101. Accordingly, 

under our experimental conditions, we could consistently observe that ~33.6 ± 2% of the RNA 

remained unspliced for up to one-hour post-refolding, which is in line with DRACO’s abundance 

estimate for state B (Supplementary Fig. 8b). Notably, addition of excess GTP to the MTX-treated 

intron (Supplementary Fig. 8c) led to reappearance of state B (Supplementary Fig. 8d), in 

agreement with the above proposed mechanism of action of MTX as competitive inhibitor. 

Altogether, these results demonstrate that MTX binding results in a stabilization of the native T4 

td intron’s conformation within the ensemble, further suggesting a conformational selection 

mechanism. 

 

Transcriptome-wide RNA structure analysis of cells treated with Mitoxantrone provides 

insights into its binding preferences and structural effects 

Intrigued by these results, we decided to investigate the extent to which MTX might represent a 

preferential scaffold for RNA structural modulation, by performing transcriptome-wide RNA 

structure interrogation in living cells. Triple-negative breast cancer MDA-MB-231 cells were 

treated, in biological duplicate, with 10 μM MTX, or DMSO, and subjected to selective 2′-hydroxyl 

acylation analyzed by primer extension (SHAPE) analysis with the 2A3 probe102, followed by 

mutational profiling and sequencing (SHAPE-MaP10,103). Previous studies showed that MTX 

uptake begins within seconds and it reaches steady-state in around 30 minutes104. To minimize 

any indirect or secondary effects stemming from other activities of MTX, we decided to treat cells 

with MTX for just 30 minutes and confirmed cell uptake of MTX via   fluorescence microscopy105 

(Supplementary Fig. 9). As, to the best of our knowledge, 2A3 has never been used before for 

transcriptome-wide SHAPE-MaP analyses, we first confirmed that our data met minimum quality 

standards. As compared to an untreated DMSO-treated control, 2A3 probing only marginally 

increased the rate of multi-mapping reads, while retaining ~80% uniquely aligned reads 

(Supplementary Fig. 10a). On average, ~71.7% of the alignments from 2A3-probed samples 
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harbored mutations, as compared to just ~27.2% for control samples (Supplementary Fig. 10b), 

which included a large fraction of deletions and insertions, in line with the known mutational 

signature of the SuperScript II reverse transcriptase in SHAPE-MaP experiments10 

(Supplementary Fig. 10c), without exhibiting any particular nucleobase preference 

(Supplementary Fig. 10d). Overall, we obtained structural information across ~4,500 transcripts. 

Comparison of RNA structuromes in sliding windows revealed high reproducibility of SHAPE 

signals across replicates for both DMSO (r = 0.84, Pearson correlation coefficient) and MTX-

treated (r = 0.87, Pearson correlation coefficient) cells (Supplementary Fig. 11). Somewhat 

unexpectedly, given MTX binding through intercalation, SHAPE profiles remained highly similar 

even when comparing MTX to DMSO treatment (median r = 0.80, Pearson correlation coefficient) 

(Fig. 4a), suggesting that MTX does not induce widespread – but rather, localized – changes in 

RNA structure. Similarly, the change in Gini index was minimal (median: -0.005), indicating no 

evidence of widespread RNA refolding or unfolding. Accordingly, structure modelling of the 

transcriptomes of DMSO and MTX-treated cells using optimized folding parameters 

(Supplementary Fig. 12) showed extremely high structural similarity, as measured by modified 

Fowlkes-Mallows index106 (mFMI) (median: 1), with ~72% of the windows having mFMI of at least 

0.8 (Fig. 4b). To identify putative MTX binding sites across the transcriptome, we first sought to 

identify bases showing strong protection or deprotection from SHAPE treatment in MTX treated 

cells. Under stringent selection criteria (see Methods) we identified 166,227 bases 

(Supplementary Data 3), of which approximately 54.5% and 45.5% respectively showed 

protection or deprotection upon MTX treatment (Supplementary Fig. 13a). Base enrichment 

analysis showed that these bases were significantly enriched for Cs and Gs and depleted of As 

and Us (Supplementary Fig. 13b). Stratification of bases by differential SHAPE reactivity upon 

MTX treatment further revealed that Gs were preferentially enriched among protected bases (P = 

9.2 x 10-141, two-tailed binomial test), while deprotected bases were preferentially enriched for Cs 

(P = 2.5 x 10-269, two-tailed binomial test) (Fig. 4c). As anthraquinone derivatives have been 

previously shown to be able to bind to RNA G-quadruplex (rG4) structures107, we wondered 

whether this enhanced protection of Gs upon MTX treatment might be the result of a widespread 

stabilization of rG4s in the transcriptome. Although differentially (de)protected bases showed a 

moderate enrichment for rG4-forming regions108 (P = 2.7 x 10-5, one-sided binomial test), this only 

accounted for 966 bases within 405 rG4s, corresponding to less than 0.6% of the identified sites, 

hence suggesting that rG4s do not generally constitute MTX’s preferred target. Instead, we 

observed a significant enrichment of differentially (de)protected bases within base-paired regions 

relative to a random set of unchanged bases of matching size (P < 10-323, one-tailed binomial 
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test), in agreement with MTX binding to RNA via intercalation. To gain insights into MTX binding 

preferences, we next analyzed the frequency of neighboring base-pairs at sites of differential 

protection by MTX. We consistently observed a massive enrichment for neighboring GC-rich 

base-pairs (CG/CG, GC/GC and CG/GC, P = 9.9 x 10-324, followed by GC/CG, P = 3.9 x 10-43, 

two-tailed binomial test), and an equally robust depletion for neighboring AU-rich base-pairs (P = 

4.9 x 10-324, two-tailed binomial test) (Fig. 4d), irrespective of whether SHAPE data from DMSO 

or MTX-treated cells was used for structure modelling (Supplementary Fig. 13c). Notably, in light 

of these findings, we revisited DMS reactivity data for the T4 td intron and found that the helices 

exhibiting the highest median MTX-induced DMS reactivity fold change were P4 (scaffolding 

domain) and P7.1 (catalytic domain), which contain the highest number of stacked GC-rich base-

pairs in the entire structure (4 and 3, respectively).  

These results agree with previous reports on the DNA binding preference for CpG sites of MTX109–

112 and nogalamycin113, an anthracycline antibiotic, as well as with the published NMR-derived 

structure of MTX in complex with a stem-loop in the MAPT pre-mRNA, in which MTX is stacked 

between two neighboring GC-containing base-pairs (Supplementary Fig. 4). Furthermore, as 

previously discussed for the QSAR analysis, the 3D structure of the MAPT stem-loop shows that 

the amines in one of MTX’s side chains can compete with the N4 of cytosine for hydrogen bonding 

to the O6 of guanine. Such binding modality provides a plausible rationale for the increased 

protection of Gs and deprotection of Cs from 2A3 probing upon MTX treatment. It is conceivable 

that hydrogen bonding of the amines in MTX’s side chains to guanine might result in reduced 

structural flexibility of Gs, consequently increasing the flexibility of interacting Cs. Accordingly, we 

found that the fraction of differentially protected bases predicted to interact with deprotected bases 

(with a base-pairing tolerance of ±2 nucleotides) was significantly higher than expected by chance 

for a random equally-large set of unchanged bases (P = 8.0 x 10-64, one-tailed binomial test). 

While this only accounted for ~8% of the differentially protected bases, this likely reflects several 

methodological and biological factors. First, putative MTX binding sites were defined using a 

stringent reactivity fold change threshold, such that the base-pairing partner of a differentially 

protected nucleotide may not itself have passed this cutoff. Second, SHAPE-MaP reports an 

ensemble-averaged signal, and the secondary structures used for this analysis represent only 

one (or the average of a subset) of the conformations populated in cell, potentially obscuring 

base-pairing relationships present in alternative states. Finally, some differential protections may 

arise indirectly from local structural rearrangements, in which destabilization of one element 

promotes the formation of a more stable alternative structure rather than preserving the original 

pairing interaction. Furthermore, bases showing differential protection upon MTX treatment were 
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not randomly distributed within the transcriptome, but rather they tended to cluster in strict 

proximity, with a median distance of 4 nucleotides to the closest differentially protected base, and 

approximately 97.6% of the bases falling within 50 nucleotides from each other (Fig. 4e).  

To further investigate the structural consequences of MTX binding, we analyzed the 

structuredness of regions immediately surrounding differentially protected sites. We observed that 

MTX binding was accompanied by a significant increase in Gini index (median DMSO: 0.33; 

median MTX: 0.37; P < 10-323, paired Wilcoxon rank sum test) and a moderate yet significant 

decrease in median SHAPE reactivity (median DMSO: 0.26; median MTX: 0.25; P = 2.6 x 10-150, 

paired Wilcoxon rank sum test) (Fig. 4f), in agreement with the stabilizing effect of MTX observed 

for the T4 td intron. We next devised a simple strategy to identify regions with consistent SHAPE 

reactivity profiles across both DMSO and MTX-treated cells, as well as regions showing robust 

SHAPE reactivity changes upon MTX binding (see Methods). Using stringent selection criteria, 

we identified a total of 40,345 regions, encompassing ~1.6 million bases, of which ~13.3% 

exhibiting MTX-induced reactivity changes (Fig. 4g, Supplementary Fig. 13d and Supplementary 

Data 4). We further confirmed the dose-dependent relationship between MTX concentration and 

SHAPE reactivity for a subset of these sites via targeted SHAPE-MaP analysis (Supplementary 

Fig. 14). The observed saturable behavior indicates that the measured reactivity changes are the 

result of specific MTX binding events. We wondered whether the observed alterations in SHAPE 

reactivity were a consequence of the MTX-dependent disruption of protein binding, however we 

did not observe any enrichment for protein-bound regions from ENCORE eCLIP data114. Rather, 

these regions appeared to be significantly depleted for RNA-binding protein (RBP) binding sites 

as compared to a random set of unchanged regions of matching size (P = 7.7 x 10-13, one-sided 

binomial test), which is in line with MTX’s preference for binding to structured regions, as opposed 

to the generalized preference of RBPs for binding to single-stranded, unstructured contexts115–

119. 

Notably, while over 63% of the transcriptome regions passing our stringent selection overlapped 

with sites of differential protection by MTX, only ~30.7% of them, encompassing ~350,000 bases 

(~21.6%), showed any detectable SHAPE reactivity change. Although differential protection might 

occur for reasons other than direct MTX binding, our results suggest that only a small subset of 

MTX binding events might actually elicit structural, and possibly functional, changes. 

 

 

Mitoxantrone redistributes 5′ UTR RNA structural ensembles in living cells 
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To further explore the impact of MTX binding on RNA conformational ensembles in living cells, 

we proceeded to perform ensemble deconvolution analysis. As this type of analysis is extremely 

demanding in terms of required sequencing depth, we leveraged the 5′UTR-MaP methodology 

we recently introduced120, which enables the selective enrichment of 5′ UTRs (Supplementary 

Fig. 15a) and, more generally, of 5′-terminal regions of capped transcripts. This time we opted for 

DMS probing over SHAPE as the reverse transcriptases typically used for DMS-MaPseq analyses 

can non-ambiguously record over 95% of the DMS-modified sites as point mutations90, hence 

achieving superior signal-to-noise ratio, and making DMS a better probe for ensemble 

deconvolution analyses. As expected, we observed an enrichment for DMS-induced modifications 

on A and C bases, which accounted for ~90% of the mutations (Supplementary Fig. 15b). DMS 

reactivities showed excellent correlation between biological replicates (r = 0.94-0.95, Pearson 

correlation coefficient) and, in line with our observations from transcriptome-wide SHAPE-MaP 

analysis, MTX treatment only had a limited effect on the structure of the 5′ UTRome as compared 

to DMSO (r = 0.92, Pearson correlation coefficient) (Supplementary Fig. 15c). 

We achieved sufficient depth for ensemble deconvolution analysis across ~140,000 bases, 

spanning nearly 1,000 transcripts. DRACO-mediated ensemble deconvolution showed that ~45% 

of the analyzed bases populated two or more conformations across 553 transcripts in DMSO-

treated cells, as compared to ~40.5% across 526 transcripts for MTX-treated cells (Fig. 5a and 

Supplementary Data 5). Of the ~130,000 bases common to both conditions, ~20.2% showed 

reduced ensemble heterogeneity upon MTX treatment, as compared to ~16.5% for which 

heterogeneity increased (Fig. 5b). Interestingly, although ensemble composition did not appear 

to change for approximately 63.3% of the analyzed bases, the relative abundances of the 

deconvolved conformations changed substantially between DMSO and MTX-treated cells (r = 

0.60-0.62, Pearson correlation coefficient), while it stays consistent between biological replicates 

of the same condition (r = 0.98 for DMSO, r = 0.93 for MTX, Pearson correlation coefficient) (Fig. 

5c). These results are in line with our prior observations on the T4 td intron and provide further 

evidence for the ability of MTX to modulate the partitioning of RNA structural ensembles (Fig. 5d 

and Supplementary Fig. 16a).   

As 5′ UTR structural ensemble dynamics play a key role in translational regulation, we further 

sought to evaluate the functional consequences of MTX-induced repartitioning of 5′ UTR 

conformational ensembles by performing ribosome profiling via RiboLace121, which exploits a 

biotin-labeled puromycin analog to enrich actively translating ribosomes. Notably, we observed a 

moderate yet significant increase in translation efficiencies 30 minutes post-MTX treatment for 

those mRNAs whose 5′ UTRs showed reduced ensemble heterogeneity (P = 8.6 x 10-3, two-tailed 
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Wilcoxon rank sum test), while no statistically significant difference was observed for mRNAs 

whose 5′ UTRs showed an increase in ensemble heterogeneity, as compared to mRNAs whose 

5′ UTRs showed no change in ensemble heterogeneity (Fig. 5e).  Thus, showing that MTX-

mediated conformational selection of 5′ UTR structural ensembles directly results in the 

modulation of mRNA translation efficiency. 

Finally, we performed structure modelling of regions whose heterogeneity decreased upon MTX 

treatment, as well as of regions whose heterogeneity and relative conformation abundances 

remained similar between DMSO and MTX-treated cells (see Methods). We then analyzed the 

frequency of neighboring base-pairs in the conformations selected by MTX, as compared to those 

in the ensembles of DMSO-treated cells, as well as those in the ensembles that remained “stable” 

upon MTX treatment. We detected a significant enrichment for neighboring GC-rich base-pairs, 

particularly CG/CG (P = 1.7 x 10-18, two-tailed binomial test), followed by GC/GC (P = 2.6 x 10-10, 

two-tailed binomial test) and CG/GC (P = 3.2 x 10-5, two-tailed binomial test) (Supplementary Fig. 

16b), in line with our observations from transcriptome-wide SHAPE-MaP analysis, further 

strengthening the notion that MTX binding to these sites enables the stabilization of selected 

conformations within the ensemble. 

 

Discussion 

While numerous studies have focused on identifying small molecules that bind to RNA, the extent 

to which these interactions result in functional RNA modulation remains largely unexplored. In this 

study, we show that binding does not necessarily imply function, and that intercalation alone, 

although sufficient for general engagement with nucleic acids, is insufficient to confer activity. 

Instead, our results indicate that a specific geometry of interactions, particularly hydrogen bonds, 

is required to modulate RNA folding and have functional consequences. 

Through a combination of functional screening, transcriptome-wide RNA chemical probing, and 

ensemble deconvolution, we identified Mitoxantrone (MTX) as a potent modulator of RNA 

structure and function. Although MTX is a well-characterized DNA intercalator, our data show that 

intercalation is not the principal driver of its activity on RNA, at least with respect to impacting 

translational effects. Natural anthraquinones that share the same planar aromatic core as MTX, 

but lack amine-containing side chains, are broadly inactive in splicing inhibition assays, despite 

presumably retaining similar intercalative potential. This suggests that the anthraquinone scaffold 

may primarily serve to anchor and position functionalized side chains that mediate more specific 

and productive interactions with RNA. Our QSAR analysis further supports this model, highlighting 

secondary amines and overall hydrogen bonding potential as key correlates of activity, in 
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agreement with previous studies showing polyamine-mediated stabilization of RNA structures122–

127. Furthermore, our results on Quinizarin analogs indicate that the addition of similar side chains 

to inactive RNA binders might enable their conversion into functional RNA modulators. 

Importantly, although transcriptome-wide RNA structure analysis suggests that MTX binds a large 

number of sites across the human transcriptome, only a fraction of these interactions result in 

detectable structural changes. This reinforces the notion that RNA binding alone is not a reliable 

predictor of function, and that productive engagement likely depends on both the molecular 

features of the compound and the local RNA context. Analysis of regions of differential MTX-

induced protection from chemical probing revealed MTX preference for binding to GC-rich, 

structured elements, which are generally depleted of RNA-binding protein footprints and that the 

structural stability of these regions increases upon MTX binding. Ensemble deconvolution 

analysis of the T4 td intron and of human 5′ UTRs further corroborate this idea, revealing that 

MTX consistently stabilizes specific conformations within structural ensembles, supporting a 

conformational selection model. 

By probing the structural landscape of 5′ UTRs on a transcriptome-scale, we further uncovered a 

clear connection between ensemble redistribution and translational output. Transcripts that 

exhibited reduced conformational heterogeneity upon MTX treatment showed significantly 

increased translation efficiency, suggesting that modulation of structural ensembles can have 

immediate regulatory consequences. Notably, this is in line with previous studies showing that 

polyamines can modulate 5′ UTR secondary structure to stimulate mRNA translation125. While the 

precise mechanisms remain to be elucidated, and likely differ on a per-RNA basis, we can 

speculate that the stabilization of selected conformations by MTX might hamper translation of 

upstream ORFs, which we recently showed to be enriched within structurally-heterogeneous 

regions of human 5′ UTRs or, more generally, alleviate other inhibitory RNA structural features 

such as RNA G-quadruplexes.  

From a therapeutic standpoint, our findings underscore the power of targeting RNA 

conformational ensembles rather than single well-defined structures. Small molecules that can 

redistribute structural ensembles within pathologically-relevant RNAs, for example by stabilizing 

specific conformers or by shifting structural equilibria, represent a promising avenue for 

modulating RNA function with high specificity. By extending the notion of druggability from fixed 

structural motifs to dynamic ensembles, ensemble-based targeting has the potential to unlock 

previously inaccessible RNA targets, including non-coding RNAs, structured 5′ and 3′ UTRs, and 

regulatory intronic elements. 
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In the context of the current state-of-the-art, our work fills an important gap. Existing 

transcriptome-wide techniques for mapping RNA-small molecule interactions are heavily biased 

toward identifying binding sites and typically provide little to no information on functional 

consequences. To our knowledge, this study represents the first systematic investigation of the 

transcriptome-wide structural and functional impact of a small molecule on RNA ensembles in 

living cells. Additionally, interrogating RNA-binding events and alteration of conformational 

ensembles via structure probing facilitates the study of RNA-targeted small molecules 

transcriptome-wide without the necessity of labeling the small molecule with a reactive sidechain. 

Indeed, it has previously been shown that minimal changes to small molecules can have a 

dramatic effect on binding to RNA targets43,128. By combining chemical probing, ensemble 

deconvolution, and translation profiling, we introduce a generalizable framework capable of 

distinguishing between inert and functionally productive binding events with (near) nucleotide 

resolution in cells.  

Looking forward, this framework could be directly extended to systematically define ideal 

druggable sites within mRNAs and to guide the discovery of new RNA-targeted small molecules. 

Transcriptome-wide structure probing combined with ensemble deconvolution enables the 

identification of RNA regions that are both structurally dynamic and selectively responsive to 

small-molecule binding, features that are likely to confer heightened sensitivity to chemical 

modulation. Such regions could be prioritized as candidate druggable sites based on measurable 

criteria, including intrinsic structural plasticity, GC%, structuredness, and the magnitude of ligand-

induced ensemble repartitioning. Coupling this strategy with focused chemical libraries or 

fragment-based screening, followed by iterative structure-guided optimization, would enable the 

rational discovery of small molecules tailored to selectively stabilize or destabilize specific RNA 

conformers within disease-relevant mRNAs. 

While our approach offers important new insights, several limitations should be acknowledged. 

First, ensemble deconvolution methods remain limited in their ability to detect low-abundance or 

short-lived conformations, which may result in an underestimation of structural diversity and small 

molecule effects. Second, although we minimized indirect effects by using short MTX treatments, 

the possibility of secondary/indirect consequences cannot be completely ruled out. Future studies 

using orthogonal probing chemistries, improved conformational modeling algorithms, and time-

resolved analyses will likely address some of these limitations. 

Nevertheless, the conceptual framework and experimental toolkit presented here provide a 

powerful foundation for dissecting the functional landscape of RNA-small molecule interactions. 

By focusing on structural consequences rather than binding affinity alone, and by treating RNA 
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as a dynamic ensemble of conformations rather than a static scaffold, we outline a new direction 

for RNA-targeted therapeutic development: one that emphasizes functionally-informed design 

and the targeting of structural plasticity at scale. 
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Methods 

 

Compound selection and screening. 

Compounds from a library of FDA-approved compounds (cat. L1021, APExBIO) were 

selected by similarity to RNA binders identified in a recent large-scale screening39. Selection was 

performed using DataWarrior129 and a similarity threshold of 90%. The final selection was further 

enriched with a set of 76 kinase inhibitors from the same library, yielding a total of 156 compounds 

(Supplementary Data 1). Screening plates included 7 negative control wells containing 2.5% 

DMSO, and 14 positive control wells containing Neomycin (cat. N1876, Merck) (7 of which at a 

concentration of 500 μM and 7 at a concentration of 2.5 M). Screening was performed in 5 μl 

reactions. First, reactions were assembled by mixing 50 ng of a dsDNA template harboring the 

T7 promoter followed by 50 nt exon 1 + group I intron + 50 nt exon 2, 0.2 μl T7 RNA Polymerase 

Mix (part of the HiScribe® T7 High Yield RNA Synthesis Kit; cat. E2040S, New England Biolabs), 

0.1 μl SUPERase•In™ RNase Inhibitor (cat. A2696, ThermoFisher Scientific), 0.5 μl 10X T7 

Reaction Buffer, and 1 μl of a 250 μM dilution in nuclease-free water of the compound to be tested. 

Reactions were incubated at 37°C for 2 min, after which 1 μl NTPs (2.5 mM each) was added to 

initiate the transcription reaction. Reactions were allowed to proceed for 5 min at 37°C, before 

terminating them by adding 1 μl 60.5 mM EDTA. Template DNA was degraded by adding 0.25 μl 

TURBO DNase I (cat. AM2239, ThermoFisher Scientific) and 1 μl 62.5 mM CaCl2, and incubating 

at 37°C for 30 min. Transcribed RNA was purified using 1.8 volumes NucleoMag NGS Clean-up 

and Size Select beads (cat. 744970, Macherey Nagel) and eluted in 2.7 μl nuclease-free water. 

The eluted RNA was then mixed with 0.25 μl 10 μM RT1 (or RT2) reverse transcription primer 

(Supplementary Data 6), 0.25 μl dNTPs (10 mM each) and 0.5 μl 10X RT Buffer [500 mM Tris-

HCl pH 8.0; 750 mM KCl]. Reactions were denatured by incubation at 70°C for 3 min, then snap-

cooled on ice for 1 min. Reactions were then supplemented with 0.5 μl 100 mM DTT, 2 U 

SUPERase•In™ RNase Inhibitor, 40 U SuperScript™ II Reverse Transcriptase (cat. 18064022, 

ThermoFisher Scientific) and 0.5 μl 60 mM MnCl2. Reverse transcription was carried out at 42°C 

for 30 min, followed by incubation at 75°C for 15 min to inactivate the reverse transcriptase. 

Reaction volumes were then brought to 10 μl with nuclease-free water and cDNA was purified 

using 0.9 volumes NucleoMag NGS Clean-up and Size Select beads. cDNA was eluted in 5 μl 

nuclease-free water and mixed with 2.5 μl 1 μM F1 (or F2) primer (Supplementary Data 6), 2.5 μl 

10 μM i5 primer, 2.5 μl 10 μM i7 primer and 12.5 μl NEBNext® Ultra™ II Q5® Master Mix (cat. 

M0544X, New England Biolabs). PCR enrichment was performed as per manufacturer 

instructions. Amplified libraries were purified using 1 volume NucleoMag NGS Clean-up and Size 

Select beads.  

The same experimental conditions were also used for the generation of dose-response 

curves (related to Fig. 1c and Supplementary Fig. 1a), for the GTP/MgCl2 competition assay 

(related to Fig. 1d) and for the QSAR analysis (related to Fig. 2a). % splicing inhibition (related to 

Fig. 2a, b) was calculated as min(0, 100 - % splicing relative to control). 

 

Anthraquinone compounds. 

Emodin (cat. E7881, Merck), Aloe-emodin (cat. 93938, Merck), Physcion (cat. 93893, 

Merck), Chrysophanol (cat. 229075, Merck), Quinizarin (cat. D0243, TCI Chemicals), 

Mitoxantrone (cat. M6545, Merck), Pixantrone (cat. SML2577, Merck), Banoxantrone (cat. 
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SML1854, Merck), Myra A (cat. M9823, Merck) were commercially available. KP39, KP105, 

KP110, KP145, KP312, KP353, KP365, ZP275 and SOM2 were synthesized as previously 

described71–74,76. Synthesis details for the remaining compounds are provided in Supplementary 

Note 1. 

 

Synthesis of 2-aminopyridine-3-carboxylic acid imidazolide (2A3).  

2-aminopyridine-3-carboxylic acid imidazolide (2A3) was synthesized as previously 

described, with minor changes. Briefly, 552.48 mg 2-aminopyridine-3-carboxylic acid (cat. 

A68300, Merck) and 648.6 mg 1,1′-Carbonyldiimidazole (CDI) (cat. 21860, Merck) were directly 

mixed in a 5 mL beaker with 4 mL DMSO anhydrous (cat. 276855, Merck) were added, and 

vigorously stirred at room temperature for 1 h. Residual unreacted powder was then removed by 

brief centrifugation at 17,000g for 2 min, after which the solution, assumed to represent a 1 M 

stock, was aliquoted in 50 μl aliquots and stored at -80°C. 

 

Cell culture and in vivo probing.  

Human MDA-MB-231 cells were cultured in high glucose DMEM medium (cat. L0104, 

Biowest), supplemented with 10% fetal bovine serum (FBS) (cat. H1138, Merck), 25 U/mL 

penicillin and 25 μg/mL streptomycin, at 37°C and 5% CO2. Culture plates were pre-coated with 

0.001% poly-L-lysine (cat. P8920, Merck) to ensure that cells would remain attached during 

probing. For drug treatment, cells were first washed once with PBS, prewarmed at 37°C. Then, 

Mitoxantrone (MTX) from a 10 mM stock in DMSO was mixed with fresh complete medium, 

prewarmed at 37°C, to achieve the desired final concentration (10 μM for transcriptome-wide 

analyses, or 0.1-0.5-1-5-10-25 μM for dose-response analysis), and the medium added to the 

cells. For control experiments, medium was mixed with an equivalent amount of neat DMSO. 

Cells were then incubated for 30 min at 37°C. For SHAPE probing, cells were washed twice with 

PBS, prewarmed at 37°C, to remove any traces of serum. 2A3 (or an equivalent volume of neat 

DMSO, for control experiments) was then mixed with fresh PBS, prewarmed at 37°C, and added 

to the cells. Cells were incubated at 37°C for 7.5 min. Reactions were then quenched by addition 

of 1 volume ice-cold 1 M DTT in PBS, after which the supernatant was aspired, cells were washed 

once in PBS, and then lysed by direct addition of 2 mL ice-cold TRIzol™ Reagent (cat. 15596018, 

ThermoFisher Scientific). For dimethyl sulfate (DMS) (cat. D186309, Merck) probing, DMS from 

a fresh 1:4 dilution in ethanol (~2.64 M) was directly added to the cells at a final concentration of 

150 mM. Probing was conducted for 2 min at 37°C. Reactions were then quenched by addition of 

1 volume 1 M DTT, after which cells were collected by centrifugation at 5,000g for 1 min. 

Supernatant was discarded and pellets were immediately lysed by direct addition of 1 mL ice-cold 

TRIzol™ Reagent. 

 

Fluorescence microscopy analysis of MTX-treated cells.  

Human MDA-MB-231 cells were plated on μ-Slide 8 Well coverslips (cat. 80827, Ibidi), pre-

coated with 0.001% poly-L-lysine, at a density of 105 cells/well. 30 min prior to imaging, medium 

was replaced with 300 μl fresh medium containing either 10 μM final MTX, or an equivalent 

amount of neat DMSO. Coverslips were incubated at 37°C for 30 min before imaging on a Zeiss 

Observer Z1 (excitation: 587/25 nm; emission: 647/70 nm). 
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RNA extraction. 

RNA samples in TRIzol™ were mixed with 0.2 volumes chloroform (cat. 319988, Merck) by 

vigorous vortexing for 15 sec, after which samples were allowed to sit at room temperature for 2 

min, before centrifugation at 12,500g for 15 min (4°C). After phase separation, the upper aqueous 

phase was transferred to a clean 2 mL tube and mixed with 1 volume 2-propanol (cat. 190764, 

Merck) by vigorous vortexing for 15 sec. Samples were allowed to sit at room temperature for 10 

min, before centrifugation at 17,000g for 10 min (4°C). Supernatant was discarded and the RNA 

pellet was washed twice in 75% ethanol. The RNA pellet was then allowed to air-dry for 10 min, 

before resuspension in nuclease-free water, pre-warmed at 70°C. Residual gDNA was removed 

by digestion I at 37°C for 30 min. 

 

In vitro self-splicing assay. 

As group I introns efficiently splice co-transcriptionally, in vitro transcription reactions 

typically yield very low amounts of full-length unspliced precursor. However, we found that 

addition of Urea at a final concentration of 1 M during transcription can efficiently inhibit co-

transcriptional splicing, while preserving high transcription efficiency. Synthesis of the unspliced 

T4 td group I intron was performed in a reaction volume of 20 μl, using 200 ng dsDNA template, 

2 μl 100 mM each NTP, 2 μl 10X T7 Reaction Buffer, 1 μl T7 RNA Polymerase Mix and 2.5 μl 8 

M Urea, and by incubating at 37°C for 3 h. Template DNA was removed by digestion with TURBO 

DNase at 37°C for 30 min and RNA was purified on Monarch® Spin RNA Cleanup columns (10 

μg) (cat. T2030L, New England Biolabs) as per manufacturer instructions. RNA was mixed with 

1 volume 2X RNA Gel Loading Dye (cat. R0641, ThermoFisher Scientific), denatured at 70°C for 

5 min, snap-cooled on ice and resolved on a 5% TBE-Urea polyacrylamide gel. The product 

corresponding to the full-length unspliced RNA (50 nt exon 1 + 265 nt intron + 50 nt exon 2) was 

excised and recovered by passive diffusion at 4°C for 16 h in 300 μl 0.05% SDS, supplemented 

with 60 U SUPERase•In™ RNase Inhibitor. 

For in vitro refolding of the T4 td intron, 20 ng RNA in a volume of 2.5 μl were denatured at 

55°C for 5 min and snap-cooled on ice for 1 min. 0.5 μl ice-cold 10X RNA Folding Buffer [400 mM 

Tris-HCl pH 7.5; 100 mM MgCl2; 4 mM Spermidine] and 1 μl 500 μM GTP were then added, and 

RNA was incubated at 32°C for the 1 h. For experiments involving MTX, this was added at the 

desired concentration together with folding buffer and GTP. 

 

DMS probing of in vitro refolded T4 td intron. 

For in vitro probing of the refolded T4 td intron, 50 ng of full-length unspliced precursor in 

41.5 μl nuclease-free water were denatured at 55°C for 5 min and snap-cooled on ice for 1 min. 

Refolding was initiated by addition of 5 μl ice-cold 10X RNA Folding Buffer [400 mM Tris-HCl pH 

7.5; 100 mM MgCl2; 4 mM Spermidine], followed by incubation at 32°C for 5 min. For experiments 

involving MTX (10 μM final) and/or excess GTP (5 mM final), these were added together with the 

folding buffer. DMS (from a 1:4 dilution in 100% ethanol) was added at a final concentration of 

100 mM, followed by incubation at 32°C for 2 min. Reactions were quenched by addition of 1 

volume 1 M DTT, and RNA was purified on Monarch® Spin RNA Cleanup columns (10 μg) as per 

manufacturer instructions. To prevent carryover of other species that might have formed during 

the folding/splicing process, the probed RNA was further resolved on a 5% TBE-Urea 

polyacrylamide gel. The product corresponding to the full-length unspliced RNA was excised and 
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recovered by passive diffusion at 4°C for 16 h in 300 μl 0.05% SDS, supplemented with 60 U 

SUPERase•In™ RNase Inhibitor. The same conditions were used for probing of E. coli total RNA, 

that was used for the derivation of optimized folding parameters (see paragraph “Optimization of 

folding parameters” below), except for the folding buffer that was supplemented with 1.5 M KCl, 

and the temperature of the denaturation step that was increased to 95°C to ensure proper 

denaturation of the rRNAs. 

 

DMS-MaPseq library preparation of the T4 td intron. 

For DMS-MaPseq library preparation, 5.25 μl DMS-probed RNA were mixed with 1 μl RT3 

primer (Supplementary Data 6) and 1 μl dNTPs (10 mM each), and incubated at 70°C for 5 min, 

followed by snap-cooling on ice for 1 min. Reactions were then supplemented with 0.5 μl Induro® 

Reverse Transcriptase (cat. M0681L, New England Biolabs), 0.25 μl SUPERase•In™ RNase 

Inhibitor, 2 μl 5X RT Buffer [250 mM Tris-HCl pH 8.3; 375 mM KCl; 15 mM MgCl2], and reverse 

transcription was carried out by incubation at 42°C for 5 min, 55°C for 30 min, 60°C for 30 min 

and 75°C for 15 min. The Induro-RNA-cDNA complex was destroyed by addition of 1 μl 10 M 

NaOH, followed by incubation at 95°C for 3 min. Reactions were cleaned up on Monarch® Spin 

RNA Cleanup columns. cDNA was eluted in 7.5 μl nuclease-free water and mixed with 2.5 μl 1 

μM F3 primer (Supplementary Data 6), 2.5 μl 10 μM i5 primer, 2.5 μl 10 μM i7 primer and 12.5 μl 

NEBNext® Ultra™ II Q5® Master Mix. PCR enrichment was performed as per manufacturer 

instructions. Amplified libraries were purified using 1 volume NucleoMag NGS Clean-up and Size 

Select beads.  

 

SHAPE-MaP library preparation. 

For SHAPE-MaP library preparation, ~50 ng poly(A)+ RNA, enriched using Oligo d(T)25 

Magnetic Beads (cat. S1419S, New England Biolabs), were directly eluted from the beads by 

fragmentation in 4 mM MgCl2 for 5.5 min at 94°C, and then cleaned up on Monarch® Spin RNA 

Cleanup columns. The remainder of the protocol was performed as previously described103 

(paragraph 4.3, “Traditional method”). 

 

Targeted SHAPE-MaP library preparation. 

For targeted SHAPE-MaP across increasing MTX concentrations, 5 μg total RNA were 

subjected to reverse transcription in a final volume of 20 μl, in the presence of 4 μl RT Buffer 5X 

[250 mM Tris pH 8.0; 375 mM KCl], 2 μl DTT 0.1 M, 2 μl 10 μM equimolar pool of reverse primers 

containing the reverse complement of the Illumina 3′ adapter (Supplementary Data 6), 1 μl dNTPs 

(10 mM each), 200 U SuperScript™ II Reverse Transcriptase and 10 U SUPERase•In™ RNase 

Inhibitor, by incubating at 42°C for 1h30m, followed by 10 min at 50°C, 10 min at 55°C, and 10 

min at 60°C. The reverse transcription reactions were cleaned up Monarch® Spin RNA Cleanup 

columns and eluted in 20 μl nuclease-free water. Targeted PCR was performed using 2.5 μl 

cDNA, Phusion™ High-Fidelity DNA Polymerase (cat. M0530L, New England Biolabs), 0.5 μM 

final of the gene-specific reverse primer (the same used for reverse transcription), 0.5 μM final of 

the gene-specific forward primer containing the Illumina 5′ adapter (Supplementary Data 6), and 

a touchdown protocol. Briefly, the annealing temperature was set at 63°C and decreased by -

0.5°C/cycle for the first 10 cycles, followed by 20 cycles at 58°C. The purified amplicons were 
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then equimolarly pooled, and 5 ng of this pool were used for barcoding using barcoded Illumina 

primers. 

 

5′UTR-MaP library preparation. 

5′UTR-MaP library preparation was performed as previously described120, with minor 

changes. Briefly, ~1.5 μg of poly(A)+ RNA were enriched per sample using Oligo d(T)25 Magnetic 

Beads and directly eluted from the beads by fragmentation in 4 mM MgCl2 for 5 min at 94°C, and 

then cleaned up on Monarch® Spin RNA Cleanup columns. RNA was end-repaired in two steps. 

First, RNA was treated with 1 U Shrimp Alkaline Phosphatase (rSAP) (cat. M0371L, New England 

Biolabs), in a final volume of 20 μl, at 37°C for 30 min, followed by cleanup on Monarch® Spin 

RNA Cleanup columns. Then, decapping was performed at 37°C for 1 h, in a final volume of 20 

μl, using 5 U Cap-Clip™ Acid Pyrophosphatase (cat. C-CC15011H, CellScript), followed by clean 

up on Monarch® Spin RNA Cleanup columns. End-repaired RNA fragments were ligated to 1 μl 

of 10 μM 5′-biotin-TEG-modified RA1 RNA adapter (Supplementary Data 6) at 25°C for 2 h, in a 

final volume of 20 μl, using 30 U T4 RNA Ligase 1 (ssRNA Ligase), High Concentration (cat. 

M0437M, New England Biolabs), in T4 RNA Ligase Reaction Buffer supplemented with 12.5% 

PEG-8000 and 1 mM ATP final. 20 μl Dynabeads™ MyOne™ Streptavidin T1 beads (cat. 65601, 

ThermoFisher Scientific) were then washed twice in 100 μl 2X Binding & Wash Buffer [10 mM 

Tris-HCl pH 7.5; 1 mM EDTA; 2 M NaCl] and resuspended in 40 μl of the same buffer. Ligation 

reactions were then brought to a final volume of 40 μl with nuclease-free water and mixed with 

the beads. Samples were thoroughly vortexed, then incubated for 15 min at 22°C with constant 

shaking at 1,000 RPM. Beads were washed twice with 500 μl 1X Binding & Wash Buffer, followed 

by two washes with 500 μl nuclease-free water at 80°C for 2 min, to remove non-specifically 

captured RNA fragments. RNA was eluted from the beads in 50 μl Formamide Elution Buffer [95% 

Formamide; 10 mM EDTA], by incubating at 95°C for 3 min, then cleaned up on Monarch® Spin 

RNA Cleanup columns. RNA was then ligated to 1 μl of a 10 μM dilution of 5′-pre-adenylated and 

C3 spacer 3′-blocked DNA 3′ adapter DA1 (Supplementary Data 6), at 25°C for 2 h, in a final 

volume of 20 μl, using 200 U T4 RNA Ligase 2, truncated KQ (cat. M0373L, New England 

Biolabs), in T4 RNA Ligase Reaction Buffer supplemented with 12.5% PEG-8000. Ligated RNA 

was cleaned up on Monarch® Spin RNA Cleanup columns and eluted in 9 μl nuclease-free water, 

supplemented with 2 μl 10 μM RT primer and 2 μl 10 mM dNTPs. RNA was incubated at 70°C for 

5 min, and then snap-cooled on ice for 1 min. Reverse transcription was conducted in a final 

volume of 20 μl, containing 4 μl 5X RT Buffer [250 mM Tris-HCl pH 8.3; 375 mM KCl; 15 mM 

MgCl2], 1 μl DTT 0.1 M, 20 U SUPERase•In™ RNase Inhibitor, 200 U Induro® Reverse 

Transcriptase, and incubated 10 min at 42°C, 1 h at 57°C and 1 h at 60°C. RNA was degraded 

by addition of 1 μl 10 M NaOH, followed by incubation at 95°C for 3 min. Reactions were cleaned 

up on Monarch® Spin RNA Cleanup columns, using 1 volume RNA Binding Buffer and 1 volume 

100% ethanol, to only recover fragments ≥ 200 nt. The final PCR enrichment was performed using 

the NEBNext® Ultra™ II Q5® Master Mix (cat. M0544X, New England Biolabs), as per 

manufacturer instructions. 

 

Ribosome profiling via RiboLace technology. 

Ribosome profiling was performed using the RiboLace Pro kit (cat. #RL00P-12, IMMAGINA 

Biotechnology), with minor changes to the protocol. Briefly, ~7.5 x 106 cells were treated with 10 
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μM final MTX, or an equivalent amount of DMSO, for 30 min at 37°C (see paragraph “Cell culture 

and in vivo probing” above). During the final 5 min of incubation, cycloheximide (CHX) (cat. 

C4859, Merck) was added at a final concentration of 10 μg/mL. Cells were then washed twice 

with ice-cold PBS, supplemented with 10 μg/mL CHX, after which the plate was immediately snap-

frozen in liquid nitrogen. Cells were then scraped in 300 μl ice-cold SLB, lysed on ice for 20 min 

and cell debris was removed by centrifugation at 17,000g x 15 min (4°C). Then, 0.55 AU (260 

nm) of lysate were digested with 16.5 μl diluted nuclease (dNux) and used for the capture of 

ribosome-protected fragments (RPF). After the capture, RPFs were directly collected by 

resuspending the beads in 1 mL TRIzol™ Reagent and by incubating at 70°C for 5 min, followed 

by RNA extraction as per manufacturer instructions. RPF were end-repaired by treatment with 1 

U rSAP, in a final volume of 20 μl, at 37°C for 30 min, followed by heat inactivation of the enzyme 

at 70°C for 5 min. Reactions were then supplemented with 20 U T4 Polynucleotide Kinase (cat. 

M0201L, New England Biolabs), 1 mM ATP, 5 mM DTT, in a final volume of 50 μl, and incubated 

at 37°C for 1 h. 5′-phosphorylated RNA fragments were then cleaned up on Monarch® Spin RNA 

Cleanup columns, by only recovering fragments < 200 nt. Purified RFP were then subjected to 

adapter ligation, reverse transcription and PCR following the same procedure used for SHAPE-

MaP library preparation, but performing the reverse transcription reaction using 200 U Induro® 

Reverse Transcriptase.  

For RNA-seq library preparation, 100 μl were taken from the remainder of the lysate, mixed 

with 1 mL ice-cold TRIzol™ Reagent and extracted as per manufacturer instructions. 5 μg total 

RNA were subjected to poly(A)+ enrichment using Oligo d(T)25 Magnetic Beads and directly 

eluted from the beads by fragmentation in 4 mM MgCl2 for 8 min at 94°C, and then cleaned up on 

Monarch® Spin RNA Cleanup columns. Library preparation was performed using the NEBNext® 

Ultra™ II Directional RNA Library Prep Kit for Illumina® (cat. E7760S, New England Biolabs), as 

per manufacturer instructions. 

 

Analysis of % splicing efficiencies from sequencing data. 

Calculation of % splicing efficiencies from sequencing data was performed using an 

alignment-free approach. Briefly, a regular expression was defined for either the spliced 

(TTTCTTGGGTCTTCCATTTA for T4 td, CTATGACTCTCTTAAGGTAG for C. albicans 25S 

rRNA) or unspliced (TTTCTTGGGTTAATTGAGGC for T4 td, CTATGACTCTCAACCTATAA for 

C. albicans 25S rRNA) RNAs, by taking the last 10 nt of exon 1 and either the first 10 nt of exon 

2, or the first 10 nt of the intron. The regular expression was further expanded to allow any 1 nt 

mismatch. The number of matches for both regular expressions was then calculated for each 

FASTQ file and the % spliced RNA was calculated as: 

 

% 𝑠𝑝𝑙𝑖𝑐𝑒𝑑 =  
# 𝑠𝑝𝑙𝑖𝑐𝑒𝑑 𝑟𝑒𝑎𝑑𝑠

# 𝑠𝑝𝑙𝑖𝑐𝑒𝑑 𝑟𝑒𝑎𝑑𝑠 + # 𝑢𝑛𝑠𝑝𝑙𝑖𝑐𝑒𝑑 𝑟𝑒𝑎𝑑𝑠
 (1) 

 

The % spliced relative to control was then calculated by dividing all values by the % splicing 

efficiency in the control experiment (0 μM MTX). For dose-response experiments, these values 

were used to derive IC50 values using a 4-parameter log-logistic model. 

 

Quantitative Structure-Activity Relationship (QSAR) analysis. 
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For QSAR analysis, % splicing inhibition was first calculated for all tested anthraquinone 

compounds, for both T4 td and C. albicans 25S rRNA introns. After individually averaging the two 

replicates for each intron, the average % splicing inhibition across both introns was calculated 

and correlated to all the molecular descriptors available in the RDKit v2025.03.2. 

 

Processing of T4 td intron DMS-MaPseq data.  

Paired-end reads were clipped of sequencing adapters using Cutadapt130 v4.478 

(parameters: -A AGATCGGAAG -a AGATCGGAAG -m 200:200 -O 1) and merged using PEAR131 

v0.9.1179 (parameters: -n 200 -q 20 -u 0 -e -y 15G -z). Merged reads were then mapped to the 

T4 td intron sequence using the rf-map module of the RNA Framework132 v2.9.3 and Bowtie2133 

v2.3.5.1 (parameters: -b2 -ctn -cmn 0 -mp "--very-sensitive-local --norc" -cl 200). Bulk (ensemble 

average) mutation counts and coverage (RC files) and MM files (necessary for ensemble 

deconvolution analysis) were obtained from BAM alignments files using the rf-count module of 

the RNA Framework (parameters: -m -ds 250 -ncl -es -ni -na -me 0.1 -dc 3 -mm). Reads harboring 

more than 10% mutated bases, as well as reads spanning less than 250 nt, were discarded. 

Insertions, ambiguous deletions and consecutive mutations falling within 3 nt from each other 

were discarded. Furthermore, a mask file (parameter: -mf) was provided to mask the RT primer 

binding site (TAACGACCTTATCTGAACATAATG). Prior to ensemble deconvolution analysis, 

MM files were further polished by removing non-A/C mutations and by discarding reads carrying 

fewer than 2 A/C mutations, by using the extract function of the rf-mmtools tool of the RNA 

Framework (parameters: -mpr 2 -kb AC). 

For the analysis of bulk (ensemble average) data, cross-experiment normalization factors 

were derived using the rf-normfactor utility of the RNA Framework (parameters: -sm 4 -nm 3 -rb 

AC -mc 1000) and provided to the rf-norm utility via the -nf parameter. Reactivities from 

independent replicates were combined using the rf-combine tool of the RNA Framework. Areas 

under the Receiver Operator Characteristic (ROC) curve (related to Fig. 3a) were calculated using 

the T4 td intron reference structure, combined reactivities and the rf-eval tool of the RNA 

Framework, by ignoring terminal base-pairs (parameters: -kl -kp -it). 

 

Processing of transcriptome-wide SHAPE-MaP data. 

Paired-end reads were clipped of sequencing adapters using Cutadapt v4.478 (parameters: 

-A AGATCGGAAG -a AGATCGGAAG -m 50:50 -O 1) and merged using PEAR v0.9.1179 

(parameters: -n 50 -q 20 -u 0 -e -y 15G -z). Merged reads were then combined with R1 and the 

reverse-complemented R2 for read pairs that could not be merged, and mapped to the hg38 

assembly of the human reference genome using STAR134 v2.7.10b (parameters: --

outFilterMultimapNmax 10 --alignSJoverhangMin 8 --alignSJDBoverhangMin 2 --

outFilterMismatchNmax 999 --outFilterMismatchNoverReadLmax 0.15 --alignIntronMin 20 --

alignIntronMax 1000000 --alignMatesGapMax 1000000 --alignEndsType Local --

outFilterScoreMinOverLread 0.15 --outFilterMatchNminOverLread 0.15 --outSAMprimaryFlag 

AllBestScore --outSAMattributes All). Genome-level mutation counts and coverage (RC files) 

were obtained from BAM alignments using the rf-count-genome module of the RNA Framework 

(parameters: -ls second -m -ds 50 -rd -me 0.1 -ncl). Transcriptome-level counts and coverage 

were then extracted from genome-level RC files through the extract function of the rf-rctools utility 

of the RNA Framework, using the MANE v1.4 gene annotation. For reactivity normalization, cross-
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experiment transcriptome-wide normalization factors were derived using the rf-normfactor utility 

of the RNA Framework (parameters: -sm 3 -nm 3 -mc 1000) and provided to the rf-norm utility via 

the -nf parameter. Only bases with a coverage ≥ 1,000X were retained for downstream analyses. 

 

Identification of MTX-induced reactivity changes from SHAPE-MaP data. 

To identify bases (de)protected upon MTX treatment from SHAPE-MaP data, cross-

experiment comparison of normalized reactivities was performed for bases having sufficient 

coverage (≥ 1,000X) across all experiments (2x DMSO-treated cells and 2x MTX-treated cells). 

In total, each base was subjected to 4 comparisons (MTX, rep. #1 vs. DMSO, rep. #1; MTX, rep. 

#1 vs. DMSO, rep. #2; MTX, rep. #2 vs. DMSO, rep. #1; MTX, rep. #2 vs. DMSO, rep. #2). The 

reactivity fold change (FC) for a base i was calculated as: 

 

𝐹𝐶𝑖 =  𝑙𝑜𝑔2 (
𝑀𝑖 + 𝑝

𝐷𝑖 + 𝑝
) (2) 

 

where Mi and Di are respectively the normalized reactivities of base i in the MTX-treated and 

DMSO-treated samples, while p is a pseudocount (0.001) introduced to avoid division by 0. To 

call a base as (de)protected, the FC for all 4 comparisons had to be ≥ log2(2) (deprotection) or ≤ 

log2(0.5) (protection) and the absolute reactivity difference for all 4 comparisons had to be ≥ 0.1 

(to reduce noise due to minor fluctuations in SHAPE reactivities). Bases for which the FC for all 

4 comparisons was > log2(0.5) and < log2(2), or the absolute reactivity difference for all 4 

comparisons was < 0.1, were considered to be unchanged. The procedure has been implemented 

in the diffShape script (available from the repository https://github.com/dincarnato/papers). Base 

enrichment analysis (related to Fig. 4c and Supplementary Fig. 13b) was conducted by performing 

a binomial test for each base, with x being the number of times a given base was (de)protected, 

n being the total number of (de)protected bases, and p being the background frequency of that 

base across all the covered bases. Gini index and median reactivity (related to Fig. 4f) were 

calculated in 5 nt windows centered on (de)protected bases. 

To identify regions undergoing changes in SHAPE reactivity upon MTX treatment, a window 

of increasingly larger size (10, 20, 30, 40 and 50 nt) was slid along each transcript and the 

Pearson correlation coefficient (PCC) was calculated for each window between the two replicates 

of DMSO-treated cells or the two replicates of MTX-treated cells. For PCC calculation reactivities 

were capped at 1.5. For each window size this analysis yielded a distribution of PCCs. The 

similarity threshold (S) was set as the median of the distribution, while the dissimilarity threshold 

(D) was set as the 25th percentile of the distribution. Structurally-disrupted windows were then 

defined as those windows whose PCCs for all 4 comparisons (MTX, rep. #1 vs. DMSO, rep. #1; 

MTX, rep. #1 vs. DMSO, rep. #2; MTX, rep. #2 vs. DMSO, rep. #1; MTX, rep. #2 vs. DMSO, rep. 

#2) were ≤ D. Conversely, unchanged windows were defined as those windows whose PCCs for 

all 4 comparisons were ≥ S. Windows of all sizes passing the threshold were then combined into 

a final non-redundant set and further enlarged by ± 10 nt to include surrounding bases that might 

have barely failed to pass the selection thresholds. The procedure has been implemented in the 

diffShape script (available from the repository https://github.com/dincarnato/papers). 

 

Processing of 5′UTR-MaP data. 
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Paired-end reads were clipped of sequencing adapters using Cutadapt v4.478 (parameters: 

-A AGATCGGAAG -a AGATCGGAAG -m 75:75 -O 1) and merged using PEAR v0.9.1179 

(parameters: -n 75 -q 20 -u 0 -e -y 15G -z). Merged reads were then combined with R1 and the 

reverse-complemented R2 for read pairs that could not be merged and mapped to a transcriptome 

reference built on the MANE v1.4 annotation (plus the 18S and 28S rRNA sequences) using the 

rf-map tool of the RNA Framework and Bowtie2 (parameters: -b2 -cq5 20 -ctn -cmn 0 -mp "--very-

sensitive-local" -bnr). Bulk (ensemble average) mutation counts and coverage (RC files) and MM 

files (necessary for ensemble deconvolution analysis) were obtained from BAM alignments files 

using the rf-count module of the RNA Framework (parameters: -m -mm -wl 2000 -ds 100 -es -na 

-ni -md 1 -dc 3 -me 0.1). Prior to ensemble deconvolution analysis, MM files were further polished 

by extracting the sole 5′ UTR + 100 nt of CDS, by removing non-A/C mutations and by discarding 

reads encompassing less than 90 nt and carrying fewer than 2 A/C mutations, by using the extract 

function of the rf-mmtools tool of the RNA Framework (parameters: -mrl 90 -mpr 2 -kb AC). 

 

Ensemble deconvolution analysis. 

Ensemble deconvolution was performed using the DRACO algorithm51. Briefly, DRACO 

operates by sliding a window of user-defined length along each transcript, keeping only those 

reads that are fully contained within the window. Within each window, a graph is constructed using 

co-mutation data: each mutation in a read is treated as a vertex, and mutations that co-occur 

within the same read are connected by edges. Then, the normalized Laplacian of the graph’s 

adjacency matrix undergoes eigen decomposition and eigengap analysis to estimate the number 

of distinct RNA conformations present. This estimated number guides a soft partitioning of the 

graph (via graph-cut), allowing the reconstruction of the individual reactivity profiles for each 

conformation, along with their relative proportions. Typically, this analysis is performed 

independently over the different experiments. One of the risks of this approach is that the identified 

set of weights might only represent a local minimum of the graph-cut score (or a graph-cut score 

which is optimal only for the specific sample being analyzed), potentially leading to inconsistent 

conformation reconstruction across replicates. To address this issue, we modified the DRACO 

algorithm (available as v1.3 from the repository https://github.com/dincarnato/draco/) in such a 

way that the full information derived from multiple replicates is considered to achieve the best 

possible graph partitioning, hence ensuring unbiased conformation reconstruction. To this end: 

1) Multiple MM files, corresponding to independent replicates are simultaneously imported by 

DRACO and mutation filtering is performed simultaneously on reads across all replicates, 

ensuring the generation of graphs sharing the same vertices. Eigen decomposition and eigengap 

analysis is still performed independently over each of the normalized Laplacians of the adjacency 

matrices, and the median of the number of conformations identified across the various replicates 

is used as the true number of clusters. 2) The graph-cut score is minimized simultaneously across 

all replicates. As the graph-cut score is essentially calculated as the sum of the weights across 

all vertices for all clusters, when multiple replicates are present the final graph-cut score is simply 

the sum of the individual graph-cut scores across the graphs of each replicate. As this new 

implementation of DRACO expects MM files from individual replicates to contain the same 

transcripts and in the same exact order, we further implemented the alignIds function within the 

rf-mmtools utility of the RNA Framework. This takes a set of MM files as input, corresponding to 

replicate experiments, and outputs a set of MM files containing only the transcripts common to all 
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replicates. Furthermore, we made two additional improvements. Firstly, from inspection of 

transcriptome-wide datasets, we noticed that, at times, the first and second eigengaps showed 

inverted behavior (with the first eigengap being higher than, or overlapping with, its null model, 

and the second eigengap being lower than its null model), hence we modified the eigengap 

analysis to allow for such situations. Secondly, in the original implementation of DRACO, when 

two overlapping regions populating a different number of conformations were detected, reads 

were assigned only to the one in which the majority of the mutations would fall. However, as in 

some cases this would cause loss of information on certain transcript regions, we allowed the 

same read to be assigned to all regions it overlapped with, provided that at least two mutations 

would fall within the region. 

For the T4 td intron, DRACO analysis was performed with a window size of 240 nt, slid in 1 

nt increments, requiring a minimum base coverage of 2,000X and a minimum of 2,000 reads post-

filtering to perform the eigen deconvolution, by repeating the graph-cut procedure 100 times, and 

by discarding reads that could not be non-ambiguously assigned to a single cluster (parameters: 

--winLen 240 --winOffset 1 --minBaseCoverage 2000 --minPermutations 10 --maxPermutations 

100 --minFilteredReads 2000 --softClusteringIters 100 --softClusteringWeightModule 0.005 --

lookaheadEigengaps 0 --softClusteringInits 500 --skipAmbiguousAssignments).  

For human 5′ UTRs the window size was reduced to 90 nt and the number of graph-cut 

iterations was reduced to 30 (parameters: --winLen 90 --winOffset 1 --minBaseCoverage 2000 --

minPermutations 10 --maxPermutations 100 --minFilteredReads 2000 --softClusteringIters 30 --

softClusteringWeightModule 0.005 --lookaheadEigengaps 0 --softClusteringInits 500 --

skipAmbiguousAssignments --ignoreFirstEigengap). 

Reconstructed profiles for regions populating 2+ alternative conformations were extracted 

from DRACO’s JSON output files using the rf-json2rc tool of the RNA Framework, including 20 

extra nucleotides on either side of the regions (parameters: -i 0.1 -ki -e 20 -ep 0 -ec 0 -cm -ca). 

For the comparison of conformation stoichiometries between control and MTX-treated cells, the 

JSON files from both conditions were simultaneously passed to the rf-json2rc tool to match the 

corresponding conformations. 

 

Optimization of folding parameters. 

Optimal slope and intercept parameters were identified by jackknifing, using RNA 

Framework’s rf-jackknife (parameters: -rp ‘-md 600’ -x -m), ViennaRNA135 package v2.5.1 and the 

modified Fowlkes-Mallows index (mFMI) metric106. For DMS-MaPseq analysis of in vitro refolded 

T4 td intron, optimal slope (5.0) and intercept (-2.2) parameters were simultaneously optimized 

on bulk DMS data for the T4 td intron control experiment, and on data for the E. coli 16S and 23S 

rRNAs, refolded under the same conditions. For transcriptome-wide SHAPE-MaP analysis, 

optimal slope (2.2) and intercept (-0.2) parameters were optimized on the human 28S rRNA, by 

combining reads from both replicates of 2A3-probed DMSO-treated cells. For 5′UTR-MaP data, 

optimal slope (4.6) and intercept (-2) parameters were used as previously determined120. 

 

Structure modelling and neighboring base-pair enrichment analysis. 

For SHAPE-MaP data, normalized reactivities from the two replicates of the DMSO-treated 

or MTX-treated cells were separately combined using the rf-combine tool of the RNA Framework, 

and combined reactivities were used for structure modelling using the rf-fold tool of the RNA 
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Framework and the ViennaRNA package (parameters: -sl 2.2 -in -0.2 -md 600). Neighboring 

base-pair enrichment analysis (related to Fig. 4d and Supplementary Fig. 13c) was performed as 

it follows. Briefly, neighboring base-pairs falling within a 5 nt window centered on each base 

(de)protected upon MTX treatment (see paragraph “Identification of MTX-induced structural 

changes from SHAPE-MaP data” above) were extracted and counted. A 1 nt bulge was allowed 

on either side of the helix between the two neighboring pairs, therefore a base-pair i/j had to be 

followed by one of i+1/j-1, i+1/j-2 or i+2/j-1. Then, all possible neighboring base-pairs falling within 

the entire length of the transcripts harboring (de)protected sites were extracted to estimate their 

background frequency. A binomial test was then performed for each neighboring base-pair, with 

x being the number of times a given neighboring pair was observed within MTX-(de)protected 

clusters, n being the total number neighboring pairs in MTX-(de)protected clusters, and p being 

the background frequency of that neighboring pair. 

For 5′UTR-MaP data, normalized reactivities from the two replicates of either DMSO-treated 

or MTX-treated cells were combined using the rf-combine tool, and combined reactivities were 

used for structure modelling using the rf-fold tool (parameters: -sl 4.6 -in -2). Neighboring base-

pair enrichment analysis (related to Supplementary Fig. 16b) was performed as it follows. Briefly, 

the expected number of neighboring base-pairs (allowing for a 1 nt bulge on either side of the 

helix) was determined from: (1) structures from regions populating 2+ conformations in both 

DMSO-treated and MTX-treated cells, for which the conformation stoichiometry differed ≤ 10% 

between the two conditions, (2) structures from regions populating 2+ conformations only in 

DMSO-treated cells, excluding the neighboring base-pairs present both in the DMSO ensemble 

and in the conformation selected upon MTX treatment, and (3) structures from regions populating 

2+ conformations only in MTX-treated cells that could be found both in the DMSO and MTX 

ensembles (mFMI ≥ 0.85). Conversely, the observed number of neighboring base-pairs was 

determined from: (1) structures from regions populating 2+ conformations in both DMSO-treated 

and MTX-treated cells, for which the conformation stoichiometry increased ≥ 20% upon MTX 

treatment, (2) structures from regions populating 2+ conformations only in DMSO-treated cells, 

and (3) structures from regions populating 2+ conformations only in MTX-treated cells that could 

be found only in the MTX ensemble (mFMI < 0.65), likely corresponding to novel conformations 

selected by MTX. Neighboring base-pairs common to more than one conformation were only 

counted once. 

A binomial test was then performed for each neighboring base-pair, with x being the number 

of times a given neighboring pair was observed, n being the total number of observed neighboring 

pairs, and p being the expected probability of that neighboring pair. 

 

 

Processing of ribosome profiling data. 

Reads from ribosome profiling libraries were first mapped to a reference containing only 

human rRNA, tRNA and snoRNA sequences, using the rf-map module of the RNA Framework, 

and Bowtie2 (parameters: -b2 -mp "--very-sensitive-local –un clean.fastq --norc"). Reads that 

failed to align to this reference were then mapped to the MANE v1.4 transcriptome reference 

using the rf-map module and Bowtie136 v1.3.1 (parameters: -cp -b5 1 -ba -bc 32000 -mp “—norc”). 

For each protein coding transcript, the number of reads mapping to the CDS was then calculated. 

RNA-seq reads were directly mapped to the MANE reference, but the “--norc" parameter was 



ARTI
CLE

 IN
 P

RES
S

ARTICLE IN PRESS

 

 

changed to “--nofw" to account for the different strandedness of the ribosome profiling and RNA-

seq library preparation protocols.  

For both ribosome profiling and RNA-seq data, per-transcript RPKMs were calculated as: 

 

𝑅𝑃𝐾𝑀 =  
𝐶

𝑁𝐿
 ×  1,000,000 (3) 

 

where C was the read count for that transcript, N was the total number of reads mapped in the 

experiment, and L was the length of the transcript (for RNA-seq) or of the CDS (for ribosome 

profiling) in kilobases. Translation efficiency (TE) for expressed genes (RPKM ≥ 10; related to 

Fig. 5e) was then calculated as: 

 

𝑇𝐸 =  
𝑅𝑃𝐾𝑀𝑅𝑖𝑏𝑜−𝑠𝑒𝑞 + 0.1

𝑅𝑃𝐾𝑀𝑅𝑁𝐴−𝑠𝑒𝑞 + 0.1
 (4) 

 

where 0.1 is a pseudo count added to avoid division by zero. The TE fold change was then 

calculated as: 

 

𝐹𝐶 =  𝑙𝑜𝑔2 (
𝑇𝐸𝑀𝑇𝑋 + 0.1

𝑇𝐸𝐷𝑀𝑆𝑂 + 0.1
) (5) 

 

Only genes having a window of differential heterogeneity, falling within their 5′ UTR by at least 45 

nt (half the window size used for ensemble deconvolution) were retained.  
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Data Availability: 

The data supporting the findings of this study are available from the corresponding authors upon 

request. Sequencing data have been deposited to the Gene Expression Omnibus (GEO) 

database, under the accession GSE302505. Raw MM files for analysis with DRACO are available 

from Zenodo (https://doi.org/10.5281/zenodo.15874381). Additional processed data are available 

at https://www.incarnatolab.com/datasets/Mitoxantrone_Zhang_2026.php. Source data for the 

figures and supplementary figures are provided as a Source Data file. 

 

Code Availability: 

The source codes of DRACO v1.3, and of the diffShape utility are freely available from GitHub, 

under the GPLv3 license (https://github.com/dincarnato/draco and 

https://github.com/dincarnato/papers). 
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Figure legends 

 

Fig. 1. Identification and characterization of Mitoxantrone (MTX) as a group I self-splicing 

inhibitor. (a) Schematic outline of the high-throughput sequencing-based screening platform 

used to identify small molecule modulators of RNA structure and function. (b) Box plot of T4 td 

intron % splicing for different sets of screened compounds, as compared to DMSO-treated control 

splicing reactions. Boxes span the 25th to the 75th percentile. The center represents the median. 

Whiskers span between the 25th percentile – 1.5 times the IQR and the 75th percentile + 1.5 

times the IQR. P-values were calculated using a one-tailed Wilcoxon rank sum test. For DMSO 

and Neomycin, the data points represent independent technical replicates, while, for the 

compound library, each data point corresponds to n = 1 different compounds. (c) Bar plot of T4 

td intron % splicing in the presence of increasing concentrations of MTX. Data points represent n 

= 2 independent experiments. (d) Bar plot of T4 td intron % splicing in the presence of an inhibitory 

concentration of MTX (10 μM) and increasing concentrations of GTP. Data points represent n = 

2 independent experiments. 

 

Fig. 2. Quantitative structure-activity relationship (QSAR) analysis of MTX. (a) Heatmap of 

% splicing inhibition of T4 td and C. albicans 25S rRNA group I introns by MTX and other 

anthraquinone compounds, across n = 2 independent experiments. Natural anthraquinones are 

highlighted in green. (b) Scatter plot of average % splicing inhibition (measured across n = 2 

independent experiments) by MTX and other anthraquinone compounds. Natural anthraquinones 

are highlighted in green, MTX in purple. (c) Bar plot of Pearson correlation coefficients (PCC) 

between average % splicing inhibition (calculated on both T4 td and C. albicans 25S rRNA group 

I introns) and the top-15 positively correlated molecular descriptors. (d) Bar plot of % splicing 

inhibition of T4 td and C. albicans 25S rRNA group I introns by synthetic Quinizarin analogs, 

across n = 2 independent experiments. 

 

Fig. 3. Ensemble deconvolution analysis of the T4 td group I intron. (a) Receiver operating 

characteristic curve (ROC) analysis of bulk (ensemble average) DMS reactivities for control, MTX-

treated and denatured T4 td intron. Curves were calculated over reactivity data averaged across 

n = 3 (for control and MTX) or n = 2 (for denatured) independent experiments The dashed line 

corresponds to a random prediction. (b) Distributions of bulk (ensemble average) DMS reactivities 

for control, MTX-treated and denatured T4 td intron, across paired (blue) and unpaired (purple) 

bases. P-values were calculated using a one-tailed Wilcoxon rank sum test. (c) Ensemble 
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deconvolution analysis of T4 td intron, treated or not with an inhibitory concentration of MTX (10 

μM). Average reactivities, standard deviations (error bars) and relative conformation abundances 

are derived from n = 3 independent experiments. (d) Heatmap of pairwise Pearson correlation 

coefficients between the states composing the control and MTX-treated T4 td intron's ensembles.  

 

Fig. 4. Transcriptome-wide SHAPE-MaP analysis of human cells treated with MTX. (a) 

Scatter plot of Gini index difference versus Pearson correlation coefficient (PCC) of raw SHAPE 

reactivities for DMSO versus MTX-treated cells. Each data point corresponds to a 40 nucleotide-

long window. Windows were slid in 20 nucleotide increments. Bases having mutation rate > 0.05 

in the non-probed (DMSO) sample, were excluded. Only a random subset of 10% of the data 

points is shown. For each window, PCC and Gini index values were averaged across all 

comparisons (DMSO #1 vs. MTX #1, DMSO #1 vs. MTX #2, DMSO #2 vs. MTX #1, and DMSO 

#2 vs. MTX #2). The box plots represent the distributions of PCC (blue) and Gini index difference 

(purple) values across the dataset. (b) Distribution of modified Fowlkes-Mallows index values 

calculated in 40 nucleotide-long windows, slid in 20 nucleotide increments, across the 

transcriptomes of DMSO versus MTX-treated cells. (c) Bar plots depicting the 

enrichment/depletion of bases on sites of differential (de)protection by MTX. P-values were 

calculated using a two-tailed binomial test. Stars mark significantly enriched/depleted bases. (d) 

Bar plot depicting the enrichment/depletion of neighboring base-pairs in 5 nucleotide-long 

windows centered on sites of differential (de)protection by MTX. Secondary structure modelling 

was constrained by SHAPE reactivities from DMSO-treated cells. P-values were calculated using 

a two-tailed binomial test. Only pairs with -log10(p-value) > 10 are shown. (e) Box plot depicting 

the distribution of distances between each site of differential protection by MTX and its closest 

neighbor (using sites common to n = 2 biological replicates). (f) Box plots depicting the distribution 

of Gini indexes (left) and median SHAPE reactivities (right) calculated in 5 nucleotide-long 

windows centered on sites of differential protection by MTX (using sites common to n = 2 

biological replicates and excluding windows with < 4 non-NaN values). P-values were calculated 

using a two-tailed paired Wilcoxon rank sum test. (g) Representative profile of an mRNA, 

depicting the rolling PCC of SHAPE reactivities for DMSO versus MTX-treated cells, calculated 

in 40 nucleotide-long sliding windows. The green dashed line represents the median PCC along 

the entire mRNA. Two regions of localized MTX-induced SHAPE reactivity change are shown 

along with their respective reactivity profiles and modelled secondary structures, in DMSO and 

MTX-treated cells, from n = 2 biological replicates. For all box plots, boxes span the 25th to the 
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75th percentile. The center represents the median. Whiskers span between the 25th percentile – 

1.5 times the IQR and the 75th percentile + 1.5 times the IQR. 

 

Fig. 5. Modulation of 5′ UTR RNA structural ensembles by MTX. (a) Pie charts depicting the 

percentages of bases populating 1, 2, or 3+ conformations in DMSO and MTX-treated cells. (b) 

Pie chart depicting the percentages of bases (covered in both DMSO and MTX-treated cells) for 

which the ensemble heterogeneity increases (red), decreases (blue), or remains unchanged 

(grey) upon MTX treatment. (c) Example of a 5′ UTR forming two conformations in DMSO-treated 

cells, but only one upon MTX treatment. Average reactivities and relative conformation 

abundances are derived from n = 2 biological replicates. (d) Scatter plots comparing the relative 

conformation abundances for regions found to populate 2+ conformations both in DMSO and 

MTX-treated cells. (e) Box plot depicting the log2 fold change in translation efficiency (TE) 

calculated between MTX versus DMSO-treated cells, for genes whose 5′ UTRs encompassed 

regions of differential structural heterogeneity upon MTX treatment, as compared to genes whose 

structural heterogeneity did not change (grey). P-values were calculated using a two-tailed 

Wilcoxon rank sum test. TEs were averaged across n = 2 biological replicates. Boxes span the 

25th to the 75th percentile. The center represents the median. Whiskers span between the 25th 

percentile – 1.5 times the IQR and the 75th percentile + 1.5 times the IQR. 
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Editorial Summary: 
Mitoxantrone is an FDA-approved anticancer drug that also acts as a general inhibitor of group I intron 
self-splicing. Here the authors show that Mitoxantrone repartitions RNA conformational ensembles 
rather than simply binding RNA, stabilizing specific GC-rich structures. This reduces 5′ UTR heterogeneity 
and increases translation efficiency. 
Peer review information: Nature Communications thanks Yiliang Ding, and the other, anonymous, 
reviewer(s) for their contribution to the peer review of this work. A peer review file is available. 
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