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Microfluidics unveils role of gravity and
shear stress on Pseudomonas fluorescens
motility and biofilm growth
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Biofilm proliferation in confined environments is a challenge in biomedical, industrial, and space
applications. Surfaces in contact with fluids experience varying bulk stresses due to flow and gravity,
factors often overlooked in biofilm studies. This research quantifies the combined effect of gravity and
shear stress on Pseudomonas fluorescens SBW25 motility and biofilm growth. Using a rectangular-
section microfluidic channel under laminar flow, we compared top and bottom surfaces, where gravity
either pulls bacteria away or pushes them toward the surface. Results revealed an asymmetric
bacterial distribution, leading to varying surface cell densities and contamination levels. We also
analyzed spatial reorganization over time and classified bacterial motility under flow. Findings show
that external mechanical stresses influence both motility and biofilm morphology, impacting
biocontamination patterns based on shear stress and gravity direction. This study provides insights

into biofilm control strategies in diverse environments.

Biofilms are consortia of microorganisms that colonize interfaces through a
self-synthesized soft gel, mainly made of polysaccharides, eDNA, and
proteins, generally called extracellular polymeric substances (EPSs)". Bio-
film plays a key role in the ubiquitarian microbial success across all ecolo-
gical niches®. Due to its resilience, biofilm constitutes a risk in a wide
spectrum of applications, ranging from food contamination, medical
devices, and industrial implants corrosion"**. Biofilm resistance to chemical
compounds usually employed for surface detergency, and antibiotics poses a
challenge for its removal process, greatly increasing costs and efforts™.
Moreover, microbial growth on solid surfaces can significantly compromise
the lifespan and integrity of systems and equipment, including heat
exchangers, and water/air recycling systems™. Its growth can directly
damage tubes, brackets, and surfaces by using them as carbon and nitrogen
sources’” or can indirectly alter systems functionality due to biofouling
phenomena'’. While biofilms are often associated with negative implica-
tions, it is worth mentioning that their formation can also have beneficial
applications in wastewater treatment'', and as plant growth promoter (in
association with plant roots) by enhancing nutrient uptake and providing
protection against pathogens.

Evidence of biofilm formation was also found beyond planet Earth,
aboard the International Space Station (ISS) in a peculiar microgravity
environment™”'*™"*. This enclosed space inadvertently triggers ideal condi-
tions for microbial growth'™"*, posing an issue to both human health and
equipment functionality. On several occasions, for example, biofilm caused

loss of functionality in the Water Processor Assembly (WPA), a facility that
produces potable water from a combination of humidity condensate and
urine distillate on the ISS*'*"”. The WPA consists of a wastewater tank
connected to the Mostly Liquid Separator (MLS) and a succession of
downstream plants for water recycling’**'. Peristaltic pumps were periodi-
cally activated to initialize the recycling process, but several biofouling
problems on solenoid valves (parts of the MLS) occurred, causing a sub-
sequentially component substitution”'**". This is an example of an interface
between a flowing liquid and solid surfaces™, which is frequently encoun-
tered in biomedical and industrial applications. Such interfaces occur in
confined environments where typically two sources of stress coexist, namely
bulk stresses (also related to gravity), and flow-induced stresses such as
shear flow.

Microbial growth and biofilm formation in microgravity conditions
are well documented''***, but still unclear, with controversial hypothesis in
the literature behind the role of gravity on bacterial growth and biofilm
spatial organization. Benoit and Klaus investigated the role of microgravity
on biofilm shaping in liquid environment and hypothesized a correlation
with bacteria motility”***. Their theory suggests an indirect role of micro-
gravity due to the lack of gravity-induced liquid convection and sedi-
mentation. Both phenomena are commonly experienced on Earth, but
absent or severely modified in space. Experiments demonstrate a stronger
effect of microgravity on non-motile bacteria in comparison to motile
ones'’.
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Under normal gravity, non-motile microbial cells tend to sink,
experiencing low shear forces during the sedimentation process, after which
they accumulate at the bottom of the suspension. In contrast, under
microgravity conditions, gravity-dependent forces are significantly reduced,
altering the microenvironment around non-motile cells. In these quiescent
conditions, nutrient availability may increase due to a more uniform cell
distribution, but the local accumulation of toxic metabolic by-products can
also occur. The former would intuitively support growth, while the latter
may have inhibitory effects.

Unlike non-motile cells, motile bacteria rely less on gravity-driven
sedimentation to influence their environment. Through the action of their
flagellar machinery, they actively induce local mixing and fluid convection.
However, the strength of the induced flow decays rapidly with distance,
proportional to the inverse square of the radius from the cell””. This limits
the spatial extent of mixing in dilute suspensions. In moderately dense
bacterial suspensions, however, collective behaviors can generate transient
vortices and jets that extend beyond individual cell scales™. Therefore,
although the hydrodynamic influence exerted by bacterial flagella is limited
to a short range, the overall distribution of motile bacteria remains less
affected by gravitational conditions. Their ability to self-propel and actively
interact with their microenvironment allows them to maintain controlled
spatial behavior even under microgravity'’.

However, following Benoit and Klaus' hypothesis, bacterial motility is
often described as an on/off behaviour, flattening potential differences
between bacterial trajectories in various situations. To the best of our
knowledge, this aspect has always been overlooked, potentially hiding an
effect of gravity on motile microbial behaviour. To quantify bacterial
motility, an approach based on the Persistent Random Walk (PRW) theory
is adopted in this work. Motility can be characterized by using a mathe-
matical approach first proposed by Tranquillo et al.”. According to the
PRW theory, cell motility is a stochastic process that can be fully described in
analogy with a Brownian motion” ™ through representative diffusion
coefficient. Trajectories were described as a succession of uncorrelated
movements of duration equal to a characteristic time called persistence
time”’. Fitting the mean-squared displacement (MSD) of cells trajectories
with PRW equation cell motility can be described with two key parameters:
motility coefficient p (analogous to diffusion coefficient, able to describe cell
mass flow on a long time scale) and persistence time P (the time cells move
in the same direction)”’.

In line with the hypothesis of motility as a key parameter to explain
biofilm differences in microgravity in comparison to normal gravity, Kim
et al."¥, discovered a correlation between P. aeruginosa motility and biofilm
morphology, investigating microorganism swimming behaviour through
the employment of motility deficient mutant in normal and microgravity
conditions. In normal gravity, under flow conditions, defined as hydro-
dynamic regime, they observed “mushroom-like” biofilm structures, while
“flat” biofilm structures were observed in stagnant conditions. In micro-
gravity conditions, in an experiment run on the ISS, they observed a unique
“column and canopy” biofilm in stagnant conditions and not the expected
“flat” structures, underpinning a role of gravity also on motile bacteria. The
same experiments repeated in the case of motility-deficient mutants proved
that flagella-driven motility plays a key role in the formation of both
“mushroom” and “column and canopy” morphologies'*.

The effect of gravity on biofilm morphology can be hypothesized to
affect bacterial spatial organization directly due to different bulk forces
interplay with cells (in analogy with Benoit and Klaus' theory™) or indirectly
due to an internal bacterial response to gravity. This second statement can be
explained taking into account a mechanosensing system responsive to
gravity’ . As a reprove of this kind of system, P. aeruginosa biofilm exhibit
a slightly different gene expression on spaceflight in comparison to biofilm
growth on Earth'®'">*,

Recent studies clearly suggest genetic heterogeneity, in the case of B.
subtilis, severely affects gene expression, depending on spatial localization
within biofilm structure**, supporting also the idea of a different genetic
pattern activation in the same confined environment due to local different

physical and chemical stimuli. Chemical (such as nutrient depletion or
concentration gradients””’) or mechanical (such as flow induced™*)
stresses are the main inducers of biofilm formation. Flow conditions and in
particular, shear stress affect biofilm morphology and mechanical
properties™*'. As mentioned before, in Pseudomonas aeruginosa, flagellar
motility is one of the key factors required for the formation of the char-
acteristic “mushroom-shaped” biofilm structure'®”. In addition, fila-
mentous networks composed of extracellular DNA (eDNA) and cells have
been observed under specific flow conditions, which are thought to induce
their formation***. Chlorella vulgaris biofilm growth in flow exhibits an
enhanced resistance to erosion®.

While comparisons between microgravity and normal gravity condi-
tions are commonly found in the literature for bacteria and biofilm growth
in stagnant conditions, the role of hydrodynamics in altered gravity con-
ditions is still unexplored”. It is worth mentioning the relevance of this
aspect goes beyond the space-related application and has a wide potential
impact in standard “on Earth” conditions. Indeed, the interaction between
bacteria and a solid surface under flow, where submerged biofilm typically
develops, for example, inside flow channels, always faces different roles of
gravity. In the case of top channel surfaces, the gravity force essentially pulls
bacteria away from the substrate. Conversely, the interaction between
bacteria and the bottom surface is somewhat enhanced by the direction of
gravity, which pushes bacteria towards the substrate. Intermediate condi-
tions can be found in the case of tilted or vertical walls”". To the best of our
knowledge, this aspect, despite being relevant from the scientific and tech-
nological point of view, was never investigated systematically.

In this work, we investigated the impacts of gravity vector direction on
Pseudomonas fluorescens SBW25 cell motility and biofilm morphology
through flow-visualization experiments, by comparing the top and the
bottom wall of a microfluidic channel. We select the monotrichous bac-
terium P. fluorescens as a model organism due to previous swimming
motility studies performed by Ping et al.*’. We chose a motile strain to
understand the effect of gravity on bacterial motility, a key parameter in
biofilm formation'. We also employed the PRW to estimate bacterial
motility coefficient and persistence time at different channel heights. We
quantified those parameters for different wall shear stresses, comparing top
and bottom surfaces. Biofilm morphology at surfaces was also characterized
and quantified at Confocal Microscopy to find a connection between bac-
terial swimming behaviour and biofilm morphology.

Results prove an asymmetric bacterial motility and biofilm growth in
the channel driven by gravity and reinforced with an increased shear stress.

Results

In stagnant conditions, bacteria undergo an asymmetrical wall
accumulation process due to gravity vector

The initial stage of the biofilm growth experiment involved a 2 h stagnant
phase (no flow) in the microfluidic apparatus depicted in Fig. 1, to allow
P. fluorescens SBW25 attachment to the surfaces.

After inoculation, P. fluorescens planktonic population can be divided
into two categories: motile cells and non-motile cells (including damaged or
dead cells). We identified and quantified these two sub-populations by
analysis of bright field time-lapse microscopy. Non-motile bacteria were
identified by averaging a sequence of 200 frames, acquired with a frame rate
of 8.78 fps, and subtracted from the images, to obtain a time series with
motile cells only.

The analysis was repeated along 5 different z positions within the
microfluidic channel, as reported in Fig. 1b. Non-motile cells detected at
the two solid-liquid interfaces with a stable interaction with the surfaces of
the channel were considered as sessile cells, basically attached to the surfaces.

Quantification of cell subpopulations density was repeated over time
during the 2 h of inoculum in Fig. 2¢. In Fig. 2b, we presented the density of
motile and sessile bacteria at the initial inoculum time and after 2 hours of
stagnant conditions at the 5 z positions considered. At the beginning of the
experiment (0 h), motile bacteria were evenly distributed across the channel
height (light green bars in Fig. 2b). At the end of the stagnant phase (2 h),
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Fig. 1 | Schematic representation of the experimental setup used throughout

this study. a The system is composed by a syringe pump, a commercial microfluidic
channel (z=0.4 mm, x =17 mm, and y = 3.8 mm), and a tank of collection; details
about components are reported in the method section. Bacterial were inoculated in
stagnant conditions for 2 h before initiating flow imposing a fixed flow rate by the

Waste Three way valve positions

i i
i i
%_} Open (flow condition)
' |
i i
i i
i i
%: Close (stagnant condition)
i i
i i
i

I
I
: I
74 I
z3
z2 I
> I
\ I
Gravity* Flow I

syringe pump. b The cartoon reports the microfluidic channel where sample was
imaged in bright field time lapse at five different focal planes: channel bottom wall z1
(0 um), z2 (100 um), half-height channel z3 (200 um), z4 (300 um), channel top wall
z5 (400 pm). CLSM z stack were acquired after sample staining, at the end of each
experiment for bottom and top walls.

both categories of motile and non-motile cells accumulated at the channel
surfaces, as it shown in Fig. 2a. However, this accumulation was not sym-
metric between the top and bottom surfaces, with sessile bacteria being more
concentrated at the bottom surface, respect to the top.

We explain this spatial evolution over time by the simultaneous action
of three phenomena: sedimentation, which inexorably drives bacteria
downwards; self-propelled forces that move bacteria with a vector depen-
dent on the direction of their movement; and the adhesion of motile bacteria
at interfaces leading to an increase in sessile population (resulting to the first
step of biofilm formation). Comparing the concentration of motile and
sessile sub-populations, we can assess that after 2 hours the asymmetry of
the system is totally driven by gravity due to the sedimentation of non-
motile cells, as is visible by the dark yellow in Fig. 2b. Considering the motile
bacterial population alone, their ability to self-propel allows them to over-
come gravitational forces. However, due to the nature of their flagellar-
driven motion, these cells tend to accumulate near boundaries, leading to the
formation of dense populations at both the top and bottom interfaces. This
phenomenon finds explanation due to hydrodynamic interactions, leading
to swimmers' stable trajectories in a finite region parallel to a surfaces™".
The ability of motile cells to overcome gravity vector is not absolute, as the
heterogeneity of the cell population also includes less motile cells that may be
more affected by gravity than other, however, due to the symmetrical dis-
tribution in our experimental campaign we consider this aspect negligible.

Bacterial boundary attraction was already verified for E. coli”', and
was explained as the results of geometrical cell parameters following
the model proposed by Shum et al.”’. We reported the transitory phase
leading of this accumulation in Fig. 2c were, in a 400 um depth channel,
a stationary density of motile bacteria can be achieved after 50 min. As
can be seen in Fig. 2¢, motile density between top and bottom channels
was not affected by gravity vector. However, Zheng et al.” proves that
this statement can became false in high media density, when buoyancy
can overcome motile bacteria symmetrical distribution and push cells
upwards. It is worth noting that, in addition to causing an asymme-
trical distribution, increased buoyancy also has the secondary effect of

reducing the overall mean motility velocity of the bacterial population,
as reported in the same study.

Motile bacteria distribution is driven by a slow diffusivity region
near surfaces

Bacterial density and spatial distribution can provide useful information to
estimate quantitative swimming parameters. As described by Berke et al.”,
swimming cells, especially monotrichous bacteria, can be approximated to a
force dipole where flagella motion and drag force compete with each other.
Near a wall, bacterial cells confined between two parallel surfaces have a
velocity in the direction z, orthogonal to the surfaces, given by:

_ 3p i _ 1
4(0,2) = 64mnz2 <z2 (H - z)z) @

Where, H is the maximum distance between the two parallel surfaces
(in our case 400 um), p is the dipole strength, n) is the viscosity of suspending
medium, and z is the distance from the surface. Dipole strength can be
estimated as p = f1 where fis cells thrust force, experimentally obtained by
Ping et al.”* as 1.1 pN for P. fluorescens SBW25 and [ bacterial minor axis,
measured to be about 1 um. This equation can be used to describe cells
advection to the boundaries. The balance equation between cells advection
and diffusion along channel height z, in a region near boundaries can be
written as follows:

’n
2922

2 () =D @

0z

Where, n(z) refers to cell probability distribution across the channel,
and D, is the diffusion coefficient in the region near the wall. Coupling Eq. 1
and Eq. 2 and integrating (a graphical representation is reported in Sup-
plementary Figure 1), it is possible to calculate an analytical solution for a
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Fig. 2 | Spatial and time dependent bacterial distribution in a confined stagnant
environment. a Illustration of bacterial spatial distribution in the microfluidic
channel. Motile bacteria, in green, experience a trapping effect at channel walls due
to the boundary layer effect, while non-motile bacteria, in yellow, slowly sediment at
the bottom of the channel. We reported as L, the characteristic depth of the layer
where cell experience the trapping effect, and we distinguished the different diffu-
sivity coefficient near the wall and in the middle of the channel. b Spatial distribution
of bacterial density at inoculum and after 2 h in stagnant conditions in a microfluidic
channel. The x-axis represents bacterial density in number per square millimetre,
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while the height is measured relative to reference points in the microfluidic channel.
The maximum height (400 um) corresponds to the top layer z5, and 0 um represents
the bottom layer z1. Motile bacteria are depicted in green, appearing light at time 0
and dark after 2 h. Non-motile bacteria on the surface are shown in yellow, appearing
light at time 0 and dark after 2 h. ¢ Temporal evolution of bacterial density over 0 to
2 h corresponding to the layers visualized in graph A. Accumulation of bacteria is

observed at the surfaces of the layers, while a depletion is noticeable in the middle

layers of the channel.

steady state concentration profile™:

n(z) 1 1
n—o_exp{LZ(;—i—H_z)} 3)

_3p
Where L, = ¢ Ton

region near the wall where cells experience an attraction to the surfaces. In
this region bacteria diffuse on z-axis with D, coefficient.

is a characteristic size, representing the thickness of the

We fitted Eq. 3 to steady-state bacterial concentration profile. Data
were an extension on the ones reported in Fig. 2c, assuming a steady state,
values after 50 min from inoculation. It is worth mentioning that this model
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Table 1 | Flow conditions employed in this work

Q, uL/min \}, s ! 1, Pa Re, - Analysis

2.43 0.40 3.81-107* 0.022 Motility, biofilm
6.08 1.00 9.53-107* 0.054 Motility, biofilm
10.15 1.67 15.9-10~* 0.090 Motility, biofilm
18.24 3.00 28.6-107* 0.162 Motility, biofilm
60.80 10.00 95.3-107* 0.540 Biofilm

182.40 30.00 286-10°* 1.620 Biofilm

accounts only for hydrodynamic interactions between the cell body and the
surrounding fluid, disregarding any physical or chemical interactions
between bacteria and wall surfaces. For this reason, the model remains valid
for distances higher than 10 um from the wall. Below this distance, other
forces become relevant, and experimental data points were discarded
from the fit.

From the fitting (reported in supplementary materials, Supplementary
Fig. 1) we obtained L, and #,, values, and so we finally estimated D, coef-
ficient which is equal to 0.57 um*/s. This diffusivity coefficient is referred to
the small region of height L, near the walls, however, this parameter must
not be confused to the coefficient of cell diffusivity along z-axis outside this
boundary. This second coefficient is expected to be higher of approximately
two orders of magnitude in comparison to previous as will be later discussed
in the text.

Flow setup validation and directional velocity analysis of
bacterial cells

After 2 h of stagnant conditions, we started flow, injecting sterile media in
the microfluidic channel. We imposed different flow rates Q using the
syringe pumps, corresponding to different values of wall shear rates j,, and
shear stress 7,,, as reported in Table 1.

It is worth mentioning that in all flow conditions investigated for
motility purposes, medium velocity at a distance equal to L, from the wall
never exceeded bacterial maximum velocity estimated as 102 pm/s for P.
fluorescens SBW25 by Ping et al.*, in agreement with our measurements.
We acquired bacterial trajectories, as described in Materials and Methods.
Images were taken before activating the flow, in stagnant conditions, and 24,
48 h after flow initiation. Images were taken at five different z positions, as
described in Fig. 1. We performed a preliminary experimental campaign to
assess the optimal choice of the planar position (xy).

A preliminary test of the experimental setup was run using 2 pm
polystyrene microparticles as trackers. Microparticles trajectories were
acquired for the aforementioned flow conditions at different channel y and z
positions (fixing x position at 8.5 mm, corresponding to the half-length of
the channel). We estimated the velocity profile in a rectangular channel
according to Cornish et al.”* where the local flow is described as follows:

_ ldp[BP °°(71)"(2h2)<2>3cosh[(2n+l)(¥)} {(ZnJrl)ny}
vine) = qu{z 2 ;(2n+1)3 1) coshln+ (@) " 2

4

While the volumetric flow rate is:

_ ldp )4 s a(2 S 1 @2n+ )nh
Q= de{3hb 8 (n> Z:(2n+1)5mnh[ 2b ”

n=0
©)

. g
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where ) = viscosity; p = pressure; b = half-width; n = counter; § = half-height.
In Fig. 3a, we report the theoretical flow velocities obtained using Eq. 6 along
the zy plane under steady-state conditions. The illustration highlights the
impact of confinements walls on flow velocity, with velocities peaking at the
centre of the channel and decreasing towards the walls along the z-axis.
Additionally, the side walls contribute to a secondary effect, as evident in the
gradual decrease of flow velocity along y direction. According to Fig. 3a, we
estimated a region along y-axis of +1200 um from the channel centre, where
the side walls effect can be considered negligible. In this region flow was
prevalently affected by z confinement only, while is reasonably constant
along y. To experimentally validate those predictions, we compared
microparticles velocity (blue dots) with the expected theoretical values
(black lines) in Fig. 3b, c. Detailed representations of particle raw data and
volumetric flow rate estimations are reported in supplementary materials
(Supplementary Figs. 2 and 3).

At the end of this investigation, we identified a region along xy plane
(x=8.5mm and y = 400 um from y centre of the channel) used to image
bacterial cells motility at the different z and flow conditions.

In Fig. 3b, we report the average absolute values of bacterial velocities.
For all y,,, bacterial velocities at the walls are higher compared to both the
theoretical profile and the experimental validation with microparticles,
which is consistent with the intrinsic movement of bacteria®’. Conversely, at
central z positions, bacterial cells have velocities comparable to values
predicted and to the case of microparticles, for slow flows. Above y,, =157,
bacterial cells have lower velocities at the centre of the channel respect to
microparticles and theory. This progressive reduction in velocity, ~—50 pm/
sfory, =1.67s'and —100 um/sfor y,, = 3 s™', can be attributed to flagellar
orientation and tentative to swim against flow. Measurement was repeated
at different experimental times, reported with different colours in the his-
tograms in Fig. 3b, no significant change was observed between 0 hand 72 h.

We further refined the analysis by examining the x and y components
of average velocity, along the x-axis, the flow direction (Fig. 3¢), and along
the y-axis, orthogonal to the flow direction (Fig. 3d). Concerning velocity
along the x-axis, results mirror what already described for velocity moduli,
reported in Fig. 3b, except at the walls where the net displacement velocity is
~0 pm/s. This indicates that displacements along the flow are counteracted
by those against the flow when bacteria are in wall proximity.

In the y direction, orthogonal to the flow, velocities are smaller and
fluctuate around 0 pm/s, as expected due to the absence of a preferential
direction.

All velocity components measured here resulted to be symmetrical
between top and bottom walls, showing no preference between positive and
negative z direction, where gravity is present.

Gravity-driven sedimentation induces asymmetry in motility
coefficients between top and bottom channel walls

We run a detailed investigation on bacterial displacement, focusing our
analysis on trajectories observed at the top and bottom walls of the channel
(layers 1 and 5 along z, as reported in Fig. 1). We identified an heterogeneous
range of behaviours, consistent with previous findings on monothricous
bacteria at interfaces™.

We identified cells exhibiting predominantly ballistic motion (see
Supplementary Movie 1). These cells move exclusively in the flow direction,
with a speed strongly influenced by the drag force induced by the flow, as
discussed in the previous paragraph. It is important to note that this ballistic
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Fig. 3 | Velocity profile analysis in a rectangular microfluidic channel. a Contour
plots representing the theoretical velocity profiles calculated using the Cornish
equation™. Each row corresponds to a different shear rate value indicated by the
black lines headers, while the colour legend is provided on the left side. b Average
velocity values calculated fixing the y position at 0 pm at the centre of the channel
where lateral wall effect on flow is negligible. The theoretical values are represented
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with the continuous black line, microparticles velocities are in blue, and bacterial
velocities at various time points are represented by histograms. ¢ Velocity of average
cell displacement along the x-flow direction. Data are reported with the same legend
of column b. d Velocity of average cell displacement in the direction orthogonal to
the flow. Data are reported with the same legend of column b.

motion is entirely flow-induced rather than a result of self-motility. Con-
sequently, both non-motile cells, passively transported by the fluid, and
motile cells, whose orientation is overridden by the strong flow, can exhibit
this behaviour. Cells are classified as ballistic if, throughout the entire
observation period, each step of their movement occurs in the flow direction
(positive x direction) without inversion. A limited number of ballistic tra-
jectories are observed near the channel walls, where fluid velocity reaches its
minimum, whereas ballistic motion represents most bacterial trajectories in
the presence of flow at the other investigated distances (100, 200,
and 300 pm).

Near the wall, other types of trajectories are possible. P. fluorescens
SBW25 cells can associate with a single pole to the surface, mainly exhibiting
pirouette trajectories (see Supplementary Movie 2), In this case bacterial cell
body quickly rotate with a pole fixed in a defined position. This behaviour
can be related to rotating flagella partially attached to the surfaces, trans-
ferring torsion to cell body™ due to momentum conservation.

Bacteria can also remain in the same position, fluctuating in place. This
behaviour can be observed at negligible flow velocities (e.g., only near the
wall during flow experiments) or throughout the entire channel height
under stagnant conditions. We define this type of behaviour as passive
diffusion, where bacterial movement follows a diffusion process like that of
colloidal particles. In this case, bacterial motion is entirely driven by thermal
fluctuations and fluid interactions, resulting in purely Brownian diffusion™.
Unlike motile bacteria, which can actively navigate their environment,
passive diffusive bacteria do not exert self-propulsion. In P. fluorescens, this
occurs when bacteria lack flagella, are metabolically inactive, or are in highly
viscous environments where active motility is suppressed. Over our
observation period (typically 30 ), these bacteria appear essentially non-
motile.

Another category of trajectories we observed is represented by the
active diffusive bacteria. This class consists of bacteria with self-propelled
behaviour (compatible with swimming motility) that exhibit an active

diffusion. We described those active diffusive bacteria according to the
Persistent Random Walk theory”, where their Mean Square Displacement
is described by a motility coefficient (due to their flagellar motion) analo-
gous to the Fickian diffusion coefficient. However, the random pattern of
bacterial swimming cells is strictly dependent on the chosen species and
strains”. The most studied case is the well-documented peritrichous
E. coli™*” that swims with a “run and tumble” pattern. In this case, cells
alternate movements in one direction (run) with moments of rearrange-
ment and starting off in another random direction (tumble), without
prioritizing any specific direction (in a free gradient environment). How-
ever, in our case, P. fluorescens SBW25 exhibits another peculiar movement
pattern called “run and reverse” (see Supplementary Movie 4), much more
similar to P. aeruginosa or marine bacteria™. In our specific case P. fluor-
escens strain exhibited a sophisticated swimming behaviour composed by
alternating “run” phases, where cells exhibit fine tuning only, while swim-
ming always in the roughly same direction, and “reverse” phases when cells
show abrupt, almost 180° inversion. Physiological explanation of this
motility mode is related to cyclic inversions in flagella rotational verse. Fine
tuning, variations, and fluctuations around the 180° reverse, and differences
in velocity between run and reverse phase result in a zig-zag trajectory that,
on a time scale long enough, can be described in agreement with a diffusive
regime according to an equation modelled by Villa-Torrealba et al™.

Other types of active trajectories are observed in tight surface proximity
and dilute conditions (in situations where cells are isolated), where bacteria's
movement is represented by the Curly Path trajectories (see Supplementary
Movie 3). In this case, we observed curvilinear translation due to hydro-
dynamic interactions between swimming bacteria and surfaces. Inter-
pretation of this phenomena is well documented and modelled in the
literature™.

“Run and reverse” and “Curly Path” trajectories are the prevalent
motion behaviours on a surface, can be described on a long time scale
according to an active diffusive behaviour, and are heavily affected by cell
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Fig. 4 | Motility coefficient on top and bottom channel wall. Motility coefficient ,
analogous to Fick’s diffusion coefficient, calculated for the bottom (in black) and top
(in red) surfaces of the microfluidic channel at various flow hours. Each row

represents different shear rate values imposed. a The first column reports isotropic
motility coefficient, calculated according to Eq. 7. b Analysis of the same trajectories

Yw 387

0 24
t,h

48

as plotted in column A, focusing on the MSD along the x-axis (flow direction) only.
¢ Analysis of the same trajectories as plotted in column A, considering the Mean
Squared Displacement (MSD) along the y-axis (orthogonal to the flow

direction) only.

density in a crowded environment (such as in our wall conditions). More
specifically, trajectories become more random, with a reduction in persistent
times and stronger direction changes, due to interactions with stationary
obstacles (such as adhered bacteria) and other motile bacteria.

In our analysis, we excluded pirouettes, ballistic, and passive diffusive
trajectories as described in supplementary (Supplementary Fig. 4 and
Supplementary Table 1) and analysed in detail motility of active diffusive
bacteria. Selected trajectories on top and bottom channel walls were ana-
lysed independently and compared. Cell trajectories were analysed follow-
ing the work of Tranquillo et al.”. According to the model proposed, where
cells' mean squared displacements are given by the following equation.

MSD(7) = (d()) = 2n,u [t —P(1—e'P) )

Where 7, in the number of the dimensions, that in our case is 2, since
we only considered planar movement of the cells. We fitted Eq. 7 to cell
Mean Squared Displacement (MSD) to quantify the motility coefficient
(analogous to the Fickian diffusion coefficient D, see Fig. 4) and the

persistence time P (see Supplementary Fig. 5), the time in which a cell
persists in the same direction.

To further investigate the contribution of the flow on bacteria motion,
we reiterated this analysis, distinguishing between motion along x-direction
parallel to the flow, and motion along y-direction orthogonal to the flow.

As evident from the trajectory analysis reported in Fig. 4, the motility
coefficient of bacteria at the top wall (in red) is higher than that of bacteria at
the bottom wall (in black). This observation holds true for both the two-
dimensional analysis of trajectories (Fig. 4a) and the separation of move-
ments along the flow direction (Fig. 4b) from those orthogonal to the flow
(Fig. 4c). This discrepancy persists both before flow activation (0 h) and after
24 and 48 h of flow.

This difference in motility arises from the varying number of bacteria
(bacterial surface density), which, in the case of the bottom wall, overcrowds
the environment, thereby hampering motility.

To further explore this relationship, we quantified the motility coeffi-
cient y as a function of surface cell concentration (cells/mm?) for both the
top and bottom walls (Fig. 5). The data reveal a clear decreasing trend in
motility with increasing surface density, confirming that overcrowding
reduces bacterial movement. This effect is more pronounced at the bottom

npj Biofilms and Microbiomes| (2025)11:122


www.nature.com/npjbiofilms

https://doi.org/10.1038/s41522-025-00744-4

Article

50 - e Bottom
e Top
40 - E} ﬂ ?
& {
NE 30 A E ®
=+ ¢
= 20 E
10 - gi
o =
) @
104 2x10* 3x10* 4x10* 5x10* 6x10* 7x10* 8x10*

Cell concentration, N°/mm?

Fig. 5 | Bacterial motility coefficient and surface cell concentration on top and
bottom surfaces. Relationship between bacterial motility (u\mup) and surface cell
concentration (cells/mm?) for the top (red) and bottom (black) walls of the
microfluidic channel. A decreasing trend in motility is observed as cell density
increases, confirming that overcrowding hampers bacterial movement. This effect is
more pronounced at the bottom wall, where gravity-driven sedimentation results in
higher local cell accumulation. Dashed vertical grey lines indicate the estimated
surface cell densities after 2 h under stagnant conditions.

wall, where gravity-driven sedimentation leads to higher non-motile bac-
terial accumulation. Based on data from Fig. 2, surface densities after two
hours of stagnant conditions are estimated to be ~5.7x10* and
7.2 % 10* cells/mm? for the top and bottom surfaces, respectively. These
values are indicated in Fig. 5 as vertical dashed grey lines. Notably, the values
of p obtained here are in excellent agreement with those reported in Fig. 4
under isotropic conditions (0 h of flow), further supporting the robustness
and consistency of our analysis.

These findings confirm an asymmetry in bacterial motility between the
top and bottom walls of the microfluidic channel, with higher motility
consistently observed at the top wall, for any flow conditions. Gravity
indirectly affects bacterial motility by altering the spatial distribution of cells
near surfaces. In particular, it preferentially concentrates non-motile cells at
the bottom wall, increasing local density and hindering the movement of
actively motile bacteria. This establishes a clear, indirect link between gravity
and bacterial swimming behavior.

Regarding flow, as the wall shear rate value increases, isotropic motility
increases for both the top and bottom walls. However, as evident from the
comparison of values in Fig. 4b, ¢, this increase is entirely attributed to the
increment along flow direction (as intuitively expected). This occurs due toa
greater drag effect experienced by bacterial cells as the shear rate value
increases. The same analysis was also conducted for persistence times, as
reported in the Supplementary Material (Supplementary Fig. 5), with no
clear trend.

Biofilm under flow conditions exhibits asymmetrical growth
between top and bottom walls due to gravity
The results achieved from the investigation previously described led to the
hypothesis that shear and bulk stress not only directly influence bacterial
motility, but also on biofilm growth”. After 48 h of flow conditions, we
evaluated biofilm growth at the top and bottom solid-liquid interfaces
through Confocal Laser Scanning Microscopy (CLSM) coupled with live/
dead staining (see Materials and Methods). Experiments were conducted
with the same experimental set-up used before, reported in Fig. 1, but only
the bottom and the top wall layers were visualized, since the focus of the
experiment was on biofilm growth at solid-liquid interface. Flow conditions
investigated are summarized in Table 1.

In Fig. 6, we qualitatively report biofilm structures obtained under
different flow conditions, comparing top and bottom walls of the channel.

As described in methods section, we acquired z stacks on top and bottom
layers after 48 h of growth, with live-dead staining. In green (Syto9) are
visualized live cells, in red (Propidium Iodide) dead or damaged cells,
however, in red are also visible traces of extracellular DNA (see Supple-
mentary Fig. 6). In Fig. 6, 3D reconstruction (Paraview) of biofilm on top
and bottom channel walls are compared for 5 different flow conditions
(3, 1.67 s™" asreported in Supplementary Fig. 7 for the sake of brevity), with
a colour map representing biofilm thickness. Representative images of top
and bottom layers are also reported. Mushroom-like structures are visible
(Supplementary Movie 5), and streamers structures are reported in sup-
plementary (Supplementary Fig. 6). This morphology is in accordance with
Pseudomonas biofilm shapes under flow for other strains'®. Images were
analysed with BiofilmQ to measure morphology parameters, such as Bio-
volume and coverage fraction, reported in the charts. Experiments were
repeated in biological triplicate, each sample was imaged in 3 different
positions with a 2 x 2 z-stack mosaic scanning. Box plots in the charts
represent the statistical variance of the measurements.

Results show how flow heavily affects biofilm growth. Particularly,
under low stress conditions, up to y,, 10 s~!, flow enhances biofilm for-
mation, as visible by the increase in biofilm thickness and biovolume with
shear rate. For example, at j,, 0.4 and j,, 1 s™', surfaces are poorly colonized
by a bacterial monolayer or small clusters of 4-5 bacterial cells adhered to
surfaces. Moreover, these structures exhibit a higher degree of death cells (in
red). Faster flows lead to a biofilm progression to mushroom-shaped
structures, up to carpet-like structures with fungal protrusions towards the
centre of the channel, widely visible in the case of y,, 10 s~'. This increase is
visible on both surfaces but appears accentuated on the lower surfaces,
especially for high y,, values. From still faster flows, we observe instead a
decrease in biofilm growth, as evident comparing the case of j,, 10s™" and
7,, 30s7". This result is in agreement with the work of Wei et al.”, who
reported a decrease in biofilm thickness on side walls of a rectangular
channel, in a stress range spanning from 10~3 Pa to 1 Pa, corresponding in
our setup to y,,>10s™".

It is worth mentioning, the decrease we observed is stronger on top
surfaces, with respect to the case of bottom walls, resulting in an asymme-
trical biofilm growth between the two surfaces and proving gravity vector
has a key role on biofilm development at solid-liquid interfaces under flow.

Discussion

In this work, we investigated the often overlooked influence of the grav-
itational vector on bacterial motility and biofilm formation through direct
visualization. We used bright-field microscopy for motility analysis and
confocal laser scanning microscopy (CLSM) for morphological assessment.
Different flow conditions were investigated to verify the interplay between
gravity and shear stress on motility and biofilm formation.

Our results show that the monotrichous bacteria Pseudomonas fluor-
escens SBW25, in a three-dimensional and confined environment such as
our microfluidic channel, accumulate at the channel walls.

(I) In the case of motile cells, this accumulation results from hydro-
dynamic interactions between bacteria and flat surfaces, which induce a
reorientation of swimming cells parallel to the surfaces and an attraction of
cells toward the nearest wall. We compared the top and bottom walls of the
channel, reporting both the transient and steady-state population profiles.
We observed a symmetrical bacterial distribution between these two sur-
faces, and from the steady-state profile, we estimated a region L, = 29.1 pm
near the walls where cells accumulate and swim along trajectories nearly
parallel to the surfaces. Inside these two regions, bacterial movement along
the Z-axis of the channel was estimated to be D, equal to 0.57 pm?/s, two
orders of magnitude lower than the surface parallel motility coefficient, and
was consistent with a passive diffusion mechanism.

(II) In the case of non-motile cells, bacteria can irreversibly attach to
surfaces via appendages or remain free-floating, eventually sinking due to
gravity and primarily accumulating at the bottom wall of the channel. Non-
motility can arise for various reasons, including senescence, mutations, or
transient states in which flagellar genes are not transcribed, or the flagellum
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Fig. 6 | Biofilm growth at the top and bottom walls for different flow conditions.
a The top row displays 3D reconstructions obtained in Paraview from z-stack images
of the biofilm grown at various investigated shear rates (,, 1.67 was omitted), col-
orimetric scale bar depicting biofilm thickness in pm was reported on the left. In the
second raw images of a single field of view depicting the biofilm growth on the top
surface. In the third row, images of biofilm growth at the bottom surface. b Biovolume
(um*/um?) of the biofilm measured at the top (in blue) and bottom (in red) walls as a
function of shear rate (j,,, s). Box plots illustrate the statistical distribution of

biovolume values, showing an increase in biofilm growth with shear rate up to y,,
105, followed by a decrease at higher shear rates. Biofilm growth is more pro-
nounced on the bottom wall compared to the top. ¢ Substratum coverage (A.U.) at the
top (in blue) and bottom (in red) walls as a function of shear rate (j,,, s). Substratum
coverage follows a similar trend to biovolume, increasing with shear rateup to y,, 1 s
before decreasing. The bottom surface exhibits a higher biofilm coverage than the top
surface, indicating an asymmetrical biofilm development influenced by gravity.

is damaged. Some of these cells may still retain the ability to form or become
incorporated into existing biofilm structures. However, this capacity is
hampered, as observed in recent works'®.

Merging the two subpopulations, we observed that bacterial accumu-
lation becomes asymmetrical, with a higher concentration of cells at the
bottom. This discrepancy, entirely driven by non-motile cells, is caused by
sedimentation and introduces a bias in cell density between the two surfaces.

We investigate the impact of this bias on bacterial cell motility by
analyzing 2D bacterial trajectories in the region where cells predominantly
swim parallel to the walls and comparing top and bottom walls. We
quantified the two-dimensional motility coefficient (Dy,) using the

Persistent Random Walk model, obtaining values on the order of 10? pmz/ S.
In this region, we neglected bacterial motion along the z-axis and focused
exclusively on cells actively swimming via flagellar motility in the plane
parallel to the wall. Non-motile cells and those not displaying clear flagellar-
driven motion were excluded from the analysis. Only trajectories lasting at
least 3 s were considered.

Bacteria exhibit a higher motility rate at the top surface, approximately
twice that observed at the bottom, underling that gravity-driven sedi-
mentation has an indirect role on bacterial motility due to the different cell
densities. This asymmetry persists both under stagnant conditions and in
flow for up to 48 h.
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Furthermore, we analyzed the influence of this bias on the subsequent
biofilm growth across a wide range of shear stresses. Generally, we observed
that increasing shear stress leads to increased biofilm formation. This trend
reverses beyond a critical stress value, where further increases of stress result
in a less biofilm volume.

However, comparing top and bottom walls, we observed that biovo-
lume is not symmetrically developed between the two walls. Gravity induces
anisotropy due to the aforementioned bias, and as a consequence, we
quantified a higher biovolume and substratum coverage at the bottom wall,
compared to the top one.

Our results represent a systematic investigation of the combined role of
gravity and flow on bacteria motility and subsequent biofilm development.
We placed emphasis on the role of gravity, providing an analysis based on
the entire cell population and not focused on local environment or sub-
populations. The impact of this work will be relevant for the fundamental
understanding of the influence of bulk and flow-related stress on bacterial
contamination in confined environments, a wide range of applications,
including also design of flow device for human deep space explorations.

Methods

Bacterial strain and media

Biofilm experiments were performed by using Pseudomonas fluorescens
SBW25 strain'®”, gently provided by Dr. Romain Briandet, INRAE. Frozen
—80 C° glycerol stock solution 25% (v/v) was plated on LB agar (10 g/L
tryptone, 5 g/L yeast extract, 5 g/L NaCl, 15 g/L agar, bi-distilled water) and
incubated overnight at 28 °C. Single colony was picked and resuspended in
minimal media (6.8 g/L of Na,HPOy,, 3 g/L of KH,PO,, 0.5 g/L of NaCl, and
1 g/LNH,CI, 0.24 g/L MgSO,,7H,0, 0.04 g/L CaCl,-2H,0, 0.05 g/L EDTA,
83mg/L FeCl3, 0.84mg/L ZnCl,, 0.1 mg/L CuCl,2 H,O, 0.1 mg/L
CoCl,-2H,0, 0.1 mg/L H3BO;, and 0.016 mg/L MnCl,-4 H,O supple-
mented with 0.4% succinic acid, at pH 7), and incubated in shaken condi-
tions (90 rpm) until optical density ODggonm = 0.3, was achieved.

In-flow experimental setup and biofilm growth conditions
Bacterial suspension was first inoculated under laminar hood in a rectan-
gular cross-section commercial microfluidic channel (Ibidi Cell in Focus, p-
Slide VI 0.4 untreated) with the following dimensions: 0.4 mm, 17 mm,
3.8 mm (height z, length x, width y). Subsequently, channel inlet was con-
nected by silicone tube and connectors (Ibidi Elbow luer male connector) to
a syringe pump (Harvard Apparatus, Pump 33DDS) equipped with 60 mL
BD plastic syringe, while the outlet was connected to a waste. Sterile syringes
and tubes were previously filled with minimal medium. Two three-way
valves were placed in the system. The first between syringe pump and
channel inlet, and the second between channel outlet and the waste. A
scheme of the experimental setup and flow chamber is reported in Fig. 1.

By closing valves, we impose an initial phase of stagnant conditions to
guarantee an initial bacterial adhesion to the top and bottom walls of the
channel. Inoculum was left in stagnant conditions for 2 h. After the adhesion
phase, both valves were opened, and syringe pump was activated, flowing
sterile minimal media through the chamber. Biofilm was left growing in
hydrodynamic conditions for 48 h.

The role of flow intensity was investigated by imposing different
volumetric flow rates Q, obtained by setting the inlet syringe pump. The flow
rate for a given channel geometry corresponds to different values of wall
shear rates y, that is, the effective local measurement of kinematic flow

intensity: y = (Z_E‘fgw), where § and W are respectively the halfheight and the

width of the channel. In our experimental campaign, we investigated six
different values of j (0.4, 1.0, 1.67, 3.0, 10.0, 30.0 s 1). For each flow con-
dition, Reynolds numbers were calculated to assure the laminar regime of
the chosen wall shear rate. The estimation was performed following the

equation: Re = 2 ";D", with D, =% = 4‘(”‘/:_‘? . The experimental apparatus
was kept at 28 C° to facilitate P. fluorescens growth and avoid bubble for-
mation. A visual inspection was conducted, and experiments where evident

bubbles occurred were discarded.

To verify that top and bottom walls of the microfluidic channel do not
influence biofilm morphology, we repeated one flow condition (y = 3s7)
with the channel placed upside down. The results confirmed no significant
differences and are presented in the Supplementary Materials (Supple-
mentary Fig. 9).

Time-lapse imaging

We recorded bright field videos using a time-lapse microscopy automated
workstation, based on an inverted microscope (Zeiss Axiovert 200; Carl
Zeiss, Jena, Germany) and a 32x objective, equipped with a motorized stage
and focus system (Marzhduser Wetzlar) for automated sample position.
Imaging was performed by using a CCD video camera (Orca AG; Hama-
matsu, Japan), which provides grey scale images at defined frame rates.
Sensor binning was changed (1 x 1 or 2 x 2) to optimize planar resolution
and camera frame rate. Videos were obtained by merging time-lapse images.

A preliminary campaign was conducted by flowing 2 um polystyrene
microparticles in the experimental setup to verify the parabolic flow velocity
profile inside the channel, as expected. Samples were imaged in a fixed
length position, more precisely at the half length of the channel x = 8.5 mm.
20 fields of view were acquired along chamber width y at five different z
heights each, as reported in the scheme in Fig. 1. For every position, 250
frames were acquired at frame rate of 16.37 fps. To measure a complete
velocity profile, for each flow condition, 100 videos were analysed.

For P. fluorescens SBW25 experiments, stagnant conditions videos
were taken at 8.78 fps (binning 1 x 1) with a conversion of 0.19 pm/px to
ensure a precise count of bacteria and an optimal estimation of their
dimension. Images were taken in onex, y position (centre of the channel) for
all 5 z planes as reported in Fig. 1, at defined times: 0, 10, 20, 30, 40, 60, 80,
and 120 min after the inoculation. Subsequentially, in-flow conditions
videos were recorded at 16.37 fps. Images were taken by using the same z
planes at defined times: 0, 24, and 48 h after the end of stagnant conditions.

Images segmentation and bacteria count

We analysed time-lapse videos using Image-Pro Plus v6.0 (Media Cyber-
netics, Bethesda, MD, USA). All videos were processed to binarize images,
separating bacterial cells or microparticles from the background. We created
a custom macro for segmentation. Images were averaged to obtain a
background image to subtract background noise and identify motionless
bacterial cells or microparticles. A flatten filter was then applied to further
reduce background noise.

The subsequent counting operation in our macro automatically
identifies objects with a different grey value with respect to the background.
Specifically, we applied a threshold for object dimensions and pixel intensity.
For our investigation, we selected objects with an area dimension of
0.72 pm” and a pixel intensity ranging from white to the 10% tail of the
Gaussian distribution of the pixel scale in the images. Further details and
examples of image processing are reported Fig. 7.

Major and minor axes of each object identified were also calculated as
key parameters of bacterial morphology. These operations were applied
only to video taken at z1 (bottom surfaces) and z5 (top surfaces), where
interaction between wall and bacteria occurs.

Bacteria and microparticle trajectories acquisition
We created a dedicated macro for the semi-automatic tracking of bacterial
cells and microparticles in recorded videos using the Image-Pro Plus plug-in
Track Object. The videos were segmented through the following algorithm:
We estimated a background image by averaging images, previously filtered
using a flatten filter (bright background); background subtraction allowed to
remove stationary bacteria from the segmented source videos. Sharpen filter
followed by rank filter were used to enhance bacterial edges, segment
images, identify bacteria position, and measure trajectories. We applied a
threshold for object dimensions (bacteria and microparticles) and pixel
intensity as described in the case of sessile bacteria count.

The coordinates (X, Y) of an object in each frame were determined by
calculating the centroid of the area of the object itself. The tracking operation
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Fig. 7 | Image processing workflow used to differentiate sessile/non-motile cells
from motile bacteria in video recordings. a Single frame from a processed video.
Starting from the raw video (250 frames), the image processing procedure is out-

lined. Following the described steps, a background image was subtracted from the
raw video, and several morphological filters were applied to enhance cell visibility: a
sharpening filter (3 x 3), high Gaussian filtering (7 x 7), and a rank filter (3 x 3,50%).
The resulting image is shown. b Average Image. Average image of the processed

videos, representing sessile/non-motile cells. The resulting image reports cells that

remain in a fixed position over all video duration. c) Single frame from a video
including only motile cells. Motile bacteria are identified by subtracting the average
image (Panel b) from the processed videos. The resulting motile videos reveal only
actively moving cells. Tracking algorithm representation. Example of a bacterial cell
tracking was the research area between the first and second frames is described by the
yellow circle. Iterating this procedure, the trajectories is acquired over time.
Numerical parameters are described in the Materials and Methods section.

involves starting from the initial frame and identifying a circular search area
for each individual object. As the sequence progresses to the next frame, the
algorithm checks if an object falls within its respective search area. If an
object is found within this area in the subsequent frame, it is determined to
be the same object as in the previous frame, indicating its movement across
frames. This iterative process allows for the tracking of objects as they
translate (due to swimming behaviour in the case of bacteria) from one
frame to the next one.

We calibrated the circular search area by establishing a search radius of
18 pixels. The video frame rate is 16.37 fps, and the resolution is 0.38 pm/px.
Multiplying these factors, we determined a search radius to track motile
objects with a maximum speed of 114 pum/s. This value is slightly above the
reported maximum velocity P. fluorescens SBW25, which is equal to
102.0 pm/s, as documented by Ping et al.*’. Additionally, we filtered out
trajectories with a duration less than 3's or a length less than 19 um. We
analysed videos consisting of 250 frames, resulting in a total track duration
of 15.3 s. Since bacteria move in and out of the field of view during recording,
multiple bacteria tracks were recorded to describe bacterial motility beha-
viour. For trajectories quantification, at least 70 trajectories were considered

to guarantee statistical significance (see Supplementary material, Supple-
mentary Fig. 8).

Mathematical model and trajectories analysis

To estimate quantitative bacterial cell motility parameters, trajectories were
processed by a self-made MATLABO® script, used to calculate the Mean
Squared Displacement (MSD) as function of migration time 7. For each cell
trajectory, several non-overlapping intervals”***' of size T were identified,
and the squared displacement was estimated for each interval by calculating
the Euclidean distance between bacterial position at the beginning and at the
end of the interval. MSD corresponding to an interval of size 7, was then
calculated as the average of all the measurements taken for each cell, along
the same time lapse imaging, and for all the different cells present in the
sample. This process was iterated for different values of 7, the minimal size
considered was the time between two consecutive frames acquisition (i.e., 1/
9 or 1/16s, depending on the acquisition modes); the maximum size
measurable was the entire time acquisition. However, it is worth mentioning
that small values of 7 correspond to higher numbers of independent mea-
surements, while largest value of 7 correspond to a poorer dataset. For this
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reason, in order to guarantee statistical significance to our data, even if raw
data allowed to measure MSD corresponding to the entire time acquisition
of 20 s, we limited our analysis to a maximum value of 3 s, corresponding to
about 50 frames, that is the longer trajectory length considered in our fit.

The analysis of cell motility was based on PRW theory”*, developed
by Ornstein and Uhlenbeck™, and subsequently extended for the motility
studies of active particles, eukaryotic cells”***, and bacteria®®®.

In this model, it is assumed that cell motion is characterized by a
diffusion coefficient (known as random motility coefficient) p (um®/s) and a
persistence time P (s) between cell directional changes. The value of y is a
quantitative measurement of cell migration and is related to both the
average speed of cells and the persistence time through the following rela-
tionship: u ~V*P. According to Tranquillo et al.”, the mean squared dis-
placement is given by Eq. 7.

It is worth mentioning that both the MSD obtained from bacterial
trajectories and the motility coefficient (p) fitted with the mathematical
model are purely two-dimensional (xy-plane). This approach is well suited
for our investigation, as the consecutive 50-frame displacements observed
with a system featuring a small depth of field (3.15 pm) can be approximated
as occurring within a plane for bacterial cells. In this way, we aimed to study
bacterial motility parallel to the walls (top and bottom).

Moreover, along the z-axis near the wall (in the Lz region), motility in
the z direction is significantly hindered (by approximately two orders of
magnitude) and is characterized by the Dz value presented in the Results
section. For this reason, we chose to distinguish the two-dimensional
motility coefficient parallel to the wall (i) from the Dz diffusive/motility
coefficient.

The presence of flow induces an anisotropy in cell motility, which is
characterized by different persistence times and random motility coeffi-
cients along two orthogonal axes, e.g., x (parallel to the flow direction) and y
(orthogonal to the flow). In this case, we set 1, equal to 1 and we obtained
values for P and p along the x and y directions.

CLSM acquisition and analysis

Biofilm was grown in the microfluidic channel at different values of wall
shear rates (y,, =04s™, 1.0s™, 1.67s7', 3.0s™', 10.0s™", 30.0s™") corre-
sponding to different wall shear stress (r,: 0.38-107° Pa, 0.95-10° Pa,
1.59-10° Pa, 2.86-10 " Pa,9.53-10 " Pa, 28.60-10° Pa). After 48 h, flow was
stopped, sample was placed in a dark room, and 200 uL of staining solution
was loaded into the channel. The staining solution was prepared by adding
3 uL of SYTO9 and 3 pL of propidium iodide in 1 mL of distilled water. After
30 min at room temperature, the sample was analysed under a confocal laser
scanning microscope (LSM 5 Pascal, Zeiss) equipped with a helium/neon
laser (LASOS Lasertechnik GmbH, LGK SAN7460A). Experimental
observations were performed with a Plan Apo A 63 X/1.49 NA oil-objective
and a Nikon digital camera, with a standard field of view of 1024 pixels x
1024 pixels, corresponding to 142.855 um x 142.855 pm. Excitation was
provided at a wavelength of 488.6 nm using a detection filter of 498 nm and
at a wavelength of 561.5 nm with a detection filter of 580 nm. 3D Images
were acquired applying a 2 x 2 tie scan combined with Z-stacks along the
biofilm thickness using a 0.6 um interval between consecutive layers.

Due to the steric hindrance caused by the proximity of the channel
connectors and the large diameter of the oil-immersion objective, combined
with the limited working distance of the 63X, 1.49 NA objective, it was not
possible to acquire images from both the top and bottom walls of the
channel in a single experimental setup. To overcome this limitation, two
separate experimental campaigns were performed. In the first, the channel
was used in its standard orientation (connectors facing downward),
allowing for the acquisition of biofilm images from the bottom wall. For
imaging the top wall, a second dedicated campaign was carried out in which
the channel was placed upside down immediately after inoculation and
maintained in this orientation throughout the entire 48-hour growth period.
This allowed direct optical access to the top surface without the need to
image through the full channel depth.

Image processing was performed for each single field of view acquired
using BiofilmQ through MATLAB©*. BiofilmQ allows the analysis of
Z-stack images by denoising and segmenting images with customized
settings and by declumping into voxels of preferred dimensions. Single-cell
voxel analyses are performed to obtain several parameters. Settings for
denoising were chosen according to Bridier et al.”*: convolution kernel size
xy =5, z = 3; medium filter along Z selected; top-hat filtering with size 25
voxels (3.49 pm). Segmentation was performed with the Otsu method with
3 classes, with class 2 assigned to background and a sensitivity of 0.4
(sensitivity was chosen by comparing different image analyses with dif-
ferent values), and objects were declumped with cube size of 10 voxels
(140 ym cube side length). The segmented image was processed by
removing small clusters of less than 1000 voxels (2.72 um®) to avoid the
presence of single or pairs of bacteria. Both green (live) and red (dead)
channels were processed, and after segmentation, the two channels were
merged. We selected biofilm thickness, biovolume, and substratum cov-
erage as useful parameters.

Data availability
The datasets used and/or analysed during the current study available from
the corresponding author on reasonable request.

Code availability

The underlying code for this study is not publicly available but may be made
available to qualified researchers on reasonable request from the corre-
sponding author.
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