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Rumen microorganisms are primarily essential for feed decomposition and nutrition of the host 
animal, playing a key role in the health and well-being of cattle as well as the efficiency of milk or 
meat production. However, they also generate pollutant emissions such as methane. Analysing this 
microbiota under different farming conditions is therefore essential for optimizing production while 
minimizing its environmental impact. In this study, with metataxonomic sequencing and qPCR, 
we analysed the composition of the cow rumen microbiota sampled through the cannula and via 
esophageal tubing before morning feeding under two contrasting diets, low- and high-starch contents. 
Buccal swabs were also collected at the same sampling times to assess their potential as a proxy for 
the rumen microbiota. The two rumen sampling methods resulted in similar taxonomic compositions 
of bacteria, Archaea, fungi and protozoa and showed similar changes after the diet shift, indicating 
that the use of esophageal tubing is a reliable method for capturing the microbiota structure and its 
potential shifts following dietary changes. In contrast, the buccal swabs did not accurately reflect the 
rumen microbiota under the low- and high-starch diets, even after specific stringent filtering of the 
buccal sequences. Furthermore, we identified microbial markers of acidogenic challenge, with Dialister 
spp. also detected in buccal swab samples as potential indicators.
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Ruminants are very efficient herbivores capable of extracting nutrients and energy from a wide range of feedstuffs, 
including lignified fibres, owing to the multitude of microbes living in their rumen. These microorganisms 
degrade and ferment plant material into short-chain fatty acids, which serve as the primary energy source for 
the animal. In addition, the rumen microbes are an important source of proteins which are degraded in the 
small intestine of the animal1. The development of rapid DNA sequencing methods has allowed easy description 
of the taxonomic composition of the rumen microbiota and its evolution in response to various factors, such 
as the animal’s diet, age, environment and breed2. Key animal phenotypes, such as feed efficiency and methane 
emission, have been linked to the composition of the rumen microbiota3–5. Therefore, it is crucial to continue 
studying the dynamics and behavior of the ruminal microbiota in relation to various factors to manipulate its 
composition and activity toward phenotypes that benefit both the animal and the environment. More broadly, 
accurate characterization of the rumen microbiome is essential for improving animal health, addressing major 
nutritional challenges in the dairy and beef industries, and promoting more sustainable livestock production5.

One of the main challenges in studying the rumen microbiota is obtaining access to the rumen contents and 
collecting representative samples of the entire microbial community. The gold standard method for sampling 
rumen microbial contents is through a rumen cannula, which allows easy collection of rumen contents, 
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representative sampling, and, if necessary, specific sampling of the pregastric compartments6,7. However, this 
method requires invasive surgery and technical expertise, so it is generally limited to a small number of animals 
and is typically used in well-controlled experimental farms, which are usually located in research centers. In 
France, nongovernmental organizations have called for the abandonment of this method because of concerns 
about animal welfare. Esophageal tubing is another method that provides direct access to rumen fluid and is 
currently used worldwide. However, this method is also invasive and can cause discomfort in animals. Moreover, 
it has been reported that this method can lead to contamination of rumen samples with saliva, causing bias 
in rumen pH determination8,9 and preventing consistent recovery of solid particles10,11. Several studies have 
compared the composition of the rumen microbiome obtained from rumen cannulas and esophageal tubing. 
Some studies have shown differences in microbial composition between these two techniques9,10,12,13whereas 
others have reported similar compositions8,10. Additionally, neither method can be applied to large herds of 
hundreds of cows. Considering the limitations of these rumen sampling methods, buccal swabbing has been 
proposed as a proxy for rumen microbiota sampling, as it allows for the collection of population-scale rumen 
microbial samples in a relatively easy manner. During rumination, ruminal content is regurgitated into the oral 
cavity, and it has been hypothesized that buccal swab samples might provide an accurate representation of the 
rumen microbiota14,15. However, studies published to date have shown that buccal swab samples display different 
taxonomic profiles than rumen samples, with most taxa being specific to the mouth, although rumen genera/
species are also detected15,16.

The aim of the present study was to compare the taxonomic composition of the rumen microbiota in samples 
collected simultaneously via esophageal tubing and cannula from six rumen-fistulated cows subjected to 
alternating diets: a standard corn silage-based diet (Periods 1 and 3) and a starch-enriched diet (Period 2). The 
primary factor affecting the composition and diversity of the rumen microbiota is diet, particularly the forage-
to-concentrate ratio2,17. For this reason, the comparison of the two sampling methods was conducted under 
two distinct dietary compositions, with the shift from a standard diet to a starch-enriched diet constituting 
an acidogenic challenge that could induce subacute rumen acidosis (SARA). Rumen sampling was carried 
out weekly during each of the three four-week periods, enabling a longitudinal analysis of the evolution of the 
microbiota over the 12 weeks of the experiment. The taxonomic compositions of bacteria, Archaea and fungi were 
assessed through metataxonomic sequencing, ciliate protozoa were counted, and all four microbial populations 
were quantified via qPCR. At the same time, buccal swabs were collected to investigate their potential as a proxy 
for rumen microbiota sampling.

Results
Composition and comparison of the rumen and buccal microbiomes
The rumen microbiome and buccal swabs were sampled from six cows each week during three months. 
Rumen content was sampled using two methods, via esophageal tubing and through the cannula (12 samples 
X 3 sampling methods for each cow). The samples were taken on Thurdays of each week. The cows were fed a 
standard corn silage-based diet during the first period (Period 1, four weeks), a starch-enriched diet during 
Period 2 (four weeks), and returned to the standard diet in Period 3 (four weeks).

Bacteria  The taxonomic composition of the rumen microbiome sampled every week of the three experimental 
periods of the trial by esophageal tubing (ET) or rumen cannula (RC) and of the buccal microbiota sampled 
by swabbing (BS) are shown in Supplementary information 1, Figure S1, at the prokaryotic phylum and family 
levels. The taxonomic composition clearly revealed that the bacterial profiles of the buccal swab samples were 
different from those of the rumen samples collected via the two methods. Beta diversity analysis with anova 
(p < 0.05) and PCoA (Bray‒Curtis distance) (Supplementary information 1, Fig. S1C) confirmed this observa-
tion. We then used the indicspecies package of R18,19 to identify taxa that were specific to the buccal swab group 
(Supplementary information 2, Table S1). The corresponding ASVs, considered “mouth-specific taxa”, were then 
removed (stringent filtering) from the buccal swab abundance tables, and a new analysis was carried out. The 
taxonomic composition of the buccal swab samples after suppression of the mouth-specific taxa (stringent fil-
tration of buccal swab samples) is shown in Fig. 1 with the RC and ET samples at the phylum (1A) and family 
(1B) levels. Alpha diversity (Fig. 1C) analysis revealed that the microbiota diversity of the ET and RC samples 
was not significantly different, whereas it was significantly different from that of the filtered buccal swab samples 
(p < 0.001). Beta diversity analysis (PERMANOVA with Bray-Curtis dissimilarity) revealed similar results, with 
RC and ET not differing, but both were dissimilar to the BS samples (p < 0.001). PLS-DA (partial least square 
discriminant analysis) also revealed that the cannula and esophageal tubing samples were grouped together 
(Fig. 1D). We tested several thresholds to identify and delete the “mouth-specific taxa” from BS sequences using 
the indicspecies package (p values ranging from 0.001 to 0.05), but the PERMANOVA (Bray-Curtis dissimilari-
ty) indicated that BS samples were still different from the RC and ET samples.

Archaea and fungi  The indicspecies package did not identify BS-specific Archaea taxa, thus no filtering was 
applied. Archaea beta diversity was significantly different between the BS samples and the two types of rumen 
samples (p < 0.001) and between the RC and ET samples (p < 0.01). BS-specific fungal ITSs were identified and 
thus filtered (stringent filtering) for further analysis (Supplementary information 3, Table S2). Very few sequenc-
es from the Neocallimastigomycota phylum were found in the BS samples. The fungal beta diversity in the BS 
samples was different from that in the two other sampling methods (p < 0.001), whereas the RC and ET fungal 
compositions did not differ from each other.
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Quantification of the rumen and buccal populations by qPCR
Bacteria, Archaea, protozoa and fungi were quantified via qPCR in rumen samples obtained via the two methods 
and in buccal swab samples. The qPCR results of BS, RC and ET, expressed per µg of DNA, are presented in 
Fig. 2. The quantification of bacteria, protozoa and fungi did not differ among the three sampling methods, 

Fig. 1.  Prokaryotic composition of the buccal swab (BS), rumen cannula (RC) and esophageal tubing (ET) 
samples after the suppression of specific buccal ASVs (stringent filtering). (A) Prokaryotic phyla of the BS, 
RC and ET samples of each cow; (B) Prokaryotic families of the BS, RC and ET samples; (C) alpha diversity 
analysis; (D) PLS-DA analysis of the different samples (BS, blue circles; RC, orange triangles; ET, grey cross).
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except for fungi at P2W3, but Archaea were quantified at lower levels in most of the BS samples (p < 0.0001). A 
time effect was observed for all populations regardless of the sampling mode (p < 0.0001 for protozoa and fungi 
and p < 0.001 for Archaea), except for bacteria (Fig. 2). The greatest decrease in fungal, archaeal and protozoal 
abundances was observed in the third week of Period 2 (P2W3).

The protozoa were also quantified by counting in the ET and RC samples collected at P1W3, P2W3 and P3W3 
for the 6 cows. The total protozoa counts are shown in Fig. 3. A time effect was clearly observed (p < 0.01) on 
the total protozoa enumeration performed the third week of each period. We also counted specific populations 
on the basis of their morphology, i.e., Entodiniomorphs < 100  μm and > 100  μm and Holotrichs Dasytricha 
and Isotricha (Supplementary Information 1, Figure S2). A time effect was also found for Entodiniomorphs. 
However, protozoa abundance was not significantly different in the ET and RC samples, either for total protozoa 
(Fig. 3) or for the specific protozoal populations (Supplementary information 1, Figure S2).

Detailed comparison of the rumen microbiota recovered from cannula and esophageal 
tubing samples
Rumen microbiota taxonomic composition and alpha and beta diversity were then analysed using only the 
sequences obtained from the ET and RC samples, excluding BS data. This allowed, on the one hand, a better 
comparison of the impact of these two sampling methods on the community sequencing results and, on the 
other hand, an in-depth analysis of the impact of the acidogenic challenge on the rumen microbiota.

Alpha and beta diversity analysis of RT and RC samples. Alpha diversity analysis of bacteria revealed that the 
number of observed ASVs and the Chao1 and inverse Simpson indices were significantly different between the 
RC and ET samples (p < 0.05) (Supplementary information 1, Table S3). The Shannon index was not different 
between the two sampling methods. With respect to Archaea, only the Shannon index was significantly different 
between the RC and ET samples, and for fungi, none of the indices differed according to the sampling method 
(Supplementary information 1, Table S3). Notably, for bacteria, Archaea and fungi, most of the alpha diversity 
indices (ANOVA) were different between the animals, and all the indices were significantly different between the 
sampling times (Supplementary information 1, Table S3).

Beta diversity analysis (PERMANOVA Bray-Curtis dissimilarity) revealed that the bacterial and fungal 
compositions did not differ between the RC and ET samples, whereas the archaeal population structure was 
significantly dissimilar between those samples (p = 0.01) (Supplementary information 1, Table S4). Figure  4 
shows that the ET and RC bacterial ASVs clustered well together according to the sampling method (Fig. 4A), 

Fig. 2.  qPCR quantification of the microbial populations in the buccal swab (BS, red bars), rumen cannula 
(RC, green bars) and esophageal tubing (ET, blue bars) samples.
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and time of sampling. Beta diversity analyses revealed significant differences between cows and time points for 
all targeted microbial populations (Supplementary information 1, Table S4).

Community composition in the RC and ET rumen samples and impact of the diet shift. The evolution of the 
composition of the rumen bacteria during the three periods was compared in the RC and ET samples at the 
phylum and family (Fig. 1) and species levels (Fig. 5). As expected, the main observed phyla in both RC and 
ET were Bacillota (~ 50% of sequences) and Bacteroidota (~ 30% of sequences), followed by Actinobacteria 

Fig. 4.  Principal coordinate analysis (PCoA) based on the Bray‒Curtis distance method at the bacterial 
ASV level. (A) PCoA showing the samples according to the sampling method (red, RC, cannula; blue, ET, 
esophageal tubing); (B) PCoA showing the samples according to the time of sampling: period (P) and week 
(W). Samples are named by the sampling method, animal (C1 to C6) and period-week.

 

Fig. 3.  Total protozoa counts in rumen cannula (RC) and esophageal tubing (ET) samples in the third week of 
each period (p value: **p < 0.01).
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and Proteobacteria (Fig.  1). The data clearly revealed a shift in bacterial composition in P2 compared with 
P1. In particular, starch diet resulted in decrease of Ruminococcaceae and Rikenellaceae while Prevotellaceae, 
Succinivibrionaceae, Megasphaeraceae and Selenomonaceae families were increased (Fig. 1). A shift in species 
was detected within the Prevotella genus (Fig. 5). Principal coordinate analysis (PCoA) of the bacterial ASVs 
also revealed strong evolution with time (Fig. 4B). The selected populations were analysed more precisely to 
compare the dynamics of their relative proportions during the three periods and according to the two sampling 
methods (Fig. 6). For all the selected genera or groups, except Streptococcus, the effect of time was significant 
(Supplementary information 1, Table S5), with a clear increase or decrease in the genera at P2W2. Indeed, the 
relative abundances of Lactobacillaceae, Prevotella (including Alloprevotella, Prevotella and Paraprevotella) and 
Megasphaera significantly increased in P2, whereas in P3, their relative proportions were similar to those in P1 
(Fig. 6). In contrast, the relative proportions of the Butyrivibrio, Ruminococcus and Fibrobacter genera decreased 
significantly in P2, but these populations increased in P3 to reach the level found in P1. Finally, no significant 
effect of the sampling method was detected, except for the Prevotella group (Supplementary information 1, Table 
S5), with a slightly greater proportion found in the RC samples.

With respect to Archaea, the main family detected was Methanobacteriaceae (> 90% of sequences, mainly the 
Methanobrevibacter genus), followed by Methanomethylophilaceae. We also compared the relative proportions of 
these taxa according to time and sampling method (Fig. 6). There was a significant effect of time, but no effect of 
sampling method was observed for either Archaea family (Supplementary information 1, Table S5). In week 2, 
3 and 4 of Period 2, an increase in the proportions of the genera Methanosphaera and Methanomethylophilaceae 
was observed, concomitant with a decrease in the proportion of the Methanobrevibacter genus (Supplementary 
information 1, Figure S3).

The main fungal family observed during the 4 weeks of Period 1 and the last 3 weeks of Period 3 was 
Neocallimastigaceae, whereas from P2W1 to P3W1, sequences belonging to this family nearly disappeared and 
were replaced by sequences affiliated with the Saccharomycetales family (Supplementary information 1, Figure 
S4).

As shown by qPCR and counting, and already indicated, there was a strong decrease in the protozoa 
concentration in P2W3 (Fig. 3). Small Entodiniomorphs and Dasytricha were hardly detected at P2W3, and 
the numbers of small and large Entodiniomorphs decreased significantly compared with P1W3 (Supplementary 
information 1, Figure S2).

Marker taxa of the acidogenic challenge in RC, ET and BS samples
Identification of markers in RC and ET samples. We then used differential analyses to identify taxa specific 
to each period/week to discover markers of the acidogenic challenge and compare the RC and ET sampling 
methods under perturbed conditions. PLS-DA revealed an evolution of the microbiota according to week, and 
very similar patterns were observed when comparing the RC and ET data (Fig. 7). Analysis of the components 
from the two sampling methods yielded rather similar results (Supplementary information 1, Figure S5), with 
Dialister species clearly being a marker of Period 2 (particularly P2W3) and species from the Oscillospiraceae 
family being a marker of Period 1. The relative abundances of the species identified as markers of weeks/period 
with the PLS-DA analysis are presented in Supplementary information 1, Figure S6, for the two sampling modes.

Identification of markers in BS samples. Finally, we analysed the relative abundance of selected taxa in the BS 
samples and their evolution with time. These taxa were chosen among those that varied the most with acidogenic 
challenge in the ET and RC rumen samples. High variability in their relative abundance was detected among the 

Fig. 5.  Evolution of the bacterial composition of the esophageal tubing (ET) and rumen cannula (RC) samples 
during each week (W) of the three experimental periods (P) at the species levels.
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Fig. 6.  Relative abundance (% of total sequences belonging to the same kingdom) of selected bacterial genera/
families and archaeal families retrieved from the two sampling methods during each week (W) of the three 
experimental periods (P). Green bars: sampling through the cannula; blue bars: sampling through esophageal 
tubing.
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BS samples (Supplementary Information 1, Figure S7), and their variation with time (period) was not statistically 
significant, except for Dialister (p < 0.01).

Discussion
In this work, we compared the taxonomic composition of the rumen microbiota sampled through esophageal 
tubing and through cannula, and we evaluated the use of buccal swabs as a proxy for the rumen microbiota. The 
originality of this study lies in the fact that these analyses were conducted over a three-month period on cows 
subjected to a dietary shift intended to generate subacute ruminal acidosis, which was successfully triggered, 
as previously described20. The recovery period following starch challenge was also monitored to assess the 
resilience of the microbial community. Another novel aspect of this work is that all microbial populations in the 
rumen, including bacteria, Archaea, fungi and protozoa, were specifically analysed throughout the experiment. 
Most similar studies have focused only on rumen bacteria in animals on a single diet and for just one or a few 
days8–10,12.

Relevance of the buccal swabbing method
Because esophageal tubing and rumen cannulation are invasive methods that can affect animal welfare and cannot 
be applied to large-scale animal experiments, several studies have evaluated the use of BS samples as a proxy for 

Fig. 7.  PLS-DA analysis of rumen bacterial ASV according to the week of the experiment. (A) Samples 
obtained from a rumen cannula; (B) samples obtained through esophageal tubing.
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rumen microbiota profiling in cows and sheep14–16,21,22. These studies revealed that the buccal swab microbiota 
does not fully reflect the rumen microbiota, although rumen taxa can be identified in buccal swab samples. To 
obtain valuable information on the composition of the rumen microbiome, it was necessary to remove potential 
oral or feed taxa from libraries of samples collected via buccal swabs15,16,21. Sampling time has been shown to be 
a potential confounding factor in profiling the rumen microbial community through buccal swabbing. Sampling 
before the morning feeding, as was done in the present study, produced more concordant results between the 
rumen and buccal microbiota compositions16. Here, we used the indicspecies package in R18 to identify specific 
ASVs of the oral cavity and filtered with high stringency these sequences from our analyses. The beta diversity of 
the BS samples was distinct from that of the RC and ET samples, although the composition profiles of the major 
taxa appeared similar. Although previous studies concluded that buccal swabs provide accurate information on 
the bacterial composition of the rumen microbiome after filtering oral sequences14–16,21,22differences emerged 
upon deeper data analysis. Amplicon sequencing near the full-length 16S rRNA gene via specific PCR conditions 
and MinION technology revealed good correlation between predominant bacterial taxa in buccal swabs and 
rumen samples21. However, as in previous works, the buccal swabbing method in our study produced low DNA 
yields, particularly for fungi and protozoa, making PCR amplification less reliable16,21,22. This is a key limitation 
for the detection and quantification of rumen eukaryotic taxa in BS samples via qPCR. Finally, although we 
obtained taxonomic bacterial profiles rather similar to those of the rumen samples after the buccal taxa were 
filtered out with high stringency, BS samples were unable to accurately capture the microbiota shifts during 
the acidogenic challenge. Only Dialister sequences increased significantly in P2 in the BS samples, as observed 
in the rumen ET and RC samples. Overall, our results suggest that while buccal swab samples are not fully 
representative of rumen samples, they may still be useful for detecting markers of microbiota dysbiosis during 
nutritional challenges in large-scale studies. Additionally, the buccal swabbing technique could be improved for 
more reliable results, for example, by increasing the swabbing duration or optimizing the sampling time to better 
coincide with rumination.

Esophageal tubing and cannula sampling lead to similar taxonomic compositions of the 
rumen microbiota
In most previous studies, no significant differences in microbiota composition were reported between cannula 
and esophageal tube samples, although the methods used varied. In the work of da Cunha et al.8 dairy cows 
were sampled 5–6 h after morning feeding, and samples were taken from combined cranial, caudal, dorsal, and 
ventral regions of the rumen through a cannula. Two other studies also reported no differences in richness or 
community composition between RC and ET rumen samples from cows and steers10,23. In these two studies, 
the rumen contents were collected postfeeding. In the present study, we collected samples before the morning 
feeding, and for the cannula samples, we used both the reticulum and the ventral part of the rumen. Despite 
these differences in sampling time and localization compared with the studies mentioned above, our results 
were consistent. Ramos-Morales et al. also reported similarities in the rumen microbiota of sheep and goats via 
RC and ET, as analysed by DGGE and qPCR of selected populations24. However, other studies have reported 
differences between ET and RC samples. For example, de Assis Lage et al. and Pathak et al. reported that bacterial 
composition was influenced by the sampling method9,12. In de Assis Lage et al., samples were collected between 
0 and 12 h after morning feeding, revealing an interaction between the sampling method and sampling time. 
Pathak et al. sampled samples 4 h after feeding and reported similar alpha diversity between RC and ET samples 
but different Firmicutes/Bacteroidetes ratios9. Hagey et al.13 reported that, compared with RC samples, ET 
samples presented lower richness and lower abundance of certain bacterial taxa, such as Lachnospiraceae and 
Fibrobacter. Notably, in our work, the relative abundance of these taxa did not differ between the ET and RC 
samples. Hagey et al. also concluded that ET samples were rather representative of the rumen liquid phase and 
suggested that including particulate matter is important for an accurate representation of rumen bacteria13. 
In their study, Paz et al. enriched ET samples with particulate matter by including particles attached to the 
strainer10. Notably, in some studies, differences in the ruminal parameters and microbiota may be attributed 
more to the sampling location within the rumen than to the sampling method (ET or RC). Additionally, the 
DNA extraction methodology may contribute to differences between studies, particularly in microbial diversity 
and bacterial relative abundance25. A comparison of data from the literature suggests that the results are more 
consistent for samples taken before the morning feeding. Finally, although some metrics of alpha diversity were 
different between RC and ET, our results indicate that ET samples can accurately reflect the composition of the 
rumen microbiota, as well as its changes over time and with dietary shifts. The bacterial and fungal compositions 
(beta diversity) and their evolution over time were similarly revealed by both ET and RC. For Archaea, although 
beta diversity differed between the two sampling methods, the dominant taxa and their changes over time were 
comparable.

Impact of acidogenic challenge on the rumen microbiota
The nutritional challenge, which was based on a high-energy diet used in this study, successfully induced subacute 
acidosis in Period 2, as previously demonstrated20. Specifically, SCFA levels were significantly reduced, with an 
acetate/propionate ratio less than 3, which is associated with the onset of ruminal acidosis26. Additionally, the 
mean rumen pH was notably lower 5 h postfeeding in Period 2 (−0.64 pH units) than in Period 1, although it 
remained stable at mean values close to 7.0 before the morning feeding, regardless of the period20. This finding is 
consistent with other studies indicating that the pH value per se does not signal rumen acidosis, and that relative 
pH indicators must be calculated to detect SARA27.

In the present work, the acidogenic challenge resulted in shifts in several bacterial species and a sharp 
decline in fungal and protozoal populations, regardless of the sampling method, despite the near-neutral pH 
at the time of sampling. A reduction in fungi following subacute rumen acidosis (SARA) has been reported 
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previously, although Entodinium protozoa often remain at high levels in the rumen of SARA animals28–30. A 
decrease in rumen protozoa in P2 has also been observed in similar experimental designs27. In terms of bacterial 
changes, the increased starch in the diet led to the proliferation of starch degraders and lactate utilizers, such 
as members of the Prevotellaceae, Selenomonaceae and Megasphaeraceae families, a pattern observed in many 
studies17,29–36. As in most of these studies, a decrease in Ruminococcaceae was also noted in our data, along with 
a significant reduction in fibre-degrading genera such as Ruminococcus, Fibrobacter and Butyrivibrio. Within 
the Prevotellaceae, we observed a shift in the Prevotella species between P1 and P2. The genus Prevotella is 
phenotypically, ecologically and functionally diverse, with broad activities, including amylolytic, proteolytic and 
hemicellulolytic capabilities37. Recent genomic analyses have separated Prevotella into seven clades, with rumen 
isolates distributed across several of these clades38. For example, the well-known rumen Prevotella species P. 
albensis, P. bryantii and P. ruminicola37 were reclassified into Segatella albensis, Segatella bryantii and Xylanibacter 
ruminicola, respectively38. It is possible that hemicellulolytic species from these clades were predominant in P1, 
whereas amylolytic species dominated in P2.

Differential analyses allowed us to identify marker taxa of the acidogenic challenge, which were consistent 
in both the ET and RC samples. These include the genus Dialister, which emerged as a marker of the acidogenic 
period in both rumen sampling methods and in buccal swab samples, as previously noted. The Oscillospiraceae 
NK4A214 group, Christensenellaceae R-7 and Anaerorhabdus furcosa were also identified as markers and 
significantly decreased in P2. In the human gut, members of the genus Dialister are considered proinflammatory 
because of their ability to induce the release of inflammatory mediators by immune cells. Indeed, relative 
enrichment of Dialister has been observed in irritable bowel disease (IBD) patients, along with simultaneous 
depletion of Christensenellaceae39. In the rumen of lactating dairy cows, Dialister was more abundant in cows 
with high-grain-induced SARA, whereas Christensenellaceae R-7 abundance decreased, similar to our findings40. 
In an in vitro simulation of SARA, a decrease in pH also increased the abundance of Dialister in the fermenter41. 
In another recent study, a greater abundance of Dialister and lower abundances of Oscillospiraceae NK4A214, 
Christensenellaceae R-7 and Rikenellaceae RC9 were associated with a low nonglucogenic (acetate and butyrate)-
to-glucogenic (propionate) SCFA ratio (NGR)42. This ratio is an indicator of rumen propionate production and 
is correlated with reduced enteric methane emissions and SARA, where the acetate/propionate ratio decreases. 
Additionally, Dialister has been linked to higher feed efficiency and average daily gain in steers43and it was 
increased in cows with high yields of rumen microbial protein, suggesting a role in ruminal NH3 metabolism44. 
Dialister is known to produce lactate, and some species, such as D. succinatiphilus, can use succinate to produce 
propionate42. Together with our results, these findings indicate that Dialister might be a reliable marker of SARA 
onset, indicating that further research is needed to better characterize its properties.

In addition to the significant shifts in bacterial composition, the acidogenic challenge led to changes in 
methanogenic genera and to the disappearance of Neocallimastigomycota. This shift in dominant methanogenic 
genera may explain the maintenance of methane emissions with high-grain diets, as previously reported45. 
However, in P3, the proportions of Archaea and fungal taxa returned to levels similar to those measured in P1.

A remarkable property of the rumen microbiota, highlighted in this study, is its robustness and resilience 
to dietary perturbation, as observed in earlier work46,47. The rumen microbiota exhibited rapid adaptation to 
the dietary shift (P1 to P2) and, importantly, strong resilience, as the initial relative abundance of the various 
taxa analysed in P3 recovered. This may be attributed to the progressive increase in dietary starch used in the 
present study, which has been shown to prevent more acute forms of rumen acidosis27 and support microbiota 
adaptation and resilience48.

Conclusion
Although some metrics of alpha diversity were different between RC and ET, the overall composition showed 
by beta diversity analysis, presents a similar evolution between ruminal samples (RC and ET) over time as well 
as after a diet shift. Our data suggest that, in samples taken before morning feeding, ET is a reliable sampling 
method for capturing microbiota structure and potential shifts following dietary changes. However, the relevance 
of this practice needs to be evaluated for repeated sampling over time, considering its potential impact on animal 
welfare and human‒animal interactions. Regarding buccal swabs, they were unable to accurately capture the 
microbiota shifts during the acidogenic challenge, although we obtained taxonomic bacterial profiles similar 
to those of the rumen samples after buccal taxa stringent filtering. Finally, we identified microbial markers of 
SARA both in ET and RC samples, with Dialister spp. also detected as indicators in buccal swab samples. Even 
though BS samples are not fully representative of rumen samples, they may still be useful for detecting markers 
of microbiota dysbiosis during nutritional challenges in large-scale studies.

Methods
Animals and diet
The animal trial was conducted at the animal facilities of the INRAE Experimental Unit “Dairy Nutrition and 
Physiology” (IE PL, 35650 Le Rheu, France, https://doi.org/10.15454/yk9q-pf68). Procedures involving animals 
were carried out in accordance with the guidelines for animal research of the French Ministry of Agriculture 
and all other applicable national and European guidelines and regulations for experimentation with animals. The 
protocol was approved by the Regional Ethics Committee on Animal Experimentation (CREEA) and authorized 
by the French ministry with reference number APAFiS #26894-2020081715322100_v2.

Six rumen-fistulated multiparous Holstein cows in early lactation were included in the study (mean weight, 
686 ± 72  kg). The animal experiment is detailed in a previous publication20. After an adaptation period of 3 
weeks (to control diet and barn), the cows received 3 diets distributed twice a day as total mixed rations (TMRs) 
(Supplementary information 1, Table S6). During the first and third experimental periods (P1 and P3), cows 
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received a control diet with a low amount of production concentrate (12% DM) and starch (18% starch DM). 
During the second period (P2), cows received a challenging diet corresponding to a high-energy diet (55% DM 
of concentrate) with a high starch content (29% DM). The diet transitions were gradual: in P2, the high-starch 
diet was progressively introduced to the cows over 10 days to avoid acute rumen acidosis, and in P3, two days of 
progressive transition were applied20. Each period lasted four weeks (Supplementary information 1, Figure S8).

This study is reported in accordance with ARRIVE guidelines. We did not use any anesthesia or euthanasia 
methods in this study.

Sample collection
Rumen content and buccal swabs were collected on Thursdays of each week, during 12 weeks (Supplementary 
information 1, Figure S8).

Rumen sampling
The rumen content was collected just before the morning feeding, either via esophageal tubing or through the 
rumen cannula. Esophageal tube placement was performed as previously described20 via a PVC tube 2.5 cm in 
diameter. A vacuum pump equipped with a glass container was connected to the tube, and the rumen content 
was collected through vacuum pressure in the tube. The first 200 mL were discarded to avoid contamination with 
saliva and mucus. Then, approximately 1 L of rumen content was collected. Samples from the rumen cannula 
were taken to represent the combined reticulum and ventral sac of the rumen (50/50, v/v). The samples contained 
both fluid and particulate fractions to cover the overall composition of the rumen contents. This sampling 
corresponded to our reference method for cannula sampling. All samples from both the esophageal tubing and 
the cannula were filtered through a nylon cloth (400 μm porosity) and then divided into three subsamples: one 
was treated for analysis of short-chain fatty acids (SCFAs), one for protozoa enumeration, and the other was 
immediately frozen in liquid nitrogen and transported to the laboratory. The samples were then stored at − 80 °C 
until DNA extraction for microbiota analysis via qPCR and sequencing. During all the collections, the ruminal 
pH was measured immediately after sampling.

Buccal swabbing
Buccal swab samples were collected from the mouths of the animals before morning feeding via a dedicated 
Zymo kit (DNA/RNA Shield Collection Tube w/Swab ref R1109). Two swabs were inserted into the oral cavity of 
each animal and gently swabbed across the inner side of the cheek for approximately 10 s. The buccal swabs were 
then placed in a dedicated tube and frozen in liquid nitrogen before being stored at −80 °C.

Microbiota analysis
Protozoa were enumerated in a Neubauer chamber under a microscope after fixation and staining in formaldehyde 
and methyl green dye solutions as previously described27,49.

DNA was extracted from at least 250 mg of rumen content via the ProSoil Plus Kit (Qiagen, Courtaboeuf, 
France) according to the manufacturer’s recommendations. The kit procedure involves chemical and mechanical 
lysis, including a bead-beating homogenization step. For the buccal swabs, DNA was extracted from the total 
swab using the same Prosoil Plus kit and suspended in a smaller volume in the final step of the kit. DNA yield 
and quality were determined after Nanodrop 1000 and Qubit spectrophotometric quantifications. The DNA 
extracts were stored at −20 °C until analysis.

qPCR quantification of microbial populations
Microbial populations were quantified via the qPCR method, with specific primer sets and PCR conditions 
targeting ribosomal RNA genes of total bacteria, Archaea, rumen fungi and protozoa, as previously described50,51. 
The PCR targets and primers used are summarized in Supplementary Information 1, Table S7. Standards were 
used to determine the absolute abundance of each target, expressed as the Log10 number of gene copies per 
microgram of pelleted rumen when RC and ET were compared and expressed as the log10 number of gene 
copies per ng of extracted DNA when BS was compared to ET and RC. For total bacteria and for protozoa 
and fungi, standard curves were prepared according to Mosoni et al.50. and Bayat et al.52. Briefly, for protozoa 
the standard curve was prepared using pSC-A-amp/kan plasmids (Strataclone PCR cloning kit, Agilent 
Technologies) containing the near full 18  S rRNA gene from Polyplastron multivesiculatum, Eudiplodinium 
maggii, and Ostracodinium dentatum mixed in equal amounts. For fungi, the ITS1 fragment from Piromyces 
spp. was amplified using qPCR primers M13P8 and M13P753 and cloned using the pCR2.1 Topo TA Cloning kit 
(Invitrogen, Life Technologies, Saint Aubin, France). For bacteria, the standard curve was established using equal 
amount of the rrs DNA fragment amplified from genomic DNA of 11 bacterial species, as described in Mosoni 
et al.50. The standard curve targeting methanogenic Archaea was determined using the mcrA DNA fragment 
amplified from genomic DNA of Methanobrevibacter smithii DSM861 and PCR conditions and primers already 
described54.

Metataxonomic analysis
Microbiota diversity and taxonomic composition were analysed via 16S rRNA gene and ITS amplicon 
sequencing. DNA samples were quantified with a Qubit spectrophotometer to adjust concentrations to at least 
20 ng/µL, and a volume of 30 µL per sample was sent to the Roy J. Carver Biotechnology Centre (University of 
Illinois, Urbana-Champaign, USA). The diversity and composition of the rumen and buccal microbiota were 
studied via high-throughput sequencing with the Illumina NovaSeq SP 250nt pair-end read lane (Illumina, San 
Diego, CA). The primer sets used were proposed by the Roy J. Carver Biotechnology Centre, and are indicated 
in Supplementary information 1, Table S7. The DNA regions targeted by these primers are 16S rDNA V4 for 
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bacteria and 349 F/806R for Archaea, and ITS3-ITS4 for fungi. PCR amplification, library construction and 
NovaSeq Illumina sequencing were carried out by the Roy J. Carver Centre. Bacterial and fungal taxonomic 
assignment was performed via the rANOMALY55 pipeline based on the DADA2 package and was performed 
in R 4.3.2 (R Core Team (2021). R: A language and environment for statistical computing. R Foundation for 
Statistical Computing, Vienna, Austria. URL https://www.R-project.org/) for the pipeline’s steps of filtering, 
trimming, and dereplication to infer the sample composition and to remove chimeras. Multiple-sequence 
alignment was performed via the DECIPHER R package56. The SILVA nr v.138 database was used to assign 
bacterial taxonomies from kingdom to genus. Fungal sequences were assigned using the SILVA 18S fungi and 
Unite fungi v8.2 databases. Stringent ASV filtering was applied according to Husso et al57. All the diversity 
analyses were performed with the rANOMALY55 pipeline based on the Phyloseq R package58. Raw ASV 
abundances were used for the alpha diversity analyses. Beta diversity analyses were performed via a transformed 
abundance table with DESeq2’s variance stabilizing transformation59. The overall dissimilarity of the microbial 
community between groups and periods was evaluated with principal coordinate analysis (PCoA) on the basis 
of Bray‒Curtis dissimilarity. The significance of differences between groups was tested by analysis of similarity 
(ANOVA). The microbiome differential abundance testing and log2fold change estimation60 were performed with 
the default multiple-inference correction of DESeq2 (Benjamini‒Hochberg). Indicator species were identified 
using “multilevel pattern analysis” via the “indicspecies” (v1.7.14) package in R (4.3.2)18,19. This function studies 
the associations between species patterns and combinations of groups and thus identifies species that are specific 
to one group with high fidelity. For this purpose, a genus-level identity ASV table was used as input. Each 
genus ecological niche preference (period at each sampling day) was identified by Pearson’s phi coefficient of 
association (corrected for unequal sample sizes) using the “indicspecies” package and 10,000 permutations. All 
the samples were considered independent.

For stringent filtering the buccal swab sequences, ASVs specific from the mouth were identified using the 
“indicspecies” package in R as explained above. We tested several thresholds to identify and delete the “mouth-
specific taxa” from BS sequences (p values ranging from 0.001 to 0.05).

Amplicon sequences were deposited in the NCBI SRA repository under the bioproject number PRJNA1279625.

Statistical analysis
Statistical analyses were performed using GraphPad Prism 10.2.3. Following Villot et al.26 a linear mixed model 
was applied to identify the variables significantly modified across the 12 weeks of experiment (4 weeks in P1, 4 
weeks in P2 and 4 weeks in P3), considering as fixed effects the Week nested in Period and the Sampling location 
(Rumen cannula RC, esophageal tubing ET and Buccal Swab BS) while animal was considered as a random 
effect. Week was considered as a repeated measure.

Multiple comparisons were examined with Tukey’s adjustment on log10-transformed microbial qPCR data 
and protozoal enumeration. Statistical significance was determined at a p value < 0.05, and trends were discussed 
at a p value < 0.10.

Data availability
Sequencing data have been deposited in the NCBI SRA repository under the bioproject number PRJ-
NA1279625. All other relevant data have been integrated into the manuscript and in the supplementary infor-
mation files.
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