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Tens of millions of people worldwide travel to high-altitude regions (> 2500 m) every year for short-
term work, tourism and pilgrimage. Hypoxia, resulting in a range of gastrointestinal disorders, is a 
significant physiological challenge in high-altitude environments. The gastrointestinal microbiota is 
closely linked to the mucosal barrier and our previous research found that hypoxia-induced mucosal 
injury mainly occurs in stomach and small intestine. This study aimed to characterize the temporal 
dynamics of gastric and small intestinal microbiota by directly analyzing the luminal contents to 
elucidate site-specific microbial alterations and their potential role in mucosal damage under hypoxic 
conditions. C57BL/6 J mice were randomly assigned to four groups: normoxic control, 1-day hypoxic 
exposure, 3-day hypoxic exposure and 12-day hypoxic exposure. Fresh gastric and small intestinal 
contents were collected for 16S rRNA sequencing. The operational taxonomic unit (OTU) counts, α/β-
diversity and temporal microbial abundance shifts across different durations of hypoxia exposure were 
analyzed. Our results found that short-term hypoxia (1–3 days) significantly reduced the OTU counts 
and diminished α/β-diversity in the stomach and small intestine. However, prolonged hypoxia (day 
12) reversed the diminished OTU counts and α/β-diversity to near-normoxic levels. In the stomach, 
short-term hypoxia increased the abundances of the phylum Firmicutes and genus Lactobacillus 
and suppressed the levels of the phyla Verrucomicrobia, Candidate_division_TM7, Tenericutes, 
Actinobacteria, and Bacteroidetes and genera S24-7_unclassified and Bifidobacterium. However, at 
12 days of hypoxia, these phyla and genera reverted to near-normoxic levels. In the small intestine, 
the relative abundances of the phylum Firmicutes and genus Lactobacillus increased and those of the 
phyla Actinobacteria and Verrucomicrobia and genera Bifidobacterium and Akkermansia decreased 
during short-term hypoxia. However, these altered bacteria returned to near-normoxic levels by day 
12 of hypoxia. Temporal clustering revealed persistent taxon shifts; the relative abundances of the 
phyla Gemmatimonadetes and Acidobacteria and genera Gemmatimonas, Kocuria, Parasutterella, and 
Saccharopolyspora declined steadily, while Staphylococcus increased consistently in the stomach. In 
the small intestine, the relative abundance of the genus Stomatobaculum consistently increased in 
response to prolonged hypoxia. This study provided a time-resolved overview of gastric and small 
intestinal microbiota adaptations to hypoxia, identified potential candidate taxa involved in mucosal 
injury caused by hypoxia.
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Tens of millions of people worldwide travel to high-altitude regions (> 2500 m) every year for short-term work, 
tourism and pilgrimage. Hypoxia represents a significant physiological challenge in high-altitude environments1. 
Hypoxia can cause gastrointestinal disorders, including anorexia, nausea, diarrhea, vomiting and gastrointestinal 
bleeding, which predominantly affect the upper gastrointestinal tract2–5. The gastrointestinal symptoms induced 
by hypoxia may be caused by mucosal barrier damage, which can lead to bacterial translocation5,6. Hypoxia 
influences the structure and function of the microbial community7–9. The microbiota influences the structural 
and functional integrity of the mucosal barrier via increased mucus secretion, inhibition of pathogenic bacteria, 
altered immune responses, and changes in intercellular tight junctions10–12.

Recently, the role of gut microbiota in adapting to the hypoxic environment at high altitudes has garnered 
increasing interest. In Mus musculus domesticus, the levels of obligate anaerobes positively correlate with 
altitude, and non-anaerobes negatively correlate with altitude13. The gut microbiota of Tibetan antelope at high 
altitudes exhibits a higher ratio of Firmicutes to Bacteroidetes than the gut microbiota of Tibetan sheep at low 
altitudes14. The α-diversity in humans and pigs at high altitudes is significantly lower than in their low-altitude 
counterparts15. Additionally, population-specific studies demonstrated that the abundance of aerobic bacteria is 
significantly diminished and the abundance of anaerobic bacteria is augmented in high-altitude populations16,17. 
A cohort study including 45 healthy individuals has shown that during high-altitude hypoxic exposure, the 
species and functional diversity of the gut microbiota significantly decreases, including specific changes in the 
community composition at the phylum and genus levels18. The gut microbiota is significantly different between 
Han individuals living in the plains and Tibet; the abundance of Firmicutes was significantly enriched in Han 
individuals living at high altitudes, and the abundance of Bacteroidetes was higher in Han individuals living at 
low altitudes19. Faecalibacterium, Bacteroides, and Bifidobacterium positively correlate with altitude exposure, 
and Ruminococcaceae, Prevotella, and Lachnospiraseae negatively correlate with altitude in Tibetan populations 
living at altitudes between 2800 and 4500 m20.

Gastrointestinal symptoms gradually diminish to a certain extent as individuals adapt to high-altitude hypoxic 
environments21,22. Interestingly, similar adaptations to high-altitude hypoxic environments are present in the gut 
microbiota. Gut microbiota α- and β-diversity are significantly reduced at the onset of high-altitude hypoxic 
exposure but subsequently recover during prolonged exposure; the genus Blautia A may be a key bacterium for 
this adaptation to high-altitude hypoxia18. Lactobacillus abundance increases on the first 2 days and decreases 
on the eighth day of exposure to high-altitude hypoxia in healthy males21. Our preliminary study demonstrated 
that hypoxia caused mucosal damage in the upper gastrointestinal tract, primarily in the stomach and small 
intestine, rather than in the large intestine23. Due to the difficulty and low acceptability of samples collected 
from the stomach and small intestine, most microbiota studies are currently conducted by collecting feces. This 
inevitably incorporates the influence of the large intestinal microbiota, complicating efforts to obtain accurate 
samples and analyses of gastric and small intestinal microbiota. Therefore, we constructed a hypoxic mouse 
model and collected the contents of the stomach and small intestine at different time points for microbiota 
analysis to explore the microbial changes at the site of hypoxic gastrointestinal mucosal injury and to investigate 
the potential role of microbiota in this context.

Materials and methods
Mice and hypoxic models
Male and female C57BL/6  J mice (6–8  weeks old, 18–22  g) were obtained from Charles River Laboratories 
(Beijing, China) and maintained in the Tsinghua University Animal Facility under specific pathogen-free 
conditions with a 12 h dark/light cycle and free access to food and water. The mice were fed a standard rodent 
breeding diet comprising 20% crude protein, 3.7% crude fiber, and approximately 52.7% carbohydrates. All 
experimental protocols were approved by the Animal Care and Use Committee of Tsinghua University (protocol 
#24-CZJ4), and all methods were performed in accordance with the relevant guidelines and regulations. Also, 
the study is reported in accordance with ARRIVE guidelines. Following a 1-week acclimation period, age- and 
sex-matched mice were randomly assigned to four experimental groups (n = 6 per group): normoxic control 
(N), 1-day hypoxic exposure (HD1), 3-day hypoxic exposure (HD3), and 12-day hypoxic exposure (HD12). All 
hypoxia-exposed mice were euthanized immediately after their designated exposure period. Hypoxic conditions 
were generated using a ventilated hypoxic chamber system (LP-1500, Shanghai Yuyan Instruments, Shanghai, 
China) to simulate an altitude of 5500 m above sea level.

Sample collection
Mice were placed in a closed induction chamber and exposed to medical oxygen containing 5% isoflurane 
(v/v) until deep anesthesia was achieved. Following this, cervical dislocation was performed immediately. After 
euthanizing the mice, the fresh gastric and small intestinal contents (including the entire duodenum, jejunum 
and ileum) were collected in sterile tubes, snap-frozen in liquid nitrogen and stored at − 80 °C for 16S rRNA 
sequencing.

16S rRNA sequencing
Total DNA was extracted from the samples using the Omega DNA Extraction Kit (M5635-02, Omega Bio-Tek, 
Norcross, GA, USA) according to the manufacturer’s instructions. The quantity and quality of extracted DNA 
were assessed using a Nanodrop NC2000 spectrophotometer (Thermo Fisher Scientific, Waltham, MA, USA) 
and 1.2% agarose gel electrophoresis, respectively. Forward primer 338F (5′-​A​C​T​C​C​T​A​C​G​G​G​G​A​G​G​C​A​G​C​A-
3′) and reverse primer 806R (5′-GGACTACHVGGGTWTCTAAT-3′) were used for amplification of the V3-V4 
region of the bacterial 16S rRNA gene. The amplified PCR products were recovered using magnetic beads and 
quantified by fluorescence.

Scientific Reports |        (2025) 15:42615 2| https://doi.org/10.1038/s41598-025-26859-4

www.nature.com/scientificreports/

http://www.nature.com/scientificreports


Sequencing libraries were prepared using the TruSeq Nano DNA LT Library Prep Kit (Illumina, San Diego, 
CA, USA), and index codes were incorporated. The quality of the libraries was assessed using an Agilent 
Bioanalyzer 2100 system (Agilent Technologies Inc., Santa Clara, CA, USA), and the libraries were quantified 
using a Promega QuantiFluor system (Promega Corporation, Madison, WI, USA) before sequencing. Sequencing 
of the 16S rRNA V3-V4 region (~ 480 bp amplicon) was conducted on an Illumina NovaSeq 6000, producing 
final reads of approximately 430 bp following the trimming of primer and barcode sequences.

Data analysis
Sequence data were processed and filtered using the Mothur pipeline. Low-quality sequences with an average 
Phred score ≤ 20 or containing excessively long homopolymers were removed. Further filtering excluded sequences 
with primer mismatches, as well as those shorter than 200 bp or longer than 500 bp. Chimeric sequences were 
identified and eliminated using UCHIME in reference to the gold dataset. The resulting high-quality sequences 
were subsequently used for operational taxonomic unit (OTU) clustering and analysis. Sequence clustering was 
performed using USEARCH (sequence similarity was set to 97%), and the representative OTU sequences were 
used for taxonomic assignment, referencing the Silva database. The community composition of each sample was 
determined across various taxonomic levels of species classification. Meanwhile, all raw paired-end sequences 
were processed using the QIIME2 pipeline (version 2025.4). Barcodes were trimmed with Cutadapt, and reads 
were merged using Vsearch. Low-quality sequences were filtered out with Trimmomaticall. Then clean reads 
were used to generate amplicon sequence variant (ASV) and ASV table by the DADA2 plugin with default 
parameters, followed by taxonomic annotation using the SILVA 132 (16S_V34) database. Based on the results 
of the OTU and ASV analysis, the Shannon and Chao1 α-diversity indices were calculated to reflect the species 
abundance and diversity of the community, and the principal components and principal coordinate analyses 
(PCoA) were conducted to illustrate the β-diversity of the community. To characterize temporal microbial 
abundance shifts across different hypoxia exposure durations, OTUs from the N, HD1, HD3 and HD12 groups 
were classified into distinct clusters at the phylum and genus levels. Differentially abundant taxa between groups 
were identified using Metastats, which applied a non-parametric permutation-based statistical test tailored for 
sparse microbial compositional data. Differences in OTU counts across the four groups were assessed by one-
way analysis of variance, followed by Bonferroni’s post hoc test. A P value < 0.05 was considered statistically 
significant.

Results
Alterations in OTU counts in the stomach and small intestine over time
Samples were obtained as illustrated in Fig. 1A. The gastric and small intestinal contents were extracted and 
subjected to sequencing. No significant differences in the mean sequence counts (approximately 10,000) in the 
stomach and small intestine were detected among the four groups. However, the OTU counts in the stomach 
and small intestine decreased significantly in the HD1 and HD3 groups compared with the N group, reflecting a 
decreased microbial richness during short-term hypoxia. By day 12 of hypoxia, the OTU counts in the hypoxia 
groups rebounded to levels similar to the N group (Figs. 1B,D, S1). As shown in the Venn diagrams, the OTU 
counts in the stomach were 1157 for the normoxic control group, 222 for the 1-day hypoxic exposure group, 116 
for the 3-day hypoxic exposure group, and 1423 for the 12-day hypoxic exposure group. The maximum number 
of overlapping OTUs in the stomach between the N and HD12 groups was 933 (Fig. 1C). In the small intestine, 
the OTU counts in the N, HD1, HD3 and HD12 groups were 459, 100, 101 and 421, respectively. The maximum 
number of overlapping OTUs between the N and HD12 groups was 285 (Fig. 1E).

Alterations in α- and β-diversity in response to short-term and prolonged hypoxia
To assess the microbial community diversity, α- and β-diversity were analyzed. Both gastric and small intestinal 
samples exhibited progressive declines in α-diversity in response to short-term hypoxia (1–3 days), followed by 
a significant recovery by day 12 of hypoxia (Fig. 2A,C, S4A, S4C). Furthermore, the unweighted and weighted 
PCoA revealed distinct clustering of the 1-day hypoxic exposure group compared with the 3-day hypoxic 
exposure group. However, the 12-day hypoxic exposure samples converged with the normoxic control clusters 
(Fig. 2B,D, S4B, S4D).

Alterations in the microbial community in short-term versus prolonged hypoxia
The composition of the microbial community at the phylum and genus levels was analyzed. The microbiota in 
the stomach was predominantly composed of Firmicutes (60%), Bacteroidetes (22%), and Actinobacteria (10%) 
at the phylum level. Short-term hypoxia (1–3 days) induced increases in Firmicutes abundance and suppression 
of Bacteroidetes and Actinobacteria. By day 12 of hypoxia, these altered phyla reverted to near-normoxic levels. 
At the genus level, the relative abundance of Lactobacillus within Firmicutes was significantly elevated by day 3 of 
hypoxia, and the abundance of Bifidobacterium within Actinobacteria and S24-7_unclassified within Bacteroidetes 
was significantly decreased during short-term hypoxia; as the duration of hypoxia increased, the abundance of 
these two genera recovered (Fig. 3A, S2). Heatmap analysis showed a reduction in the phyla Verrucomicrobia, 
Candidate_division_TM7, Tenericutes, Actinobacteria, and Bacteroidetes during short-term hypoxia, followed by 
recovery by prolonged hypoxia. At the genus level, the abundance of most bacteria also recovered on the 12th 
day of hypoxia (Fig. 3B, S2). In the small intestine, the phyla Firmicutes, Actinobacteria, and Verrucomicrobia 
exhibited the highest relative abundance under normoxia. On the first and third days of hypoxia, Firmicutes 
increased and Actinobacteria and Verrucomicrobia declined in the small intestine; abundances of these phyla 
rebounded to levels comparable to normoxia by day 12. At the genus level, the relative abundance of Lactobacillus 
increased to over 90% on the third day of hypoxia but returned to approximately 30% on the twelfth day of 
hypoxia. The relative abundances of the genera Bifidobacterium and Akkermansia decreased consistently on 
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Fig. 1.  Operational taxonomic unit (OTU) counts were significantly reduced on hypoxic days 1 and 3 but 
recovered by day 12. Mice were placed in hypoxic chambers to simulate an altitude of 5500 m above sea level 
for 1, 3, or 12 days (n = 6 per group). (A) Schematic of sample collection. OTUs and sequence counts reflecting 
the microbiota communities in the stomach (B) and small intestine (D). Venn diagrams of OTUs counts 
reflecting the microbiota communities in the stomach (C) and small intestine (E). HD  hypoxic exposure days; 
N = Normoxic control; S = Stomach; and SB  small bowel.
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Fig. 2.  Alpha and beta diversity of microbiota significantly decreased on days 1 and 3 but recovered by day 12 
of hypoxic conditions. The α-diversity of the microbiota communities in the stomach (A) and small intestine 
(C). The β-diversity of the microbiota communities in the stomach (B) and small intestine (D). HD  hypoxic 
exposure days; N = Normoxic control; S = Stomach; and SB  small bowel.
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Fig. 3.  Composition of the microbial community was significantly altered on hypoxic days 1 and 3 but largely 
recovered by day 12. The relative abundances of the microbial community composition in the stomach (A) and 
small intestine (C) at the phylum and genus levels. Heatmaps of the microbiota communities in the stomach 
(B) and small intestine (D) at the phylum and genus levels. HD  hypoxic exposure days; N = Normoxic control; 
S = Stomach; and SB  small bowel.
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days 1 and 3 of hypoxia but recovered to levels approaching normoxia after prolonged hypoxia (Fig. 3C, S3). The 
abundance of most bacteria changed during the initial days of hypoxia (days 1 and 3) but recovered on day 12 at 
the phylum and genus levels (Fig. 3D, S3).

Two bacterial phyla and six bacterial genera changed during long-term hypoxia
As the duration of hypoxia increased, most microbiota in the stomach and small intestine adapted to the hypoxic 
conditions. Therefore, to determine if some bacteria exhibited unidirectional trends in response to hypoxia, 
temporal clustering was analyzed. The microbiota from the stomach and small intestine were grouped into four 
distinct clusters at the phylum and genus levels (Fig. 4A). In the stomach, the abundances of Gemmatimonadetes 
and Acidobacteria progressively declined at the phylum level in response to prolonged hypoxia (Fig.  4B). 
This reduction was primarily driven by decreases in the genera Gemmatimonas (belonging to the phylum 
Gemmatimonadetes) and Kocuria (belonging to the phylum Actinobacteria). Additionally, the relative abundance 
of Staphylococcus (belonging to the phylum Firmicutes) increased, and the relative abundances of Parasutterella 
(belonging to the phylum Proteobacteria) and Saccharopolyspora (belonging to the phylum Actinobacteria) 
decreased. In the small intestine, the relative abundance of Stomatobaculum (belonging to the phylum Firmicutes) 
consistently increased during prolonged hypoxia (Fig. 4B).

Discussion
Hypoxia-induced damage to the gastrointestinal mucosa occurs in the stomach and small intestine. To determine 
the changes in the microbiota, the contents were collected directly from the stomach and small intestine to 
avoid large intestinal microbiota interferences. Our results revealed a biphasic pattern of initial microbial 
diversity suppression under hypoxic conditions, followed by a recovery upon prolonged hypoxia. Additionally, 
it elucidated the shifts in the composition of gastric and small intestinal microbiota corresponding to varying 
durations of hypoxia. Hypoxia leads to mucosal damage in the gastrointestinal tract23 and affects the structure 
and function of the microbial community7–9. Our results demonstrated that short-term hypoxia (1 and 3 days) 
induced significant reductions in OTU counts and α- and β-diversity in both the gastric and small intestinal 
microbial communities; these results are consistent with previous studies8,24. Extended exposure to hypoxia 
(12 days) restored microbial diversity and community structure to levels approaching those of the normoxia 
group, as confirmed by Bai et al.8. Short-term hypoxia increased the phylum Firmicutes and genus Lactobacillus 
and decreased the phylum Bacteroidetes similar to the pattern of changes observed in Tibetan antelope and 
populations adapted to high-altitude environments19,21. However, these changes in phyla and genera were 
attenuated by day 12 of hypoxia. The recovery of microbial diversity by day 12 of hypoxia correlates with clinical 
reports of intestinal permeability recovery and reduction of gastrointestinal symptoms in humans during 
prolonged high-altitude acclimatization21,22.

The microbial dynamics illustrated a hypoxic-driven succession. Initially (1–3 days), hypoxia acted as a strong 
selective pressure, promoting facultative anaerobes like Lactobacillus to dominance. Their rapid acid production 
suppressed diversity and inhibited competitors. This initial phase was followed by a restructuring (day 12), where 
the early dominants receded and a new, stable community adapted to prolonged hypoxia emerged. A notable 
observation from Supplemental Figs. S2 and S3 was the initial increase (not significant) in Clostridium_sensu_
stricto_1 (an obligate anaerobe) under 1-day hypoxia in both the stomach and small intestine, which contrasted 
sharply with its subsequent complete disappearance at the 3-day hypoxia time point. The initial increase of 
Clostridium_sensu_stricto_1 under 1-day hypoxia was consistent with its character as an obligate anaerobe. Its 
subsequent disappearance by day 3 was likely attributed to the massive proliferation of Lactobacillus (relative 
abundance > 90%). The organic acids (e.g. lactic acid, acetic acid) and bacteriocins produced by Lactobacillus are 
known to effectively suppress clostridial species25,26. Additionally, an inverse correlation was observed between 
Lactobacillus and Bifidobacterium, suggesting possible competitive exclusion driven by their physiological 
differences. Lactobacillus, with its rapid growth and acid tolerance, outcompeted other taxa by rapidly acidifying 
the environment upon hypoxia induction. This acid-driven suppression might initially limit Bifidobacterium, 
which is typically more acid-sensitive27. The subsequent recovery of Bifidobacterium by day 12 pointed to niche 
partitioning upon community stabilization, likely resulting from a shift in resources and reduced competitive 
pressure from Lactobacillus. It is important to note that Lactobacillus constitutes a highly complex and diverse 
genus encompassing numerous species, some of which are well-known for their beneficial roles, while others are 
either poorly characterized or of uncertain significance. Therefore, it is imperative that subsequent experiments 
pinpoint the exact species within this genus that were elevated.

Certain bacteria failed to recover during prolonged hypoxia. In the stomach, the relative abundances of 
the phyla Gemmatimonadetes and Acidobacteria and genera Gemmatimonas, Kocuria, Parasutterella and 
Saccharopolyspora were diminished, and the relative abundance of Staphylococcus steadily increased during 
prolonged hypoxia. In the small intestine, the relative abundance of the genus Stomatobaculum consistently 
increased during prolonged hypoxia. However, multiple sets of zero values exist for these bacteria. Thus, more 
research is needed to determine whether they contribute to chronic gastrointestinal discomfort associated with 
hypoxia.

Conclusions
This study provided a time-resolved overview of microbiota adaptations to hypoxia in the stomach and small 
intestine and identified taxa that may be involved in mucosal injury caused by hypoxia.
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Fig. 4.  Two bacterial phyla and six bacterial genera exhibited continuous upward or downward trends 
during prolonged hypoxia. (A) Analysis of the time series clustering of microbiota in the stomach and small 
intestine at the phylum and genus levels. (B) Relative abundances of Gemmatimonadetes and Acidobacteria 
at the phylum level and Staphylococcus, Parasutterella, Kocuria, Gemmatimonas, Saccharopolyspora, and 
Stomatobaculum at the genus level (marked in red). HD hypoxic exposure days; N = Normoxic control.
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Data availability
The 16S rRNA sequencing data in this study are available in GenBank under SRA accession: PRJNA1249210.
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